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Despite the relevance and importance of slip, a fundamental understanding of the

underlying molecular mechanisms of wall slip in polymer flow is still missing.

In this work, we investigate the slip behavior of an entangled DNA solution

at a molecular scale using a confocal microscope coupled to a microfluidic

device. From microscopic measurement, we obtain both the velocity profile and

conformation of polymeric chains by visualizing DNA molecules during flow on

various surfaces (ranging from weak to strong interactions with DNA molecules).

In channel flow at a low Weissenberg number (Wi¼ 0.14), we observe a parabolic

flow for an APTES-treated glass (with strong interaction with DNA) in the absence

of slip, while a significant amount of slip has been observed for a regular glass

(with a weak interaction with DNA). At higher flow rates (Wi> 1.0), strong slip

appears during flow on APTES-treated surfaces. In this case, only immobile DNA

molecules are stretched on the surface and other bulk chains remain coiled. This

observation suggests that the flow induced chain stretching at the interface is the

main mechanism of slip during flow on strong surfaces. Conversely, for slip

flow on surfaces with weak interactions (such as unmodified or acrylate-modified

glasses), polymeric chains are desorbed from the surface and a thin layer of water

is present near the surface, which induces an effective slip during flow. By imaging

DNA conformations during both channel and shear flows on different surfaces, we

elucidate that either chain desorption or flow-induced stretching of adsorbed chains

occurs depending on the surface condition. In general, we expect that these new

insights into the slip phenomenon will be useful for studying the biological

flow involving single DNA molecule experiments in micro/nanofluidic devices.

Published by AIP Publishing. [http://dx.doi.org/10.1063/1.4991496]

I. INTRODUCTION

The ability to control the dynamics of biopolymers (such as DNA molecules, actin fila-

ments, and microtubules) in microfluidic devices, where geometry and intrinsic fluid length

scales become comparable, is of fundamental and practical interest in both biophysics and

molecular biology.1,2 Most biological fluids are viscoelastic and have a complex rheological

response to fast flow and deformation. One key question concerns the nature of the boundary

condition of biological fluids at solid surfaces during fast flow. One of the simplest boundary

conditions is the no-slip boundary condition, where it assumes no relative motion between the

fluid and the solid substrate at the boundary. This empirical no-slip boundary condition was tra-

ditionally applied for many types of problems in fluid mechanics because it has been validated

for the flow of ordinary Newtonian fluids at the macroscopic scale.3,4 However, as the charac-

teristic length scale of the flow devices decreases, there has been a debate on this boundary
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condition.5–8 In particular, it is widely accepted that several types of complex fluids such as

polymeric melts and solutions,9–12 elastomers,13 gels,14 wormlike micelles,15–17 foams,18,19

emulsions,20 and colloidal suspensions21,22 slip over a solid substrate when the wall shear stress

(or shear rate) exceeds a critical value. The wall slip has a paramount effect on the flow and

deformation of these complex fluids. So far, not much is known about the microscopic origins

of slip in these fluids. A full understanding of the molecular nature of slip is required to control

processes in which complex flows play a role.23

The entangled polymeric fluids provide perhaps the richest examples of the wall slip phe-

nomenon among complex fluids9,12 due to its wide practical applications in many fields such as

coating,24,25 polymer enhanced oil recovery,26–30 mixing and extrusion,31 lubrication in indus-

trial or biological systems,32,33 and lab-on-chip technologies.2,34–37 Many of these processes

encountered in nature and industry involve the interaction of macromolecules with different sur-

face environments (wall). Despite the relevance and importance of wall slip in polymer flow,

the molecular mechanisms of wall slip remain poorly understood.23 Both the microstructure and

the origin of wall slip can vary significantly depending upon the nature of the interaction

between the polymer chain and the solid surface. The main objective of this work is to funda-

mentally address the molecular mechanisms of slip of the entangled polymer at different surface

conditions (with strong and weak interactions) in the strong flow regime.

Depending on the application, wall slip can be either favourable or deleterious. In polymer

processing and micro/nano-fluidics, wall slip can be beneficial and economically viable because

(i) it reduces the required force/pressure to transport polymeric fluids in flow devices (in partic-

ular for pressure driven transport in nanofluidics),9,38,39 (ii) it optimizes the liquid transport by

electro-osmotic flow in micro/nano-fluidic systems,39,40 (iii) it forms a thin layer of high shear

zone next to the wall surface, which can align and stretch tethered chains for molecular elec-

tronics and sensing applications,37,41 and (iv) it postpones the shark-skin and melt fracture dur-

ing extrusion to higher flow rates, which allows the production of smoother and glossier poly-

meric products.9,38 However, slip is always detrimental during rheometric measurements

because it leads to large errors and flow discontinuity across the sample thickness due to ill-

posedness at the boundary and hence complicates the analysis of fluid systems. This apparent

discontinuity in the velocity field next to a solid surface (wall) can represent the existence of a

very thin sheared zone with much smaller viscosity than the bulk (see Fig. 1).

In flow of entangled polymers, the wall slip occurs within the first layer of macromolecules

adsorbed at the wall [see Figs. 1(c)–1(e)]. If the macromolecules are adsorbed to the surface,

some parts of the chain are bound to the substrate along their backbone, and other chain sec-

tions can form loops and tails. These adsorbed chains are further entangled with chains in the

bulk again [see Fig. 1(c)]. Under fast flow at a high Weissenberg number (Wi ¼ s _c, where s is

the characteristic relaxation time of polymeric fluid and _c is the imposed shear rate), the follow-

ing possibilities exist: (i) flow induced stretching of adsorbed chains, leading to interfacial chain

disentanglement of the strongly adsorbed chains from bulk chains [referred to as cohesive slip

as shown in Fig. 1(d)],42,43 or (ii) detachment/desorption of the chains from the wall, leading

directly to adhesive slip [as shown in Fig. 1(e)]. Typically, a slip layer is formed by a depletion

of polymer chains (lubrication mechanism) during the desorption process when low surface

energy coatings (such as fluoropolymers) are deposited on the wall surface.44–50 Over the last

decade, several studies have been performed based on either near field laser velocimetry or par-

ticle tracking velocimetry (PTV) to characterize the wall slip during flow on solid sub-

strates.51–60 Relevant parameters such as velocity at the wall (vs) and extrapolation slip length

b ¼ vs

dv=dz can be extracted, where dv
dz is the velocity gradient in the vicinity of the wall and z is

the normal at the wall inwards to the fluid. Despite this large body of work based on velocime-

try techniques, it is challenging to gain molecular insights into the nature of slip and understand

its dependence on the wall properties.23,61

Given the recent progress in biomicrofluidics, it is now possible to directly visualize the

DNA conformation in different flow conditions by manipulating DNA molecules at micro-scale

devices.2,62,63,76 For instance, we have recently integrated a commercial rheometer with a con-

focal fluorescence microscope capable of capturing the conformation of individual DNAs during
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slip on an APTES-treated surface (with a strong interaction with DNA) in shear flow.64 We

showed that flow induced stretching of adsorbed chains (referred to as an interfacial disentangle-

ment) is the only mechanism of slip during shear flow against APTES-treated surfaces. How

generic this slip mechanism is and whether there exists a different mechanism of slip for polymer

solutions flowing on different surfaces remain an open question. Here, we report a direct charac-

terization of the DNA conformations in both the channel and shear flow and extend the single

molecule DNA measurements on three different glass surfaces (ranging from untreated glass to

APTES and acrylate modified glasses with different interactions). We perform local measure-

ments of the velocity profiles and chain conformations by using DNA tracer molecules for all

three different surfaces during flow. Such a molecular approach by changing the boundary condi-

tions (from a weak to strong surface) allows us to directly decipher the chain desorption mecha-

nism for both untreated glass and acrylate-treated glass, in contrast to the flow induced chain

stretching for APTES-treated glass. In the latter case, we demonstrate that stretching is signifi-

cantly increased at the surface as a function of the shear rate compared to the weak surfaces

(unmodified surface or acrylate-treated glass). Furthermore, we find that the distribution of chain

extension is still broad at high flow rates (at high Wi) due to molecular individual response of

chains close to the surface. Knowledge of this independently measurable molecular extensions and

conformations near the surface then allows us to develop a more realistic theory and quantitatively

predict the molecular process of cohesive or adhesive slip in entangled polymer solutions.

II. EXPERIMENTAL METHODS

A. Preparation of DNA solution

To study the wall slip during shear or channel flow at the molecular level, we have pre-

pared a solution of highly purified calf thymus DNA (molecular weight � 5.0� 107 g/mol or

FIG. 1. Schematic of velocity profiles in the presence of external flow (with top velocity, vTop) with (a) no-slip boundary

condition and (b) slip boundary condition. The definition of the shear rate (_c ¼ dV=dz) and slip length (b) characterizes the

flow gradient and the degree of boundary slip across the gap (h), respectively. (c) The schematic description of entangled

polymer chains in the absence of slip, suggesting that polymeric chains are coiled. The molecular description of the slip

mechanism when (d) flow-induced chain stretching (referred as to interfacial disentanglement) or (e) the chain desorption

process occurs on a solid wall (during fast flow).
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75 kilo basepairs; used as received from USB Co.) in which a small fraction (0.07%) of the

same DNA molecules is fluorescently labeled. Calf thymus DNA is dissolved in a TRIS buffer

(10 mM Tris-HClþ 2 mM EDTAþ 10 mM NaCl, pH¼ 8) at a concentration of 10 mg/ml to pre-

pare well-entangled solution (the level of entanglement is Z¼ 55). The unstained calf thymus

DNA has a radius of gyration (Rg) of 0.7 lm, a persistence length (lp) of 0.050 lm, a contour

length of 25.5 lm, and a critical overlap concentration of 0.062 mg/ml. The radius of gyration

has been calculated based on Rg¼ 2lp(aN/(12lp))�, with a¼ 0.34 nm being the length of a base-

pair, N¼ 7.5� 104 is the number of basepairs, and �¼ 0.5 for a theta solvent. It should be

noted that most of the double-stranded DNAs used as model polymers (such as a k-DNA; 48.5

kbp) do not display ideal scaling behavior and exist in the middle of the transition from a

Gaussian to a swollen coil. Therefore, the power-law exponent of the end-to-end distance (�)

can be varied between 0.5 (corresponds to a Gaussian coil) and 0.588 (corresponds to a swollen

chain).65 The radius of gyration Rg of our DNA can be around 0.9 lm if we assume that

�¼ 0.57. To image the tracer DNA molecules and capture the polymer conformation, the same

calf thymus DNA is fluorescently labeled with YOYO-1 intercalating dye (Invitrogen) with a

dye to base pair (bp) ratio of 1 to 5 and added to unstained DNA solution at a concentration of

0.1% using the same procedure as previously reported.64 In addition, 0.3% v/v of b-mercaptoe-

thanol was added to buffer solution to reduce photo bleaching. Previous work has shown that

the contour length of stained DNA can increase by 38% at a dye/base pair ratio of 1:4.66

Typically, it is assumed that the contour length of fluorescently labeled DNA increases linearly

with an increasing staining ratio. In this work, we assume that the length of stained DNA is

increased by 30% at a staining ratio of 1 YOYO-1 per 5 DNA base pairs. In this work, the

visual length of fluorescently labeled DNA is divided by the (theoretical) stained contour length

(LC¼ 33 lm) to calculate the fractional extension during flow.

B. Microchannel fabrication

The microchannel with a rectangular cross section (width w¼ 1 mm, length l¼ 20 mm, and

height h¼ 80 lm) is directly made on a methacrylate substrate using a high precision CNC

micro-milling machine (Aerotech) as shown in Fig. S1 in the supplementary material. To fabri-

cate microfluidic devices in transparent polymethyl methacrylate (PMMA) sheets, end mills

(Performance Micro Tool) of 1.5 mm, 508 lm, and 127 lm have been selected and used to mill

the inlet/outlet port. The micro-milled channel is then sealed by gluing a cover slip (either mod-

ified or un-modified) glass. The microchannel has been made to be wide so that sidewall flow

effects can be minimized during microscopic measurements. Next, push-in gas tight connectors

(Festo) have been glued to the top side of the chip for the inlet and outlet ports. To inject

polymeric liquid through our microfluidic device via plastic tubing (outer diameter,

OD¼ 3.175 mm), we have used a syringe pump (Pico Plus, Harvard Apparatus) with a 1 ml

Hamilton Gastight Syringe (Inner Diameter, ID¼ 4.61 mm). This set-up is capable of producing

flow rates between 0.16 ll/h and 2637 ll/h. This microfluidics setup allows imaging at various

heights, which can be used to generate velocity profiles from the bottom up to the middle of

the channel in order to study the molecular response of DNA when interfacial slip occurs dur-

ing flow [see Fig. 2(a)]. Flow in the rectangular micro-channel is induced at a fixed volumetric

flow rate Q, where the shear rate on the fluid is approximately _c ¼ 2Q
wh2.

67 In all flow measure-

ments, a constant flow rate has been imposed at room temperature (T¼ 23 6 2 �C) to reach

steady-state flow (it took around 15 min to reach a steady-state in each measurement) without

any detectable pulsation in the syringe pump.

C. Surface modification

To assess the role of surface conditions (with strong and weak interactions) on the slip phe-

nomenon, either regular or chemically modified coverslip glasses (Fischer Scientific Inc., thick-

ness¼ 0.15–0.16 mm and local roughness<2 nm from atomic force microscopy) have been

assembled at the lower boundary of fluidic geometry (see Fig. 2). In channel flow experiments,

the bottom walls of the microchannels consist of either a regular or (chemically) modified glass.
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The unmodified glass slides are cleaned with either ethanol or a Piranha solution (98%

H2SO4:30%H2O2 aqueous solution; ratio, 7:3 by mass), but these cleaning methods did not give

systematic differences in the slip behavior of DNA solution. In shear experiments, we use a com-

mercial rheometer with a parallel plate geometry (radius of the plate, R¼ 12.5 mm), where the bot-

tom plate is a glass slide and the upper plate is a standard stainless steel plate. In shear experi-

ments, the gap is set to 50lm, and the shear flow is provided by moving the top plate. Chemically

grafted surfaces are obtained by coating the glass with either 3-aminopropyltriethoxysilane

(APTES) or 3-(trimethoxysilyl)propyl methacrylate (MA) monolayers of silanes, as shown in Fig.

2(c). Due to APTES-functionalization of glass substrates, the surfaces (walls) have positive charges

which provide a strong interaction with negatively charged DNA molecules.68 However, both sili-

cate glasses and PMMA surfaces immersed in aqueous solutions can acquire a negative surface

charge.69,70 Therefore, they cannot interact very strongly with negatively charged DNA molecules

due to electrostatic repulsion. Therefore, these surfaces cannot provide a strong interaction with

negatively charged DNA molecules and will be served as weak surfaces in our work. Note that it

has been demonstrated by molecular dynamics simulations that DNA can still bind to a (a nega-

tively charged) silica surface effectively and the repulsion between silica and DNA can be weak

due to the screening effect of the counterions near both surfaces.71 Furthermore, the DNA binding

to silica nanoparticles also has been detected experimentally in a salt-free solution at pH¼ 7.72 The

details of surface modification are described in the supplementary material.

D. Velocimetry setup and DNA visualization

To visualize the conformation of DNAs during flow, the flow apparatus is assembled on a

confocal microscope (equipped with a 100� 1.45 numerical aperture oil-immersion objective

lens). A confocal microscope system consisting of an Olympus IX-81 inverted microscope

equipped with the Yokogawa CSU-22 high-speed confocal spinning disk and a Hamamatsu

EMCCD camera (with 4� 4 binning) has been used to take two dimensional images in the

flow velocity direction (at a frame rate of 35 frames per second) at equal depth across the sam-

ple thickness. The field of view is about 75� 75 lm2 (with a resolution of 0.3 lm/pixel). In

shear experiments, imaging is performed at a sufficient distance of 3 mm from the edge, and all

apparent shear rate values are estimated by _c ¼ XR=H, where X is the imposed angular veloc-

ity at R¼ 9.5 mm. A homemade microscope stage with three adjustable screws has been

designed and assembled into an inverted microscope to ensure the alignment between the top

and bottom plates (with a precision in the gap separation of about 64 lm). This setup has been

FIG. 2. Schematic figures: (a) a microfluidic channel and (b) a plate-plate rheometer with a transparent (regular or treated)

plate and optics connected via an adjustable arm to the confocal scanner. The point of visualization was at the middle of

the channel (at w� 1 and 10 mm from the entrance of the microchannel in channel flow). In the shear setup, DNA visuali-

zation was taken at 3 mm from the meniscus of the sample. (c) The procedure of surface modification of cover slip glasses

with 3-aminopropyltriethoxysilane (APTES) and 3-(Trimethoxysilyl)propyl methacrylate (MA) after cleaning and activat-

ing the surface with a Piranha treatment.
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previously employed to precisely conduct microscopic visualization for the confocal-rheoscopic

study of solutions in the micron-scale gap.59,64 In channel flow, imaging is captured at a suffi-

cient distance (w� 0.5 mm) from the microchannel sidewalls and in the middle of the channel

(l¼ 10 mm) far from the inlet or outlet of the microfluidic device. Samples are sheared or

flowed well into the steady state as confirmed by the velocity-time data for all results presented

here. The spatial filtering of the pinhole apertures gives confocal increased lateral and axial res-

olution and enables thin focus plains to be attained. In our confocal setup, the diameter of the

pinholes is 50 lm, and the lateral resolution, axial resolution, and optical slice thickness are

approximately 0.2, 0.5, and 0.8 lm, respectively. Imaging of DNA molecules has been done by

using an EMCCD camera (Hamamatsu) coupled with a confocal microscope. Stained DNA

molecules are excited by a 491 nm laser line within our confocal setup. The velocity profiles

were measured by tracking a strained DNA, a technique which has been reported before.64

Typical error bars in the measured velocity are about 7%, which was achieved by keeping track

of sufficiently large displacements of the stained DNA molecules.

E. Rheometric measurements

Before microscopic conformation measurements in our flow devices, the DNA solution is

subjected to a series of rheological characterization. Macroscopic rheology data are obtained

using a rheometer (Bohlin CVOR) with either a stainless steel cone-plate (R¼ 12.5 mm and

cone angle h¼ 4�) or a stainless steel parallel-plate geometry (R¼ 12.5 mm) at room tempera-

ture [as shown in Figs. 3(a) and 3(b)]. The smooth stainless steel surfaces are cleaned with ace-

tone and ethanol before each shear experiment. A solvent trap has been employed to minimize

the sample evaporation during shear measurements. First, the linear viscoelastic properties of

DNA solution have been determined from small amplitude oscillatory shear (SAOS). Figure

3(a) displays the dynamic storage (G0) and loss moduli (G00) of DNA solution as a function of

frequency (x) using a strain amplitude of 5%. A terminal relaxation time (s¼ 14.5 s) is esti-

mated from the crossover frequency [x¼ 1/s, where G0 ¼ G00 as shown in Fig. 3(a)]. The elas-

tic plateau modulus of DNA solution (Gpl¼ 27 Pa) has been calculated from the same SAOS

test corresponding to the entanglement molecular weight Me¼ 0.91� 106 g/mol (according to

MeðCÞ ¼ CRT=GplðCÞ, where C is the concentration, R is the gas constant, and T is the temper-

ature). The number of entanglements per chain Z can be estimated to be around 55 according

to Z ¼ Mw=MeðCÞ, where Mw is the molecular weight of the parent DNA. Steady shear rheol-

ogy is performed using a Bohlin rheometer at apparent shear rates ( _c) ranging from 0.001 s�1

to 100 s�1 in a rate controlled mode as shown in Fig. 3(b). Our DNA solution exhibits shear

thinning, and the flow curve can be fitted quite well by the Carreau model as given below:

g� g1 ¼ g0 � g1ð Þ 1þ sC _cð Þ2
h in�1

2

: (1)

FIG. 3. Fluid rheological characterization using a commercially available macroscopic rheometer (Bohlin). (a) Frequency

dependence of the storage moduli (G0) and the loss moduli (G00) for DNA solution (with C¼ 10 mg/ml) at room tempera-

ture. The shear viscosity of DNA solution versus shear rate relation at the steady state measured (in the rate controlled

mode) using a Bohlin rheometer (equipped with a standard stainless steel cone-plate geometry). The solid line represents

the best fit to the DNA viscosity data using the Carreau model [see Eq. (1) in the text].
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Here, g is the viscosity, g0 is the zero-shear viscosity, g1 is the infinite shear viscosity (close

to solvent viscosity, 0.001 Pa s), n is the power-law index, and sC is the estimated relaxation

time (close to the reciprocal characteristic shear rate _cC for the onset of shear-thinning). The

characteristic relaxation time based on the Carreau model (sC¼ 19 s) is close to the estimated

relaxation time from the frequency sweep test [in Fig. 3(a)]. It should be noted that here we

use s¼ 14.5 s (obtained from the SAOS test) to calculate the imposed Wi.

III. RESULTS AND DISCUSSION

First, we perform local velocity measurements at low flow rates (Wi< 1.0), where DNA

solution behaves like a simple (Newtonian) fluid to check the accuracy of our micro-channel

measurements. At a low flow rate (Wi¼ 0.14), the typical parabolic velocity profile with no slip

has been obtained for the APTES-treated surface [as shown in Fig. 4(a)]. As we expected, con-

formational measurements show that all polymer chains are coiled (or unperturbed) when

Wi< 1.0, as the parabolic flow obtained [see Fig. 4(b)]. However, we observe significant slip

close to the wall of regular glass at low Wi (Wi¼ 0.2). In this case, DNA molecules are still

coiled with significant slip velocity at the surface [see Fig. 4(c)]. This originates from the weak

interaction between the adsorbed chains and the wall, leading to produce significant slip even

in the Newtonian regime as reported before.73

Next, we explore the role of the surface on wall slip and conformation of adsorbed chains

when Wi> 1.0. Figures 5(a)–5(d) show that significant wall slip occurs across the height of the

channel at Wi¼ 5.6 for both APTES-treated and untreated surfaces. At Wi¼ 5.6, the localized

velocity profile is plug flow for the untreated surface, as compared to APTES-treated surfaces.

This is actually due to the stronger interaction of adsorbed chains with the APTES-treated sur-

face compared to regular glass. Microscopic investigations have shown that surface properties

play a significant role in the conformation of DNA in the slip regime [see Fig. 5(b)]. Polymeric

chains at the surface of the APTES-treated surface are partially stretched at high Wi (around 5);

however, other chains remain coiled across the channel height. Conversely, for the untreated

surface, polymeric chains are desorbed, and a thin layer of water is present at the surface,

which induces an effective slip of polymer during flow. At a higher flow rate (Wi¼ 22.6), both

velocity profiles are similar, and they show plug flows [see Fig. 5(c)]. However, flow-induced

chain stretching occurs close to the wall of the APTES-treated surface, compared to the desorp-

tion process in regular (untreated) glasses.

To achieve a more quantitative comparison between two surfaces, we have analyzed the

extension probability distributions (in the slip layer) during steady flow at Wi¼ 5.6 and 22.6.

FIG. 4. (a) A parabolic channel flow at low Wi¼ 0.14 obtained for APTES-treated surfaces by microscopic measurements

using a CFM coupled to a rectangular micro-channel (Vmax¼ 0.56 lm/s). The solid line represents the fitting of the profile

by fitting the Hagen-Poiseuille law. (b) DNA images during steady flow at different heights of the channel (from the surface

to the middle of the channel) at Wi¼ 0.14. The error bars represent the percent deviation in each dataset. (c) A flow profile

with apparent slip for untreated (regular) glasses at Wi¼ 0.2 (Vmax¼ 0.69 lm/s). The solid line represents the fitting of the

velocity profile by the power-law fit. The error bars correspond to the standard deviation of the measurements.
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Figure 6(a) displays the probability distributions of polymer extension for the APTES-treated

surface at Wi¼ 5.6 categorized in the mobile and immobile regions. It is observed that the

immobile DNA molecules at the surface have a higher level of stretch, in contrast to the mobile

chains that remain coiled. As can be seen from Fig. 6(b), all DNA chains at regular glass

appear in a much more coiled conformation than those located on the APTES surface. This fea-

ture is consistent with the proposed chain desorption mechanism for wall slip in regular glasses,

compared to the flow-induced chain stretching mechanism (can be related to the interfacial dis-

entanglement process) on APTES-treated surfaces. It is important to emphasize that it is almost

impossible to image only adsorbed chains in our single molecule experiments due to spatial res-

olution limitations in the height direction. Therefore, it is plausible that the mobile chains (cor-

responding to the coiled polymers) can be slightly above the stationary surface and are not

adsorbed chains. This is also consistent with the theoretical picture of a coil-stretch transition

of the adsorbed chains occurring at the first monolayer of adsorbed polymer chains on the sur-

face, and nearest neighbours in the next layer remain in the coiled conformation and entangled

with other bulk chains.23,43,74 In addition, we find that the average conformation of immobile

chains reaches a higher level of molecular extension at Wi¼ 22.6, compared to Wi¼ 5.6 on

ATPES surfaces. At the same Wi¼ 22.6 on a regular glass, the DNA molecules still contain a

signature of the preponderance of the coil-sized chain configurations during flow. Furthermore,

FIG. 5. (a) Velocity profiles obtained in a rectangular microchannel for APTES-treated and untreated substrates at Wi¼ 5.6

(Vmax¼ 19.5 and 19.8 lm/s for APTES-treated and untreated surfaces, respectively). (b) The molecular conformation of

DNA across the channel height during steady flow for two surfaces. (c) Velocity profile and (d) conformational measure-

ments for APTES-treated and untreated substrates at Wi¼ 22.6 (Vmax¼ 83 and 88 lm/s for APTES-treated and untreated

surfaces, respectively). The solid and dashed lines represent the fitting of the velocity profiles by the power-law fit.

044118-8 O. Hemminger and P. E. Boukany Biomicrofluidics 11, 044118 (2017)



Figs. 6(a)–6(d) show that flow rates with higher Wi tend to broaden the size distribution consid-

erably (in particular for the immobile region on APTES surfaces). These data exhibit that molec-

ular individualism has been presented in our single molecule experiment at the interface between

adsorbed chains and the solid substrate. Similar broad distributions have also been observed by

single molecule experiments in both shear and extensional flows of polymer solutions at fast flow

rates (Wi> 1.0) for both k- and T4- DNA molecules.75–77 It should be noted that both k- and T4-

DNA molecules have a narrow size distribution, compared to our calf thymus DNA molecules.

Recently, Hsiao et al.77 reported that semi-dilute k-DNA solutions can display a much broader

distribution compared to dilute solutions due to intermolecular interactions.

Going further, we also perform local velocity measurements in a micron-scale shear cell

(h� 50 lm), for which stress is uniform across the gap for APTES and MA-treated glasses.

Figure 7(a) shows the stress overshoot characteristics at a shear rate of 0.5 s�1 (Wi¼ 7.3) for

both treated surfaces. It is clear that stress overshoot is stronger for the APTES-treated surface,

compared to the MA-treated surface. Figure 7(b) displays the velocity profiles from the shear

measurements for a given shear rate (_c ¼ 0:5 s�1). Linear velocity profiles with strong slip are

obtained only on the bottom surfaces (for both APTES- and MA-treated glasses). Next, the

bulk shear rates are estimated from the velocity profile using ordinary least squares regression.

We find that the bulk shear rate of the MA-treated surface (_cb � 0:02 s�1) is significantly lower

than the bulk shear rate of the APTES-treated surface (_cb � 0:25 s�1). We now investigate the

microscopic origin of this slip behaviour by analyzing the probability distribution of fractional

extension at APTES- and MA-treated surfaces [see Figs. 7(c) and 7(d)], in a fashion similar to

the previous case (channel flow on treated and untreated glass). Our data [from Fig. 7(c)] show

that the probability distribution function of the normalized stretch length of DNA molecules

can still be classified into two separate regions of mobile and immobile chains at ATPES-

treated surfaces during slip (similar to channel flow). The distribution corresponding to mobile

FIG. 6. (a)–(d) Extension probability distributions for two surfaces (columns) and flow rates (rows). DNA images during

steady flow at Wi¼ 5.6 and 22.6 are shown. In each single-molecule experiment, the probability distribution is obtained

from �30 individual molecules. Note that the solid and dashed lines are the normal distribution fit to the data shown solely

to guide the reader’s eye.
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chains is mostly coiled (with the majority of the normalized extensions ranging from 0.02 to

0.17) as shown in Fig. 7(c). However, the distribution of normalized stretch lengths for immo-

bile chains has a higher level of stretch ranging from 0.2 to 0.5. Here, we also observe a broad

distribution in the immobile adsorbed chains where a flow-induced chain stretching transition

occurs on them. The broadness of the distribution may account for the effect of calf thymus

DNA polydispersity. However, previous works showed that the similar broadness of the distri-

bution can be occurred at high Wi (Wi> 1.0) in shear flow of semi-dilute and entangled k-DNA

solutions (with a narrow size distribution).75,78 In particular, it has been also demonstrated that

FIG. 7. (a) Shear stress growth at a startup shear rate of 0.5 s�1 on APTES-treated and MA-treated surfaces

(X¼ 2.6� 10�3 rad/s). (b) Corresponding local velocity profiles obtained using the parallel disk geometry at a shear rate of

0.5 s�1 (in the steady state at t¼ 100 s). Note that the top surface is stainless steel which has a stronger interaction with

DNA solution. No detectable slip has been observed on the top plate at this shear rate. The estimated bulk shear rates from

velocity profiles are 0.25 and 0.02 s�1 for APTES- and MA-treated surfaces, respectively. The probability distribution of

chain extension for (c) APTES- and (d) MA-treated glass at Wi¼ 7.3. In each single-molecule experiment, the probability

distribution is obtained from�30 individual molecules. Note that the solid and dashed lines are the normal distribution fit

to the data shown solely to guide the reader’s eye. (e) The mean fractional length is plotted against Wi for both surfaces.
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the probability distribution broadens with the imposed strain in both start-up shear and exten-

sional flow measurements, indicating the presence of molecular individualism.77,78 For the MA-

treated surface (at same Wi), the majority of DNA molecules are found at the coiled conforma-

tion [see Fig. 7(d)]. For the MA-treated surface, we can conclude that the chain desorption

(detachment) governs the interfacial slip during shear flow. Figure 7(e) displays the mean exten-

sion of chains at the surface as a function of _c for both APTES- and MA-treated surfaces. The

results for the APTES-treated surface (filled squares) indicate that the mean extension of DNA

increases gradually with a shear rate. The mean fractional extension approaches around 0.7 at

_c ¼ 5:0 s�1 (Wi¼ 72.5). However, on the MA-treated surface, DNA chains are still coiled (at the

same Wi), suggesting that chain desorption results wall slip during shear on weak surfaces. This

directly indicates that the molecular mechanism of slip is very sensitive to the surface conditions.

To better quantify the experimental data obtained during shear or channel flow, the slip veloc-

ity (vs) is also plotted versus Wi on different surfaces (in Fig. 8). First, we find that the slip veloc-

ity increases linearly with imposed Wi (when Wi> 1.0), and slip velocities on different surfaces

are almost overlapped in this regime. Therefore, there is no large surface effect on slip velocity

for DNA solution during flow on regular glass and APTES- and MA-treated surfaces. However, at

low Wi, the slip velocity still occurs during flow on weak surfaces (both the MA-treated surface

and regular glass), compared to the APTES-treated surface (with no slip condition). In the absence

of slip, polymer chains close to the interface move with a very small velocity approximated as

vns � Rg � _c, where Rg is the radius of gyration (Rg of DNA is around 0.7 lm) (see the open

square and triangles in the lower branch of Fig. 8 at Wi< 1.0). This figure shows that significant

slip can still occur on weak surfaces (regular glass and MA-treated surfaces) even at low Wi
(Wi< 1.0). This result suggests that critical Wi (or shear stress) for wall slip by the chain desorp-

tion mechanism is lower than the interfacial chain disentanglement mechanism. Previous studies

based on capillary flow also showed that critical stress for slip is very sensitive to the coating of

capillary die and reported that critical stress for wall slip is lower in the case of weak surfaces.73,79

Previous reports showed that the effectiveness of a simple coating with a fluoropolymer or soap

solution around the die plays a role in eliminating the shark-skin fracture during extrusion of poly-

meric liquids.80–82 Lack of chain stretching on weak surfaces can explain this phenomenon, as we

have confirmed it by our single-molecule experiments on the weak surfaces.

IV. CONCLUSIONS

In this work, we have performed an extensive single-molecule investigation on different

wall surfaces to provide new insights into the mechanism of interfacial slip. To elucidate the

FIG. 8. Slip velocity of DNA solution versus Wi during shear or channel flow on three different surfaces ranging from

untreated glass to APTES- and MA- treated surfaces. When Wi> 1.0, all surfaces show a similar apparent slip velocity as a

function of Wi. In the absence of slip (at Wi< 1.0 for the ATPES-treated surface), polymer chains close to the interface

move with a very small velocity approximated as Vns � Rg � _c, where Rg is the radius of gyration (the Rg of DNA is around

0.7 lm).
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microscopic origin of wall slip on different surface conditions (with either a weak or strong

interaction), a confocal microscope has been integrated with a microscale shear cell (or micro-

channel) for DNA imaging across the sample thickness (from the surface/interface to bulk). We

have employed fluorescently labeled DNA molecules to capture the conformational changes of

adsorbed polymer flowing on solid substrates. Depending on surface conditions, we find that

two distinctly different molecular processes can induce interfacial slip for the same DNA solu-

tion. In channel flow, we confirm a parabolic flow across the channel height with negligible

slip for APTES-treated glass (with a strong interaction with DNA chains) at low Wi (Wi< 1).

All DNA molecules remain coiled during flow at low Wi. While Wi increases, a coil-stretch

transition occurs only for the adsorbed chains during flow, resulting in wall slip. Compared to

the APTES-treated surface, we have shown that chain desorption (or chain detachment) process

occurs for the untreated glass or MA-treated surface, resulting in formation of a layer of des-

orbed chains during shear and flow. This chain desorption mechanism is confirmed by the lack

of chain stretching for DNA chains at the interface. There is increased interest in DNA molecu-

lar behaviour near solid surfaces in micro/nanoscale geometries, as well as DNA stretching and

deposition onto a solid substrate.41,83 We anticipate that local polymer conformation near the

interface and bulk can play a crucial role in the fluid dynamics and nonlinear rheological prop-

erties of polymer solutions.84 We believe that these single molecule experiments can provide

more insights into a realistic theoretical picture of polymer flow (with different architectures

and levels of entanglement) near solid surfaces (with different surface properties), which allows

us to optimize these stretching processes more efficiently.2,41,83

SUPPLEMENTARY MATERIALS

See supplementary material for the details of surface modification, DNA solution prepara-

tion, microchannel fabrication, and alignment of (low gap) the rheometer.
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