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Abstract	
Electroporation	or	electropermeabilization	 is	a	technique	that	enables	transient	 increase	 in	the	cell	
membrane	 permeability	 by	 exposing	 cells	 to	 pulsed	 electric	 field.	 However,	 the	 molecular	
mechanisms	of	the	long-lived	cell	membrane	permeability,	which	persists	on	the	minutes	time	scale	
after	 the	 pulse	 treatment,	 remain	 elusive.	 Experimental	 studies	 have	 suggested	 that	 lipid	
peroxidation	could	present	a	mechanism	of	this	prolonged	membrane	permeabilization.	In	this	study	
we	make	 the	 first	 important	 step	 in	 quantifying	 the	 possible	 contribution	 of	 lipid	 peroxidation	 to	
electropermeabilization.	 We	 use	 free	 energy	 calculations	 to	 quantify	 the	 permeability	 and	
conductance	of	bilayers,	 containing	an	 increasing	percentage	of	hydroperoxide	 lipid	derivatives,	 to	
sodium	 and	 chloride	 ions.	 We	 then	 compare	 our	 calculations	 to	 experimental	 measurements	 on	
electropermeabilized	 cells.	 Our	 results	 show	 that	 the	 permeability	 and	 conductance	 increase	
dramatically	by	several	orders	of	magnitude	in	peroxidized	bilayers.	Yet	this	increase	is	not	sufficient	
to	 reasonably	 account	 for	 the	 entire	 range	 of	 experimental	 measurements.	 Nevertheless,	 lipid	
peroxidation	 might	 be	 considered	 an	 important	 mechanism	 of	 prolonged	 membrane	
permeabilization,	 if	 exposure	 of	 cells	 to	 high	 voltage	 electric	 pulses	 leads	 to	 secondary	 lipid	
peroxidation	products.	Our	analysis	calls	for	experimental	studies,	which	will	determine	the	type	and	
amount	of	lipid	peroxidation	products	in	electropermeabilized	cell	membranes.		
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Free	energy	calculations	

Abbreviations:	 CV,	 collective	 variable;	 d-AFED,	 driven	 free	 energy	 dynamics;	 DLPC,	 dilinoleoyl-
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1 Introduction	
Electroporation	 or	 electropermeabilization	 enables	 the	 control	 of	 cell	 membrane	 permeability	 by	
exposing	cells	to	pulsed	electric	field	[1].	This	technique	is	nowadays	applied	in	different	biomedical	
and	 biotechnological	 fields,	 whether	 to	 gain	 access	 to	 the	 cytosolic	 compounds	 or	 for	 efficient	
delivery	of	exogenous	molecules	[2–6].	Nevertheless,	the	molecular	mechanisms	of	electroporation	
are	 still	 puzzling	 the	 researchers.	 It	 has	 become	 well-accepted	 that	 the	 increase	 in	 the	
transmembrane	voltage	induced	by	the	electric	field	promotes	formation	of	pores	in	the	lipid	bilayer.	
This	 has	 been	 argued	 by	 electrical	 and	 optical	 measurements	 on	 model	 lipid	 bilayers	 [7–10],	
theoretical	 analyses	of	 the	experimental	 results	 [11,12],	 and	molecular	dynamics	 (MD)	 simulations	
[13,14].	 However,	 the	 electric-field-induced	 "electropores"	 do	 not	 seem	 to	 be	 able	 to	 explain	 all	
aspects	 of	 the	 electroporation	 phenomenon.	 Specifically,	 the	 mechanisms	 of	 the	 sustained	
permeability	 of	 cell	 membranes,	 which	 persists	 long	 after	 pulse	 application,	 remain	 elusive.	 The	
complete	resealing	of	the	cell	membrane	takes	several	minutes	at	room	temperature	[15–17],	which	
is	about	8−9	orders	of	magnitude	longer	than	the	time	of	electropore	closure	as	reported	from	MD	
investigations	[18,19].	Experimental	studies	suggest	that	a	possible	alternative	mechanism	to	explain	
the	observed	long-lived	permeability	of	cell	membranes	is	lipid	peroxidation	[20–32].		

Lipid	 peroxidation	 refers	 to	 the	 oxidative	 degeneration	 of	 lipids,	 which	 is	 characterized	 by	 the	
formation	of	a	hydroperoxide	group	 in	 the	 lipid	 tails.	The	hydroperoxide	group	 forms	 in	a	chain	of	
reactions,	which	are	initiated	when	a	free	radical	attacks	a	weak	allylic	or	bis-allylic	C−H	bond	[33,34].	
During	this	chain	of	reactions,	the	intermediate	peroxidation	products	propagate	the	radical	damage	
to	 adjacent	molecules,	 which	means	 that	 a	 single	 free	 radial	 attack	 can	 lead	 to	 peroxidation	 of	 a	
patch	 of	 lipid	 molecules.	 The	 hydroperoxide	 lipid	 derivatives	 can	 ultimately	 reorganize	 and	
decompose	into	secondary	products	such	as	the	cytotoxic	4-hydroxynonenal	[35]	and	the	mutagenic	
malondialdehyde	[36].	The	presence	of	oxidized	lipids	in	a	lipid	membrane	decreases	the	lipid	order,	
lowers	 the	 phase	 transition	 temperature,	 leads	 to	 lateral	 expansion	 and	 thinning	 of	 the	 bilayer,	
alteration	of	bilayer	hydration	profiles,	 increased	 lipid	mobility	and	augmented	 flip-flop,	 influences	
lateral	 phase	 organization	 and	 promotes	 formation	 of	 water	 defects	 [37–39].	 Therefore,	 oxidized	
bilayers	are	considerably	more	permeable	and	conductive	than	their	nonoxidized	counterparts.	

The	 fact	 that	 electroporation	 is	 accompanied	by	 lipid	peroxidation	has	been	 confirmed	 in	bacteria	
[20,21],	 plant	 cells	 [22,23],	 and	 mammalian	 cells	 [23–25],	 as	 well	 as	 in	 liposomes	 made	 from	
polyunsaturated	lipids	[24–27].	Lipid	peroxidation	can	be	promoted	by	reactive	oxygen	species	(ROS)	
already	 present	 in	 the	 solution	 before	 the	 delivery	 of	 electric	 pulses	 [26],	 although	 the	 exact	
mechanisms	are	not	 yet	 determined.	Moreover,	 it	 has	been	 shown	 that	 electric	pulses	 can	 induce	
extracellular	(electrochemical)	[27,32]	as	well	as	intracellular	[28–32]	ROS	generation.	The	latter	is	a	
consequence	of	the	cellular	response	to	the	pulse	treatment	and	can	be	detected	specifically	at	the	
electropermeabilized	 part	 of	 the	membrane	 [29].	 Both	 ROS	 concentration	 and	 the	 extent	 of	 lipid	
peroxidation	increase	with	electric	field	intensity,	pulse	duration,	and	number	of	pulses	[23–31]	and	
are	correlated	with	cell	membrane	permeability	and	cell	death	[24,25,28–31].An	experimental	study	
coupled	with	MD	simulations	further	showed	that	oxidation	of	membrane	components	enhances	the	
membrane	 susceptibility	 to	 electric-field	 mediated	 pore	 formation	 [40].	 In	 addition,	 a	 theoretical	
study	by	Leguèbe	et	al.	[41]	suggested	that	lateral	diffusion	of	peroxidized	lipids	along	the	membrane	
surface	after	each	applied	electric	pulse	could	explain	the	influence	of	the	pulse	repetition	frequency	
on	electropermeabilization.	
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Nevertheless,	the	contribution	of	lipid	peroxidation	to	the	permeability	of	electropermeabilized	cell	
membranes	has	not	yet	been	quantitatively	assessed.	 Indeed	there	are	other	possible	mechanisms	
participating	 in	 the	 membrane	 permeability	 including	 changes	 in	 the	 conformation	 of	 membrane	
proteins	 [42–45].	 To	 elucidate	 the	 role	 of	 lipid	 peroxidation	 in	 electropermeabilization	 such	
quantitative	 assessment	 needs	 to	 be	 carried	 out.	 This	 is	 a	 challenging	 task,	 which	 requires	 the	
characterization	of	 the	type	and	amount	of	 lipid	peroxidation	products	 in	electropermeabilized	cell	
membranes,	 as	 well	 as	 the	 quantification	 of	 the	 permeability	 of	 the	 peroxidized	 parts	 of	 the	
membrane.	 In	 our	 study	 we	 make	 the	 first	 important	 step	 in	 this	 direction	 by	 quantifying	 the	
permeability	and	conductance	of	peroxidized	bilayer	patches	to	sodium	and	chloride	ions	using	MD	
simulations	and	comparing	our	results	against	experimental	measurements	on	electropermeabilized	
cells.	The	main	idea	which	we	follow	in	our	study	is	schematically	depicted	in	Figure	1.	We	consider	
that	 exposure	 of	 a	 cell	 to	 electric	 pulses	 leads	 to	 formation	 of	 peroxidized	 lesions	 in	 the	 cell	
membrane.	 Such	 lesions	 can	 be	 formed	 in	 membrane	 domains	 rich	 in	 unsaturated	 lipids.	 These	
peroxidized	 lesions	 act	 as	 "hotspots"	 with	 high	 permeability	 and	 conductance,	 allowing	 locally	
enhanced	transmembrane	transport.	To	quantify	the	permeability	and	conductance	of	the	lesions	we	
resort	 to	MD,	as	 this	allows	us	 to	 study	peroxidized	bilayer	patches	with	well-defined	composition	
and	 investigate	 the	underlying	molecular	mechanism	of	 increased	permeability.	 Since	 the	 types	of	
lipid	peroxidation	products	present	in	electropermeabilized	cell	membranes	have	not	yet	been	well-
characterized,	 we	 choose	 to	 study	 the	 polyunsaturated	 DLPC	 (1,2-dilinoleoyl-sn-glycero-3-
phosphocholine)	 lipid	 molecule	 and	 its	 hydroperoxide	 derivatives.	 Peroxidized	 DLPC	 lipids	 can	 be	
considered	as	relevant	models,	since	polyunsaturated	lipids	are	the	main	targets	of	lipid	peroxidation	
and	since	linoleic	acid	is	one	of	the	most	abundant	polyunsaturated	fatty	acids	found	in	mammalian	
cells	[46,47].	Finally,	we	use	the	calculated	permeability	and	conductance	to	estimate	the	fraction	of	
the	 cell	 membrane	 area	 which	 would	 need	 to	 be	 peroxidized	 to	 account	 for	 the	 increased	 ionic	
transport	measured	in	electropermeabilized	cell	membranes	after	the	pulse	application.	Our	analysis	
allows	us	to	draw	conclusions	whether	peroxidized	lesions	could	be	sufficiently	permeable	to	explain	
the	 long-lived	 post-pulse	 permeability	 of	 electropermeabilized	 cell	 membranes.	

	

Figure	1:	Schematic	representation	of	peroxidized	membrane	lesions,	which	are	expected	to	be	formed	in	the	
cell	membrane	after	exposure	to	electric	pulses.	The	schematic	is	hypothetical	and	the	lesions	are	not	drawn	to	
scale.	The	image	on	the	right	schematically	depicts	the	molecular	organization	in	one	of	the	lesions.		
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2 Methods		

2.1 System	preparation	
The	lipid	bilayers	were	constructed	by	packing	together	replicas	of	a	DLPC	(1,2-dilinoleoyl-sn-glycero-
3-phosphocholine)	lipid	molecule	and/or	its	two	main	hydroperoxide	derivatives	(E,E-9-HPd	and	E,E-
13-HPd,	see	Figure	2)	into	a	64	molecules	bilayer.	Five	different	bilayer	systems	were	prepared,	with	
increasing	percentage	of	peroxidized	 lipids,	which	we	name	100%	DLPC,	50%	EE9,	50%	EE13,	100%	
EE9,	and	100%	EE13.	The	bilayers	were	solvated	with	an	aqueous	200	mM	NaCl	solution	(~68	water	
molecules	 per	 lipid)	 (Table	 1).	 The	 two	 bilayer	 systems	 with	 all	 lipids	 peroxidized	 (100%	 EE9	 and	
100%	EE13)	represent	a	part	of	a	fully	peroxidized	cell	membrane	lesion.	Such	lesion	could	be	formed	
as	 a	 consequence	 of	 the	 propagation	 of	 the	 oxidative	 damage	 from	 one	 lipid	 to	 its	 neighbouring	
lipids.	 Alternatively,	 such	 lesion	 could	 be	 formed	 by	 clustering	 of	 peroxidized	 lipids	 into	 local	
aggregates	 [48].	 The	 two	 bilayer	 systems	 with	 50%	 lipids	 peroxidized	 (50%	 EE9	 and	 50%	 EE13)	
represent	a	part	of	a	peroxidized	lesion	which	contains	a	homogeneous	mixture	of	nonoxidized	and	
peroxidized	 species.	 These	 systems	 are	 included	 in	 the	 study	 to	 test	 the	 influence	 of	 the	
concentration	of	peroxidized	lipids	on	the	bilayer	permeability.		

	

Figure	2:	Structure	of	the	lipid	molecules	considered	in	this	work.		

The	 non-oxidized	 DLPC	 molecules	 were	 described	 with	 the	 CHARMM36	 force	 field	 [49–51].	 The	
parameters	 required	 to	 describe	 the	 peroxidized	 group	 in	 the	 lipid	 tails	 were	 developed	 and	
described	in	a	previous	study	[52].	The	TIP3P	model	was	used	for	water	[53].	For	Na	and	Cl	ions	we	
took	the	Lennard-Jones	parameters	from	CHARMM36	force	field.	However,	in	assigning	their	charges	
we	followed	recent	studies,	which	demonstrated	that	rescaling	 ionic	charges	by	the	 inverse	square	
root	 of	 the	 electronic	 part	 of	 the	 solvent	 dielectric	 constant	 (a	 factor	 of	 0.75	 for	 water)	 leads	 to	
important	 improvements	 in	the	description	of	electrolyte	solutions	 [54–56].	Such	rescaling,	 termed	
the	electronic	continuum	correction,	effectively	takes	into	account	the	electronic	polarization	effect	
of	 the	 solvent,	which	 is	missing	 in	 typical	 non-polarizable	MD	 simulations.	Note	 that	we	 observed	
better	 agreement	 between	 the	 calculated	 bilayer	 permeability	 and	 experimental	 results	 after	
rescaling	the	charges	of	Na	and	Cl,	as	described	in	Supplementary	Section	S3.		

Finally,	 it	 should	 be	 noted	 that	 our	 study	 focuses	 exclusively	 on	 the	 permeability	 of	 an	
electropermeabilized	cell	membrane	which	persists	 long	after	pulse	application,	when	the	cell	 is	no	
longer	 exposed	 to	 an	 external	 electric	 field.	 Therefore,	 all	 simulations	 were	 carried	 out	 in	 the	
absence	of	an	electric	field.	
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Table	1:	The	number	of	molecules	and	the	size	of	the	simulation	box	in	the	investigated	bilayer	systems.		
System	 DLPC	 E,E-9-HPd	 E,E-13-HPd	 water	 Na	 Cl	 Simulation	box	size	
100%	DLPC	 64	 0	 0	 4361	 17	 17	 4.5×4.5×10.6	nm3	
50%	EE9	 32	 32	 0	 4311	 17	 17	 4.7×4.7×9.5	nm3	
50%	EE13	 32	 0	 32	 4357	 17	 17	 4.7×4.7×9.4	nm3	
100%	EE9	 0	 64	 0	 4325	 17	 17	 4.8×4.8×9.0	nm3	
100%	EE13	 0	 0	 64	 4344	 17	 17	 4.9×4.9×8.7	nm3	
	

2.2 System	equilibration		
All	simulations	were	performed	 in	GROMACS	4.6.4	 [57].	Each	system	was	 first	minimized	using	the	
steepest	 descent	 algorithm	 for	 energy	minimization.	 The	 equilibration	was	 then	 carried	 out	 in	 the	
NpT	ensemble	(constant	number	of	molecules	N,	pressure	p	and	temperature	T)	using	the	Berendsen	
[58]	thermostat	(τ	=	0.1	ps)	and	barostat	(τ	=	2.0	ps,	semi-isotropic	coupling)	for	5	ns	at	T	=	300	K	and	
p	=	50	bar,	followed	by	5	ns	at	T	=	300	K	and	p	=	1	bar.	 In	this	 initial	part,	the	equations	of	motion	
were	 integrated	 using	 the	 leap-frog	 integrator	 with	 a	 time	 step	 of	 1.0	 fs.	 Afterwards,	 the	
equilibration	was	continued	in	the	NpT	ensemble	at	T	=	300	K	and	p	=	1	bar	using	the	Nose-Hoover		
thermostat	(τ	=	1.6	ps)	[59,60]	and	Parrinello-Rahman	barostat	(τ	=	2.0	ps,	semi-isotropic	coupling)	
[61,62].	This	second	part	of	the	equilibration	was	carried	out	for	at	 least	300	ns	using	the	leap-frog	
integrator	with	a	time	step	of	2.0	fs.	The	long-range	electrostatic	interactions	were	calculated	using	
Particle	Mesh	Ewald	method	[63]	together	with	a	Fourier	grid	spacing	of	0.16	nm	and	a	cutoff	of	1.2	
nm.	 A	 switching	 function	 was	 used	 between	 0.8	 and	 1.2	 nm	 to	 smoothly	 bring	 the	 short-range	
electrostatic	 interactions	 and	 the	 van	 der	Waals	 interactions	 to	 0	 at	 1.2	 nm.	 The	 chemical	 bonds	
between	hydrogen	 and	 heavy	 atoms	were	 constrained	 to	 their	 equilibrium	 values	 using	 the	 LINCS	
algorithm	[64].	Periodic	boundary	conditions	were	applied	in	all	directions.		

To	verify	the	convergence	of	the	equilibration	we	monitored	the	time	course	of	the	bilayer	thickness,	
area	 per	 lipid,	 and	 the	 number	 of	 hydrogen	 bonds	 between	 the	 OOH	 groups	 and	 water	 or	 lipid	
oxygen	atoms	[65].	The	bilayer	thickness	was	defined	as	the	distance	between	the	centres	of	mass	of	
phosphate	atoms	in	each	of	the	bilayer	leaflet.	The	area	per	lipid	was	determined	as	the	area	of	the	
simulation	 box	 in	 the	 (x,	 y)-plane	 divided	 by	 the	 number	 of	 lipids	 in	 one	 leaflet.	 The	 number	 of	
hydrogen	bonds	was	extracted	using	the	VMD	[66]	function	measure	hbonds,	using	a	cutoff	distance	
of	0.35	nm	and	cutoff	angle	of	30°.	

The	electrostatic	potential	profiles,	along	the	membrane	normal	were	derived	from	MD	simulations	
using	 Poisson’s	 equation	 and	 expressed	 as	 the	 double	 integral	 of	 the	 molecular	 charge	 density	
distribution	ρ(z):	

	 Φ 𝑧 = −𝜀!!! 𝜌 𝑧!! d𝑧!!d𝑧!	 (1)	

z	being	the	position	of	the	charge	in	the	direction	along	the	normal	to	the	bilayer.		

Note	that	the	systems	were	first	equilibrated	considering	the	full	charge	of	the	Na	and	Cl	ions.	During	
the	last	~100	ns	of	the	equilibration,	the	ionic	charge	was	rescaled	by	a	factor	of	0.75	(Section	2.1).	
No	considerable	difference	in	the	membrane	thickness,	area	per	lipid,	number	of	hydrogen	bonds,	or	
the	 dipole	 potential	was	 found	when	 using	 the	 full	 or	 rescaled	 charge	 (Supplementary	 Figure	 S2).	
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However,	 the	 binding	 of	 Na	 ions	 to	 lipid	 headgroups	 was	 reduced	 after	 rescaling	 the	 charge	
(Supplementary	Figure	S2).	

2.3 Potential	of	mean	force	(PMF)	profiles	
Classical	MD	simulations	are	not	suited	to	explore	rare	events	such	as	permeation	of	an	 ion	across	
the	 bilayer.	 It	 is	 therefore	 necessary	 to	 resort	 to	 specific	 techniques,	 known	 as	 “free	 energy”	
methods,	 which	 allow	 one	 to	 calculate	 the	 free	 energy	 surface	 along	 a	 chosen	 collective	 variable	
(CV).	 A	 CV	 maps	 the	 atomic	 coordinates	 onto	 a	 low-dimensional	 space	 in	 which	 relevant	
conformations	 of	 the	 system	 are	 well	 separated.	 In	 this	 study	 we	 used	 the	 recently	 developed	
method	Unified	Free	Energy	Dynamics	 (UFED)	 [67,68]	 to	obtain	 the	potential	of	mean	 force	 (PMF)	
profiles	 of	 an	 ion	 along	 the	position	normal	 to	 the	bilayer	 plane.	 The	UFED	method	 combines	 the	
ideas	 from	 the	 driven	 Adiabatic	 Free	 Energy	 Dynamics	 (d-AFED,	 also	 known	 as	 Temperature	
Accelerated	 Molecular	 Dynamics)	 [69,70]	 and	 Metadynamics	 [71,72],	 resulting	 in	 superior	
convergence	properties	with	respect	to	both	original	methods	[68].	The	principle	of	d-AFED	is	based	
on	connecting	a	CV	with	a	harmonic	potential	to	an	extended	variable	(an	imaginary	particle),	which	
is	adiabatically	decoupled	from	the	physical	system.	This	allows	the	extended	variable	to	be	kept	at	
temperature	Ts,	which	is	higher	than	the	temperature	of	the	physical	system	T.	The	temperature	Ts	is	
typically	 set	 such	 that	 the	 energy	kBTs	 (where	kB	 is	 the	 Boltzmann	 constant)	 is	 comparable	 to	 the	
height	of	the	free	energy	barriers	in	the	phase	space	of	the	CV.	The	extended	variable	can	therefore	
easily	 cross	 the	energy	barriers,	 dragging	along	 the	CV,	which	 results	 in	enhanced	 sampling	of	 the	
relevant	 configurations	 within	 the	 physical	 system.	 In	 UFED,	 an	 additional	 history-dependent	 bias	
potential	 is	 added	 to	 the	extended	variable	 to	penalize	 the	 regions	already	 sampled,	which	makes	
the	sampling	of	the	phase	space	more	homogeneous.	The	bias	potential	is	similar	to	the	one	used	in	
Metadynamics	and	is	in	the	form	of	Gaussians	(hills)	with	height	h	and	width	σ,	which	are	gradually	
deposited	 along	 the	 extended	 variable	 trajectory.	 If	 the	 adiabatic	 separation	 is	 effective,	 the	 PMF	
ϕ(s)	 can	 be	 recovered	 from	 the	 force	 F(s)	 on	 the	 extended	 variable	 by	 a	 posteriori	 numerical	
integration	[67,68]		

	
𝐹 𝑠 = −

𝜕𝜙 𝑠
𝜕𝑠

= 𝜅 𝑞 − 𝑠 !	 	 	 	

	
𝜙 𝑠 = − 𝐹 𝑠 d𝑠

!!"#

!!"#

	 (2)	

where	s	and	q	denote	the	extended	variable	and	the	collective	variable,	respectively,	and	κ	denotes	
the	 coupling	 constant	 of	 the	 harmonic	 potential	 between	 the	 extended	 and	 physical	 space.	 The	
adiabatic	decoupling	is	achieved	by	choosing	a	large	κ	and	by	assigning	large	mass	ms	to	the	extended	
variable.	

2.3.1 UFED	parameters	
Although	UFED	allows	multiple	CVs	 to	be	explored	simultaneously,	we	were	primarily	 interested	 in	
the	PMF	of	an	ion	along	the	direction	normal	to	the	bilayer	plane	(z-axis).	Therefore,	we	defined	the	
CV	 as	 the	 z-position	 of	 a	 chosen	 ion.	 To	 prevent	movement	 of	 the	 bilayer	 in	 the	 z-direction,	 the	
centre	 of	 mass	 of	 all	 phosphorus	 atoms	 was	 constrained	 at	 a	 fixed	 z-position	 using	 a	 harmonic	
potential	with	a	spring	constant	of	3500	kJ/mol/nm2.	This	was	done	 in	PLUMED	using	the	directive	
"UMBRELLA".	 The	 chosen	 spring	 constant	 resulted	 in	 fluctuations	 of	 the	 centre	 of	 mass	 of	 the	
phosphorus	atoms	with	a	standard	deviation	of	~0.01	nm.		
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The	UFED	parameters	consist	of	 the	d-AFED	parameters	 (κ,	ms,	Ts)	and	 the	parameters	of	 the	bias	
potential	 (h,	 σ,	 and	 the	 hill	 deposition	 rate).	 The	 chosen	 values	 of	 the	 UFED	 parameters	 are	
summarized	in	Table	2	and	explained	in	the	Supplementary	Section	S1.1.	

Table	2:	The	values	of	the	UFED	parameters.	
Parameter	 Symbol	 Value	
Coupling	constant	 κ	 1·105	kJ/mol/nm2	
Mass	of	the	extended	variable	 ms	 2·104	amu	
Temperature	of	the	extended	variable	 Ts	 400	K	
Hill	height	 h	 1.0	kJ/mol	
Hill	width	 σ	 0.01	nm	
Hill	deposition	rate	 	 0.1	ps−1	
	

2.3.2 UFED	simulation	protocol	
All	UFED	simulations	were	performed	with	GROMACS	4.6.3	patched	with	PLUMED	1.3	software	[73]	
including	 the	 code	 to	 perform	 d-AFED/UFED	 free-energy	 calculations	 [74].	 The	 simulations	
parameters	for	the	physical	system	were	the	same	as	during	equilibration	(Section	2.2),	except	that	
the	simulations	were	performed	 in	 the	NVT	ensemble	 (constant	number	of	molecules	N,	volume	V	
and	 temperature	T;	 the	 used	 PLUMED	 version	 does	 not	 enable	 simulations	 in	 the	NpT	 ensemble).	
Moreover,	in	these	simulations	the	biased	ion	was	coupled	to	a	Nose-Hoover	thermostat	(τ	=	1.6	ps)	
separately	from	other	atoms	in	the	system.	

To	 increase	 the	 efficiency	 of	 the	 exploration	 of	 the	 phase	 space,	 each	 UFED	 simulation	 was	
performed	by	 running	8	walkers	 in	parallel.	 Each	walker	 started	at	 a	different	 initial	 configuration.	
These	 initial	 configurations	 were	 obtained	 by	 steering	 the	 studied	 ion	 from	 the	 bulk	 towards	 the	
centre	of	the	bilayer	with	a	steering	velocity	of	0.25	nm/ns	and	a	spring	constant	of	3500	kJ/mol/nm2	
using	PLUMED	directive	"STEER".	The	UFED	simulation	was	carried	out	for	at	least	80	ns	per	walker.	If	
the	 PMF	 profile	 did	 not	 appear	 converged	 by	 then,	 the	 simulation	 was	 prolonged	 to	 120	 ns.	
Representative	 trajectories	 of	 individual	 walkers	 within	 a	 UFED	 simulation	 run	 are	 shown	 in	
Supplementary	Figure	S2.	The	output	for	the	UFED	variables	(q,	s,	etc.)	was	saved	every	0.04	ps.	

2.3.3 Analysis	of	the	PMF	profiles	
The	 PMF	 profile	 was	 determined	 according	 to	 equation	 (2)	 using	 custom	 Matlab	 scripts	 (Matlab	
R2017a,	MathWorks),	which	were	adapted	 from	 the	 scripts	developed	by	M.	A.	Cuendet	 [68].	 The	
interval	z	 =	 [-3.0,	0.0]	nm	was	divided	 into	120	bins,	and	 the	 force	F	=	κ(q	−	s),	 sampled	over	 the	
UFED	 run,	was	binned	and	averaged	within	each	bin.	The	 force	was	 then	slightly	 smoothed	with	a	
kernel	smoothing	regression	(Matlab	function	ksr)	with	bandwidth	of	1/30	nm.	Finally,	the	force	was	
integrated	with	 cumulative	 trapezoidal	numerical	 integration	 (Matlab	 function	cumtrapz)	 to	obtain	
the	PMF	over	the	interval	z	=	[-3.0,	0.0]	nm.	This	profile	was	then	mirrored	across	the	centre	of	the	
bilayer	(z	=	0.0	nm).		

To	 ensure	 that	 a	 PMF	 profile	 was	 converged	 and	 to	 estimate	 the	 uncertainty	 of	 the	 profile	 we	
performed	an	additional	UFED	run	for	each	of	the	 investigated	systems.	This	second	UFED	run	was	
performed	in	the	same	way	as	the	first	run,	except	that	the	initial	configurations	of	the	walkers	were	
different.	The	PMF	profiles	were	determined	for	the	first	and	the	second	UFED	run	separately,	as	well	
as	 for	both	UFED	runs	 together.	The	 latter	 is	presented	 in	 the	manuscript	as	 the	 final	PMF	profile,	
whereas	the	minimum	and	maximum	value	obtained	at	a	given	z-position	in	the	two	individual	runs	
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are	presented	as	the	error	bars.	Comparison	between	the	PMF	profiles	obtained	with	the	two	UFED	
runs	was	also	used	to	confirm	the	convergence	of	each	PMF	profile	(Supplementary	Section	S1.3).	

2.4 Diffusion	coefficients	
The	diffusion	coefficients	 (in	m2/s)	were	determined	similarly	as	 in	 [75].	An	 ion	was	constrained	at	
different	 z-positions	 using	 a	 harmonic	 potential	 with	 a	 spring	 constant	 of	 3500	 kJ/mol/nm2

	

(PLUMED’s	 directive	 "UMBRELLA").	 No	 constrain	 was	 imposed	 on	 x	 and	 y	 positions.	 The	 initial	
configurations	were	taken	from	the	simulation	when	the	ion	was	steered	to	the	centre	of	the	bilayer	
(positions	from	-3.0	nm	to	0	nm,	separated	by	0.1	nm).	Other	simulation	parameters	were	the	same	
as	in	UFED	simulations.	For	each	position,	a	5-ns-long	trajectory	was	obtained,	where	the	first	ns	was	
considered	as	equilibration.	The	remaining	4-ns-long	trajectory	was	divided	into	four	parts.	For	each	
of	the	four	parts	the	diffusion	coefficient	at	i-th	position	was	calculated	as	

	
𝐷! =

𝛿𝑧! !

𝜏!
	 (3)	

The	variable	τi	is	the	correlation	time	of	at	i-th	position	and	was	calculated	following	the	method	of	
Hummer	[76]	(see	also	the	Supporting	Material	in	[75])		

	
𝜏! = lim

!→!
𝜏! 𝑠 = lim

!→!

𝐶! 𝑠; 𝑧!
𝛿𝑧! !

= lim
!→!

𝑒!!" 𝛿𝑧 𝑡 𝛿𝑧 0 !d𝑡
!
!

𝛿𝑧! !
	 (4)	

where	s	 is	the	 inverse	time,	𝛿𝑧 = 𝑧 − 𝑧 ! 	 is	the	position	displacement,	and	𝐶! 𝑠; 𝑧! 	 is	the	Laplace	
transform	of	 the	position	autocorrelation	 function.	 The	values	of	τi(s)	were	 calculated	at	 s	 =	0.05,	
0.1,	0.2,	…,	1.0,	2.0,	…,	10,	20	ps-1.	τi(s)	were	extrapolated	to	s	=	0	by	fitting	the	function	𝑎/ 𝑠 + 𝑏 	
[75].	 In	 some	 instances,	 the	 fitting	 was	 performed	 from	 s	 =	 0.1	 ps-1	 or	 larger	 due	 to	 oscillatory	
behaviour	of	the	autocorrelation	function	and	consequently	τi(s).	Di	obtained	from	each	of	the	four	
1-ns-long	 parts	 of	 the	 trajectory	was	 averaged.	 The	 averages	 values	were	 finally	 smoothed	with	 a	
kernel	smoothing	regression	(Matlab	function	ksr)	with	bandwidth	of	0.2	nm.	The	smoothed	profile	
was	used	in	the	calculation	of	membrane	permeability.		

2.5 Calculation	of	membrane	permeability	and	conductance	
The	bilayer	permeability	(in	m/s)	was	calculated	according	to	an	inhomogeneous	solubility-diffusion	
model	[75,77]	

	

𝑃!"# =
exp 𝜙!"# 𝑧 𝑅𝑇

𝐷!"# 𝑧

!!

!!

 𝑑𝑧

!!

	 (5)	

where	φion(z)	is	the	single	ion	PMF	along	the	z-axis	(in	kJ/mol),	R	is	the	universal	gas	constant,	T	the	
temperature	 and	 Dion(z)	 the	 diffusion	 coefficient	 of	 the	 ion	 along	 the	 z-axis.	 The	 integration	
boundaries	were	taken	as	z	=	[-3.0,	3.0]	nm.	The	calculations	of	φion(z)	and	Dion(z)	are	explained	in	
Sections	 2.3	 and	 2.4,	 respectively.	 The	 uncertainty	 in	 the	 calculated	 Pion	 was	 estimated	 in	 the	
following	way.	 First,	 the	permeability	was	determined	using	PMFs	 from	 trajectories	of	 each	of	 the	
two	UFED	runs	and	from	trajectories	of	both	runs	together.	The	latter	was	considered	as	the	mean	
value,	 whereas	 the	 former	 two	 were	 used	 to	 determine	 the	 lower	 and	 upper	 value	 of	 Pion.	 In	
addition,	 this	 lower	 and	 upper	 value	 of	 Pion	 was	 further	 multiplied	 by	 a	 factor	 of	 0.5	 and	 1.5,	
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respectively,	 to	 take	 into	 account	 the	 estimated	 50%	 uncertainty	 in	 the	 calculated	 Dion(z)	 (the	
estimation	of	the	uncertainty	in	Dion(z)	is	explained	in	Supplementary	Section	S2).		

The	membrane	conductance	(in	S/m2)	for	NaCl	was	calculated	as	[75,78]	

	
𝐺! = 𝐺!" + 𝐺!" =

𝑁!𝑞!!

𝑘!𝑇
𝑐 𝑃!" + 𝑃!" 	 (6)	

where	 GNa	 and	 GCl	 are	 contributions	 of	 Na	 and	 Cl	 ions,	 respectively,	 to	 the	 total	 membrane	
conductance	and	can	be	calculated	via	

	
𝐺!"# =

𝑁!𝑞!!

𝑘!𝑇
𝑐𝑃!"#	 (7)	

The	 constants	NA,	qe,	kB	 are,	 respectively,	 the	Avogadro	 constant,	 the	 elementary	 charge,	 and	 the	
Boltzmann	constant,	T	=	300	K	is	the	temperature	and	c	≈	200	mM	is	the	bulk	concentration	of	NaCl.	
The	uncertainty	of	Gm	was	determined	based	on	the	uncertainty	of	PNa	and	PCl:	

	
𝑢 𝐺! =

𝑁!𝑞!!

𝑘!𝑇
𝑐 𝑢! 𝑃!" + 𝑢! 𝑃!" 	 (8)	

3 Results		

3.1 Properties	of	equilibrated	peroxidized	bilayers	
The	 presence	 of	 the	 peroxide	 groups	 in	 the	 lipid	 tails	 influences	 the	 bilayer	 properties.	 Figure	 3	
shows	the	molecular	configuration	of	bilayers	with	 increasing	percentage	of	peroxidized	 lipids.	The	
non-oxidized	100%	DLPC	bilayer	has	a	thickness	of	3.92	±	0.08	nm	(defined	as	the	distance	between	
the	 centres	 of	mass	 of	 phosphate	 atoms).	 This	 is	within	 10%	of	 the	 experimental	 value	 of	 3.6	 nm	
obtained	from	X-ray	scattering	at	5ºC	[79].	The	area	per	lipid	of	pure	DLPC	bilayer	is	0.64	±	0.02	nm2,	
which	 is	close	to	the	area	per	 lipid	obtained	on	a	similar	PLPC	(1-palmitoyl-2-linoleoyl-sn-glycero-3-
phosphatidylcholine)	bilayer	using	MD,	i.e.,	0.651	±	0.015	nm2	[38].	The	thickness	and	area	per	lipid	
decrease	 and	 increase,	 respectively,	 with	 increasing	 percentage	 of	 peroxidized	 lipids	 (Figure	 4a),	
which	 is	 in	 agreement	 with	 previous	 MD	 simulations	 and	 experiments	 [38,79].	 The	 peroxidized	
bilayers	exhibit	a	decrease	 in	the	dipole	potential	as	well	 (Figure	4b).	Note	that	the	dipole	potential	
peak	 maxima	 in	 the	 center	 of	 the	 bilayer	 is	 compatible	 with	 experimental	 findings	 from	 CryoEM		
measurements	[80].	
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Figure	 3:	 Molecular	 configuration	 of	 systems	 with	 increasing	 percentage	 of	 peroxidized	 lipids.	 From	 left	 to	
right:	100%	DLPC	,	50%	EE13,	100%	EE13,	and	100%	EE9.	The	lipids	are	represented	with	cyan	bonds	and	the	P	
and	N	atoms	are	shown	as	red	spheres.	Water	 is	shown	as	transparent	surface,	Na	and	Cl	 ions	are	shown	as	
blue	and	 cyan	 spheres,	 respectively.	 The	O	and	H	atoms	of	 the	OOH	groups	are	 shown	as	 yellow	and	white	
spheres,	respectively.		
			

	
Figure	 4:	 The	 thickness,	 area	 per	 lipid	 (APL),	 and	 electric	 potential	 of	 the	 investigated	 bilayer	 systems.	 The	
electric	potential	is	shown	along	the	axis	normal	to	the	bilayer	plane.	The	centre	of	the	bilayer	is	at	z	=	0	nm.	
	

The	 EE9	 and	 EE13	 hydroperoxide	 derivatives	 differ	 in	 the	 position	 of	 the	 polar	 OOH	 group	 in	 the	
carbon	 chain.	 The	 OOH	 group	 is	 positioned	 at	 the	 9th	 and	 13th	 carbon	 in	 EE9	 and	 EE13	 lipid,	
respectively.	 Due	 to	 this	 different	 position,	 the	 distribution	 of	 the	 OOH	 groups	 in	 EE9	 and	 EE13	
bilayers	differs	markedly.	 In	 EE9	bilayers,	 the	OOH	groups	on	 average	prefer	 to	 reside	next	 to	 the	
head-group	 region,	 as	 can	 be	 seen	 from	 the	 density	 profiles	 in	 Figure	 5a	 and	 Figure	 5c.	 In	 EE13	
bilayers,	the	density	profile	of	OOH	groups	exhibits	peaks	both	at	the	head-group	region	and	in	the	
middle	of	the	bilayer	(Figure	5b	and	Figure	5d).	In	the	100%	EE13	bilayer	the	highest	density	of	OOH	
groups	 is	 found	 in	the	middle	of	the	bilayer.	This	already	suggests	that	EE13	bilayers	can	provide	a	
more	favourable	environment	for	ion	permeation.	
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Figure	5:	Density	profiles	along	the	axis	normal	to	the	bilayer	plane	showing	the	preferred	location	of	the	OOH	
groups.	For	each	bilayer	system	the	density	profile	is	shown	for	lipids	(thin	black	line),	water	(thin	grey	line)	and	
OOH	groups	(thick	red	line).The	density	of	OOH	groups	was	scaled	by	a	factor	of	10.		
	

3.2 Potential	of	mean	force	(PMF)	profiles	
The	 PMF	 profiles	 of	 Na	 and	 Cl	 ion	 in	 the	 investigated	 bilayer	 systems	 are	 shown	 in	 Figure	 6.	 All	
profiles	 are	 Λ-shaped,	 consistent	 with	 the	 profiles	 obtained	 in	 different	 non-oxidized	 bilayers	 in	
previous	studies	 [75,81].	With	 increasing	percentage	of	peroxidized	 lipids,	 the	height	of	 the	profile	
progressively	decreases	both	for	Na	and	Cl	ion.	The	bilayers	with	the	hydroperoxide	derivative	EE13	
exhibit	lower	PMF	profiles	than	EE9	at	the	same	percentage	of	peroxidized	lipids.	The	height	of	the	
PMF	 profile	 reduces	 in	 peroxidized	 bilayers,	 since	 the	 polar	 peroxide	 groups	 can	 participate	 in	
hydrating	the	 ion	within	the	bilayer	(Figure	5).	 In	addition,	the	reduction	of	the	PMF	profile	can	be	
attributed	 to	 the	 smaller	 membrane	 thickness,	 larger	 area	 per	 lipid,	 and	 to	 some	 extent	 a	 lower	
dipole	potential	of	peroxidized	bilayers	(Figure	4).		
	

	

Figure	6:	The	PMF	profiles	of	Na	 ion	 (a)	and	Cl	 ion	 (b)	 in	 the	 investigated	bilayer	 systems.	The	centre	of	 the	
bilayer	is	at	z	=	0	nm.	
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3.3 Bilayer	permeability	and	conductance	
By	knowing	the	PMF	profile	and	the	diffusion	coefficient	profile	of	the	ions	it	is	possible	to	calculate	
the	bilayer	permeability	to	a	given	ion	using	equation	(6).	The	diffusion	coefficient	profiles	are	similar	
for	 all	 investigated	 systems	 and	 are	 shown	 in	 Supplementary	 Figure	 S4.	 Inside	 the	 bilayer,	 the	
diffusion	coefficient	of	an	ion	reduces	by	about	an	order	of	magnitude	with	respect	to	its	bulk	value.	
Knowing	the	bilayer	permeability	for	Na	and	Cl,	we	can	also	calculate	the	membrane	conductance	in	
NaCl	solution	using	equation	(7).	The	calculated	values	are	presented	 in	Figure	7	together	with	the	
experimentally	measured	permeability	and	conductance	on	various	nonoxidized	bilayers.	Firstly,	by	
comparing	the	calculated	values	in	100%	DLPC	(0%	peroxidized	lipids)	with	experimental	data	we	find	
good	agreement.	There	is	large	spread	of	experimental	data	for	the	permeability	to	Cl,	whereby	our	
calculations	 agree	 well	 with	 the	 lower	 measured	 values.	 Secondly,	 it	 can	 be	 seen	 that	 the	
permeability	and	conductance	increase	dramatically	with	increasing	percentage	of	peroxidized	lipids.	
The	permeability	for	Na	increases	by	4−5	orders	of	magnitude	in	bilayers	with	50%	peroxidized	lipids:	
i.e.	from	4.8·10-16	m/s	in	100%	DLPC	bilayer	to	1.8·10-12	and	1.2·10-11	m/s	in	50%	EE9	and	50%	EE13	
bilayers,	respectively.	The	increase	is	even	greater	in	bilayers	with	100%	peroxidized	lipids	reaching	
0.8·10-10	and	2.0·10-8	m/s	in	100%	EE9	and	100%	EE13	bilayers,	respectively.	Similar	can	be	observed	
in	the	permeability	for	Cl.	The	permeability	for	Cl	increases	from	1.2·10-13	m/s	in	100%	DLPC	bilayer	
to	0.7·10-11,	 2.4·10-10,	 3.0·10-10,	 and	1.5·10-8	m/s	 in	50%	EE9,	50%	EE13,	100%	EE9,	 and	100%	EE13	
bilayers,	respectively.	Note	that	the	highest	 increase,	8	orders	of	magnitude	for	Na	and	5	orders	of	
magnitude	 for	 Cl,	 is	 found	 in	 100%	 EE13	 bilayer.	 The	 increase	 in	 permeability	 is	 reflected	 also	 in	
increased	membrane	conductance.	The	highest	value	of	26	S/m2	is	calculated	in	100%	EE13	bilayer,	
which	corresponds	to	an	increase	of	5	orders	of	magnitude	with	respect	to	the	conductance	of	the	
non-oxidized	100%	DLPC	bilayer.		

	

Figure	 7:	 Permeability	 and	 conductance	 of	 bilayers	 with	 increasing	 percentage	 of	 peroxidized	 lipids.	 Black	
diamonds	 (exp)	 show	experimental	measurements	of	 the	permeability	 to	Na	and	Cl	 and	 the	 conductance	 in	
NaCl	 solutions,	 performed	 on	 different	 non-oxidized	 lipid	 bilayers.	 The	 experimental	 values	 for	 permeability	
were	taken	from	[75,82–85],	and	the	experimental	values	for	conductance	from	[75,86].	Further	details	on	the	
experimental	values	are	given	in	Supplementary	Tables	S2	and	S3.		

4 Discussion	
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Experimental	studies	suggest	that	lipid	peroxidation	could	present	a	mechanism	of	the	long-lived	cell	
membrane	permeability,	which	persists	 for	minutes	 after	 exposing	 the	 cells	 to	electric	pulses	 [20–
32].	The	aim	of	our	study	is	to	investigate	whether	peroxidized	lesions	in	the	cell	membrane	could	be	
permeable	 enough	 to	 account	 for	 the	 post-pulse	 membrane	 permeability	 and	 conductance	
measured	in	electropermeabilized	cells.	Therefore,	we	calculated	the	permeability	and	conductance	
of	 lipid	 bilayer	 patches	 containing	hydroperoxide	 lipid	 derivatives	 using	 free	 energy	 calculations	 in	
MD.	 The	 next	 step	 that	 we	 need	 to	 do	 to	 quantify	 the	 possible	 role	 of	 lipid	 peroxidation	 in	
electropermeabilization	 is	 to	 use	 the	 calculated	 values	 and	 compare	 them	 to	 experimental	
measurements	 on	 electropermeabilized	 cells.	 Unfortunately,	 the	 permeability	 and	 conductance	 of	
the	cell	membrane	are	seldom	quantified	in	electropermeabilization	studies.	Below	we	use	available	
experimental	results	from	four	research	groups,	which	measured	either	the	membrane	permeability	
or	 conductance	 after	 exposure	 of	 cells	 to	 electric	 pulses.	 However,	 the	 comparison	 between	 our	
results	 from	MD	and	experimental	measurements	 requires	 some	 intermediate	 steps.	 Experimental	
measurements	are	carried	out	over	the	entire	cell	membrane	surface,	whereas	the	bilayer	systems	
investigated	 in	 MD	 are	 representative	 of	 a	 small	 part	 of	 a	 peroxidized	 lesion.	 If	 the	 area	 of	
peroxidized	lesions	in	electropermeabilized	cell	membranes	was	known,	we	could	calculate	the	total	
ionic	transport	through	the	lesions	and	compare	it	directly	to	the	measurements.	This	would	allow	us	
to	estimate	the	fraction	of	the	ionic	transport	that	can	be	attributed	to	lipid	peroxidation.	However,	
the	area	of	the	lesions	is	at	present	unknown.	Therefore,	we	instead	estimate	the	fraction	of	the	cell	
membrane	that	would	need	to	be	peroxidized	to	account	 for	 the	experimental	measurements.	We	
carry	 out	 these	 estimates	 under	 the	 hypothesis	 that	 the	 transport	 of	 ions	 across	
electropermeabilized	cell	membranes	takes	place	mainly	through	peroxidized	membrane	lesions.	The	
estimates	 then	 give	 an	 insight	 whether	 lipid	 peroxidation	 could	 play	 the	 role	 of	 the	 dominant	 or	
merely	 a	 participating	 mechanism	 in	 the	 long-lived	 permeability	 of	 electropermeabilized	 cell	
membranes.	 

4.1 Comparison	with	experimental	measurements	of	the	permeability	of	
electropermeabilized	cell	membranes	

Shirakashi	et	al.	[87]	estimated	the	membrane	permeability	of	mouse	myeloma	(Sp2)	cells	to	KCl	and	
trehalose	 by	 monitoring	 the	 changes	 in	 the	 cell	 volume	 due	 to	 osmotic	 shrinkage	 after	
electropermeabilization.	 They	 delivered	 a	 single	 20	 μs	 pulse	 resulting	 in	 2‒3	 kV/cm.	 Under	 these	
conditions	 ≥80%	 cells	 survived	 the	 pulsing.	 The	 estimated	 permeability	 was	 actually	 an	 effective	
permeability	Peff	averaged	over	the	entire	membrane	surface	and	corresponded	to	the	expression	

	 𝑑𝑛!
𝑑𝑡

= 𝑃!"" exp −
𝑡
𝜏

𝑐! − 𝑐! 𝐴!"## 	 (9)	

where	ni	 is	 the	 number	 of	moles	 of	 a	 given	 ion	 inside	 the	 cell,	 ce	 and	 ci	 are	 the	 extracellular	 and	
intracellular	 ionic	concentration,	respectively,	and	Acell	 is	 the	cell	membrane	area.	The	permeability	
was	assumed	to	decrease	after	the	pulse	with	a	time	constant	τ	between	191	s	and	289	s,	consistent	
with	 their	 experimental	 findings.	 The	 estimated	Peff	 to	 KCl	was	 between	 ~4·10‒9	m/s	 and	 ~22·10‒9	
m/s.	

We	now	revisit	their	results	under	the	assumption	that	in	an	electropermeabilized	membrane	most	
of	the	ions	cross	the	membrane	across	peroxidized	lesions.	Hence,	we	write	
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	 𝑑𝑛!
𝑑𝑡

= 𝑃!" 𝑐! − 𝑐! 𝐴!"	 (10)	

where	Pox	 and	Aox	 are	 the	 permeability	 and	 total	 area	 of	 the	 peroxidized	 lesions,	 respectively.	 By	
comparing	equations	(9)	and	(10)	we	find	the	areal	fraction	of	peroxidized	lesions	fox	at	the	beginning	
of	the	membrane	resealing	phase:	

	 𝑓!" =
𝐴!"
𝐴!"##

=
𝑃!""
𝑃!"

	 (11)	

Knowing	 the	permeability	of	peroxidized	bilayer	 lesions	Pox,	we	can	estimate	how	much	of	 the	cell	
membrane	area	should	be	peroxidized	to	yield	the	Peff	values	estimated	by	Shirakashi	et	al.	[87].	For	
Pox	 we	 use	 our	 highest	 calculated	 permeability	 value	 of	 2.0·10-8	 m/s	 (Na	 in	 100%	 EE13	 bilayer).	
Although	 there	 are	 known	 differences	 between	 Na	 and	 K	 interactions	 with	 nonoxidized	 bilayers	
[88,89],	we	 expect	 that	 in	 100%	 peroxidized	 bilayers	 the	 permeabilities	 for	 K,	 Na,	 and	 Cl	 ions	 are	
similar,	 since	we	observed	practically	 no	difference	between	 the	permeabilities	 for	Na	 and	Cl	 ions	
(Figure	7).The	corresponding	estimated	peroxidized	area	is	between	about	20%	and	110%	of	the	cell	
membrane.	The	predicted	range	of	peroxidized	area	is	unreasonable,	since	only	a	fraction	of	the	cell	
surface	is	covered	by	lipids	(membrane	proteins	constitute	roughly	50%	of	the	cell	membrane	weight	
[90])	of	which	not	all	of	the	lipids	are	unsaturated	and	oxidizable.	This	suggests	that	the	permeability	
of	 peroxidized	 lipids	 is	 too	 low	 to	 account	 for	 the	 entire	 range	 of	 measurements,	 meaning	 that	
peroxidized	 lesions	cannot	be	the	only	mechanism	of	 ionic	 transport	under	 the	given	experimental	
conditions.		

Pavlin	 et	 al.	 [91,92]	 studied	 the	 changes	 in	 conductivity	 of	 dense	 cell	 suspensions	 during	 and	 in	
between	 the	delivery	of	multiple	electric	pulses.	Mouse	melanoma	 (B16-F1)	 cells	were	exposed	 to	
eight	100	μs,	1	kV/cm	pulses,	with	a	 repetition	 frequency	of	1	Hz.	Under	 these	conditions,	 the	cell	
viability	was	~90%	 [93].	 They	observed	 that	 in	between	consecutive	pulses	 the	 conductivity	of	 the	
suspension	increases	due	to	the	leak-out	of	cytosolic	ions	into	the	extracellular	medium.	Given	that	
the	 extracellular	 medium	 lacked	 K+	 ions,	 the	 leak-out	 was	 primarily	 attributed	 to	 K+	 ions.	 The	
characteristic	time	in	which	the	suspension	conductivity	increased	after	each	pulse	was	described	as		

	 𝑑𝑛!
𝑑𝑡

= − 𝑐! − 𝑐!
𝐷𝑓!"#
𝑑

𝐴!"##,!"!	 (12a)	

The	ions	were	assumed	to	flow	through	long-lived	pores,	where	fper	is	the	areal	fraction	of	the	pores	
in	the	cell	membrane,	D	is	an	effective	diffusion	coefficient	of	an	ion	inside	a	pore,	d	=	5	nm	is	the	cell	
membrane	 thickness,	 and	 Acell,tot	 is	 the	 membrane	 area	 of	 all	 cells	 in	 the	 suspension.	 Note	 that	
equation	(12a)	corrects	a	typo	in	the	original	paper	and	replaces	the	membrane	area	of	a	single	cell	
with	 Acell,tot.	 Equation	 (12a)	 can	 be	 rewritten	 in	 terms	 of	 the	 characteristic	 time	 τ	 in	 which	 the	
suspension	conductivity	increases	after	each	pulse	

	 𝑑𝑛!
𝑑𝑡

= − 𝑐! − 𝑐!
1 − 𝐹 𝑅
3𝜏

𝐴!"##,!"!	
4.1.1 (132b)	

where	R	 =	8.5	µm	 is	 the	cell	 radius	and	F	 =	0.3	 is	 the	volume	 fraction	of	 cells	 [92].	 The	measured	
characteristic	 time	decreased	with	each	 subsequent	pulse	 from	34.5	 s	after	 the	 first	pulse	 to	9.1	 s	
after	the	seventh	pulse	[92].		
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Assuming	 that	 the	 ions	 do	not	 flow	 through	pores	 but	 rather	 through	peroxidized	 lesions,	we	 can	
write	an	analogous	expression	

	 𝑑𝑛!
𝑑𝑡

= −𝑃!" 𝑐! − 𝑐! 𝐴!",!"!	 (14)	

By	comparing	equations	(12a)	and	(14)	we	again	find	the	expression	for	fox	

	
𝑓!" =

𝐴!",!"!
𝐴!"##,!"!

=
1 − 𝐹 𝑅 3𝜏

𝑃!"
	 (15)	

where	𝑃!"" = 1 − 𝐹 𝑅 3𝜏 	 is	analogous	to	 the	effective	permeability	measured	by	Shirakashi	et	
al.	[87].	For	τ	between	34.5	s	and	9.1	s	the	peroxidized	fraction	fox	would	need	to	be	between	about	
290%	 and	 1090%,	 which	 is	 unreasonable.	 The	 results	 of	 Pavlin	 et	 al.	 [91,92]	 suggest	 higher	
membrane	 permeability	Peff	 than	 the	 results	 of	 Shirakashi	 et	 al.	 [87].	 This	 is	 possibly	 because	 the	
permeability	estimated	by	Pavlin	et	al.	corresponds	to	the	permeability	within	the	first	second	after	
the	pulse,	whereas	Shirakashi	et	al.	monitored	the	permeability	over	minutes	after	the	pulse.			

In	summary,	both	the	measurements	of	Shirakashi	et	al.	[87]	and	Pavlin	et	al.	[91,92]	suggest	that	the	
permeability	of	peroxidized	bilayers	calculated	in	our	study	is	too	low	to	reasonably	account	for	the	
experimentally	 observed	 ionic	 transport.	 Nevertheless,	 [94,95]	 since	 the	 experiments	 involved	
volumetric	cell	changes	(cell	shrinkage	in	[87]	and	cell	swelling	in	[91,92]),	 it	 is	possible	that	part	of	
the	ionic	transport	was	mediated	by	opening	of	K	channels	in	the	membrane	[96].	It	should	also	be	
noted	 that	 both	 Shirakashi	 et	 al.	 and	 Pavlin	 et	 al.	 analysed	 their	 data	 using	 many	 simplifying	
assumptions,	which	raises	some	doubt	in	the	accuracy	of	the	reported	values	of	the	permeability	and	
ionic	flux.	

4.2 Comparison	with	experimental	measurements	of	the	conductance	of	
electropermeabilized	cell	membranes		

We	further	compare	our	calculations	on	peroxidized	bilayers	with	experimental	measurements	of	the	
conductance	of	electropermeabilized	cell	membranes.	Wegner	et	al.	[45]	studied	the	changes	in	the	
membrane	 conductance	 in	 Chinese	 hamster	 lung	 fibroblasts	 (DC-3F	 cells)	 using	 whole-cell	 patch	
clamp.	 The	 patch-clamp	 setup	 was	 used	 to	 both	 increase	 the	 transmembrane	 voltage	 above	 the	
electroporation	threshold	and	measure	the	membrane	conductance	during	and	after	application	of	a	
porating	 electric	 pulse.	 The	 electroporation	 pulses	 were	 5−10	 ms	 long.	 They	 observed	 that	
conductance	 changes	 can	 be	 separated	 into	 two	 distinct	modes.	 The	 first	mode,	 termed	 transient	
electroporation,	 appeared	 during	 the	 pulse	 when	 the	 membrane	 conductance	 increased	 8−100×.	
After	 the	pulse	 this	 increase	exponentially	declined	with	a	 time	constant	of	~17	ms.	This	 transient	
electroporation	 mode	 could	 be	 due	 to	 opening	 of	 membrane	 pores,	 which	 collapse/close	 on	 the	
millisecond	 time	 scale	 after	 the	 pulse	 [9].	 The	 second	mode,	 termed	 persistent	 permeabilization,	
corresponded	 to	 the	 state	 in	which	 the	membrane	 conductance	 remained	 slightly	 elevated	 for	 at	
least	40	min	after	the	pulse.	This	mode	was	observed	only	when	applying	a	pulse	with	considerably	
higher	 amplitude	 than	 the	 one	 required	 to	 trigger	 transient	 electroporation,	 or	 when	 applying	
multiple	pulses.	The	membrane	conductance	in	the	state	of	persistent	permeabilization	ranged	from	
0.088	to	3.3	nS/pF	[45].	

Pakhomov	et	al.	[97,98]	also	studied	the	changes	in	membrane	conductance	using	whole-cell	patch	
clamp.	However,	 they	performed	their	measurements	after	exposing	the	cells	 to	short	nanosecond	
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pulses	delivered	by	a	pair	of	wire	electrodes.	When	exposing	GH3	cells	(rat	pituitary	tumor	cells)	to	
one	and	 five	pulses	of	60	ns,	12	kV/cm,	 the	membrane	conductance	 increased	by	~0.05	nS/pF	and	
~0.5	nS/pF,	 respectively,	 compared	 to	 control.	 These	measurements	were	carried	out	about	2	min	
after	pulsing;	however,	the	recovery	of	the	conductance	took	more	than	10	minutes.	In	a	follow-up	
study	 [99]	 they	were	able	 to	measure	 the	 conductance	 in	 shorter	 time	after	 the	pulse	 (5	 to	10	 s).	
They	compared	the	conductance	of	 individual	GH3	cells	before	and	after	the	pulse.	When	exposing	
cells	 to	 a	 single	 60	 ns	 pulse	 with	 amplitude	 in	 the	 range	 of	 4.8−14.6	 kV/cm,	 the	 conductance	
increased	in	the	range	of	0.1−1.5	nS/pF	(these	values	were	obtained	by	normalizing	the	values	from	
their	Fig.	3a	[99]	with	the	capacitance	of	GH3	cells	of	6	pF	[98]).	When	applying	multiple	pulses,	the	
measured	 increase	 in	 conductance	 could	 go	 up	 to	 5.7	 nS/pF	 [99].	 Note	 that	 the	 range	 of	 values	
measured	by	Pakhomov	et	al.	[97–99]	is	similar	to	the	range	measured	by	Wegner	et	al.	[45]	in	the	
persistent	permeabilization	mode.		

Similarly	 as	 above,	 we	 can	 estimate	 the	 fraction	 of	 the	 cell	 membrane	 that	 would	 need	 to	 be	
peroxidized	to	explain	the	experimentally	measured	 increase	 in	cell	membrane	conductance	Δg	 (in	
units	nS/pF)	

	 𝑓!" =
𝐴!"
𝐴!"##

=
∆𝑔𝐶!
𝐺!"

	 (16)	

where	Cm	 is	 the	 capacitance	 per	 unit	 of	 cell	membrane	 area	 (~1	 μF/cm2	 [100,101])	 and	Gox	 is	 the	
conductance	of	a	peroxidized	bilayer	lesion.	For	Gox	we	take	the	highest	value	of	26	S/m2	obtained	in	
100%	EE13	bilayer.	Figure	8	shows	some	of	the	measured	change	in	membrane	conductance	Δg	and	
the	corresponding	estimated	fox.	For	the	smallest	values	of	Δg,	the	predicted	fraction	of	peroxidized	
lipids	is	on	the	order	of	1%.	However,	larger	values	of	Δg	would	require	the	entire	cell	membrane	to	
be	peroxidized.	

In	 summary,	 our	 comparison	 between	 the	 calculated	 conductance	 of	 peroxidized	 bilayers	 and	
experimental	measurements	suggests	that	lipid	peroxidation	could	have	a	measurable	effect	on	the	
membrane	conductance,	equal	to	the	lowest	measured	values	in	electropermeabilized	cells,	even	if	
only	 1%	of	 the	 cell	membrane	was	peroxidized.	However,	 the	 conductance	of	 peroxidized	bilayers	
calculated	 in	 our	 study	 is	 too	 low	 to	 account	 for	 the	 entire	 range	 of	 experimental	 values.	 The	
possibility	 that	 part	 of	 the	 experimentally	 measured	 conductance	 was	 mediated	 by	 ion	 channels,	
which	were	(de)activated	or	modified	due	to	electric	field	exposure,	cannot	be	completely	excluded	
[94,102].	Nevertheless,	it	is	unlikely	that	ion	channels	were	the	dominant	conduction	pathway,	since	
similar	change	in	conductance	was	observed	in	GH3	and	CHO	cells,	whereby	CHO	cells	express	very	
few	endogenous	ion	channels	[103].		
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Figure	 8:	 Increase	 in	membrane	 conductance	measured	 in	 GH3	 cells	 after	 exposure	 to	 nanosecond	 electric	
pulses.	 The	 scale	 on	 the	 right	 side	 shows	 the	 corresponding	 estimated	 fraction	 of	 peroxidized	 membrane	
lesions.	 The	 experimental	 values	 of	 Δg	 were	 taken	 from	 studies	 of	 Ibey	 et	 al.	 [99,103]	 The	 values	 of	 the	
membrane	resistance	reported	in	[103]	were	inverted	and	normalized	to	the	capacitance	of	GH3	cells	of	6	pF	
[98].	 Grey	 symbols	 show	 measurements	 conducted	 2-3	 min	 after	 pulsing	 [103].	 Colored	 symbols	 show	
measurements	conducted	5-10	s	after	pulsing	[99].	Grey	and	blue	diamonds	=	single	60	ns	pulse;	grey	circles	=	
single	600	ns	pulse;	red	circles	=	hundred	60	ns	pulses.	Black	triangles	show	the	minimum	and	maximum	value	
measured	when	using	various	parameters	of	nanosecond	pulses	[99].		
	

4.3 Secondary	lipid	peroxidation	products	and	spontaneous	pore	
formation	in	oxidatively	damaged	membrane	lesions	

The	discussion	in	Sections	4.1	and	4.2	indicates	that	the	permeability	and	conductance	of	peroxidized	
lipids	 are	 not	 sufficiently	 high	 to	 reasonably	 account	 for	 the	 entire	 range	 of	 experimental	
measurements	of	 ionic	 transport	 in	electropermeabilized	cells.	However,	 it	 should	be	kept	 in	mind	
that	 our	 analysis	 is	 based	 on	 hydroperoxide	 lipid	 derivatives,	 which	 correspond	 to	 the	 primary	
peroxidation	products.	Though	lipid	hydroperoxides	are	stable	enough	to	persist	and	diffuse	in	lipid	
bilayers,	 they	 are	 still	 prone	 to	 degradation.	 Oxidative	 lipid	 damage	 can	 also	 result	 in	 various	
products	 with	 truncated	 lipid	 tails	 ending	 with	 either	 an	 aldehyde	 or	 carboxylic	 group	 [37].	 MD	
simulations	 showed	 that	 oxidized	 lipids	with	 an	 aldehyde	 group	disturb	 the	bilayer	more	 than	 the	
ones	 with	 a	 peroxide	 group,	 since	 the	 aldehyde	 lipid	 tails	 are	 significantly	 more	mobile	 than	 the	
peroxide	ones	 [39].	 In	bilayers	with	aldehyde-truncated	 tails	also	 spontaneous	pore	 formation	was	
observed	on	the	time	scale	of	MD	simulations	(within	a	few	hundred	ns)	which	was	in	some	severe	
cases	 followed	 by	 bilayer	 disintegration	 (micellation)	 [104–106,39].	 On	 the	 contrary,	 such	
spontaneous	 pore	 formation	 was	 not	 observed	 in	 lipids	 containing	 a	 peroxide	 group	 [39,106].	
Consistent	with	[39],	we	observed	no	spontaneous	pore	formation	in	our	peroxidized	systems.		

The	results	from	MD	showing	that	pore	formation	and	bilayer	disintegration	can	be	observed	only	in	
the	presence	of	certain	types	of	 lipid	oxidation	products	appear	to	be	consistent	with	experimental	
findings.	Experiments	performed	by	Weber	et	al.	[107]	showed	that	giant	unilamellar	vesicles	(GUVs)	
containing	exclusively	lipid	hydroperoxide	species	preserve	their	membrane	integrity,	even	when	all	
of	 the	 lipids	 in	 the	membrane	are	peroxidized.	Similar	was	observed	by	Riske	et	al.	 [108]	exploring	
GUVs	 with	 up	 to	 60%	 lipid	 hydroperoxides.	 In	 contrast,	 Runas	 and	 Malmstadt	 [109]	 reported	
formation	of	pore	defects	 in	GUVs	containing	only	12.5%	aldehyde-truncated	1-palmitoyl-2-(9ʹ-oxo-
nonanoyl)-sn-glycero-3-phosphocholine	 (POxnoPC).	 Spontaneous	 pore	 formation	 in	 GUVs	 was	
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reported	 also	 by	 Sankhagowit	 et	 al.	 [110]	 under	 conditions	 which	 resulted	 in	 the	 production	 of	
aldehyde-truncated	lipids.		

Although	 experimental	 studies	 on	 electropermeabilized	 cells	 detected	 the	 presence	 of	 conjugated	
dienes	 [23–25],	 indicating	 that	 lipid	 hydroperoxides	 are	 indeed	 present,	 the	 studies	 also	 detected	
malondialdehyde	 [20,21,25],	 suggesting	 the	 presence	 of	 secondary	 oxidation	 products.	 High	 local	
concentrations	 of	 secondary	 peroxidation	 products	 could	 lead	 to	 spontaneous	 formation	 of	 small	
pores	in	the	oxidatively	damaged	lesions.	Such	pores	would	be	distinctly	different	from	the	electric-
field-induced	electropores	 in	the	nonoxidized	parts	of	the	 lipid	bilayer,	specifically	 in	terms	of	their	
lifetime.	 In	contrast	 to	electropores,	which	are	expected	to	close	on	a	nanosecond	to	microsecond	
time	 scale	 after	 the	 pulse,	 the	 spontaneously	 opened	 pores	 in	 oxidized	 membrane	 lesions	 could	
remain	open	until	being	 repaired	by	 cell	membrane	 repair	mechanisms.	The	 idea	 that	 two	distinct	
types	 of	 pores,	 transient	 pores	 and	 long-lived	 pores,	 govern	 the	 transmembrane	 transport	 was	
proposed	by	Pavlin	et	al.	 [91,92]	 following	 the	 studies	of	Neumann	et	al.	 [16].	While	 the	 transient	
pores	can	easily	be	identified	with	the	electric-field-induced	electropores,	the	molecular	structure	of	
the	 long-lived	pores	remained	unidentified.	Spontaneous	formation	of	pores	 in	oxidized	membrane	
lesions	offers	a	possible	molecular	basis	for	such	long-lived	pores.	

Let	us	now	return	to	the	patch-clamp	measurements	of	membrane	conductance	presented	in	Figure	
8	and	estimate	the	number	of	pores	that	would	result	in	the	measured	Δg:		

	 𝑁! =
∆𝑔𝐶!"##
𝐺!

	 (17)	

where	Ccell	is	the	total	capacitance	of	the	cell	membrane	and	Gp	is	the	conductance	of	a	single	pore.	
The	analytical	approximation	for	the	conductance	of	a	cylindrical	pore	with	radius	rp	and	length	d	is	
[111]	

	
𝐺! =

2𝜋𝜎!𝑟!!

𝜋𝑟! + 2𝑑
	 (18)	

where	𝜎! = 𝜎! − 𝜎! ln 𝜎! 𝜎! 	is	the	effective	conductivity	of	the	solution	inside	the	pore	with	σe	
and	 σi	 denoting	 the	 extracellular	 and	 intracellular	 conductivity,	 respectively.	 When	 combining	
equations	 (17)	and	 (18)	and	 inserting	 the	parameter	values	 relevant	 to	 the	discussed	experimental	
studies	 (Ccell	 =	 6	 pF	 [98],	 σe	 =	 1.48	 S/m	 [103],	 σi	 =	 0.5	 S/m,	 and	 d	 =	 5	 nm)	 it	 turns	 out	 that	 the	
conductance	 of	 	 a	 single	 pore	 with	 diameter	 of	 1.5	nm	 (diameter	 of	 pores	 in	 oxidized	 bilayers	
estimated	from	MD	[104,106])	is	equivalent	to	Δg	of	~0.04	nS/pF.	In	other	words,	the	lowest	and	the	
highest	 measured	 values	 of	 Δg	 in	 Figure	 8	 could	 be	 explained	 by	 formation	 of	 a	 single	 and	 few	
hundred	 pores,	 respectively.	 Few	 hundred	 pores	 with	 diameter	 of	 1.5	nm	 would	 occupy	 only	
~0.0001%	 of	 the	 cell	 membrane	 area.	 Formation	 of	 pores	 in	 oxidized	 membrane	 lesions	 could	
therefore	reasonably	account	for	the	highest	measured	values	of	Δg.	

	

5 Conclusions		
We	investigated	whether	the	permeability	and	conductance	of	peroxidized	bilayers	is	high	enough	to	
have	a	major	 contribution	 to	 the	 long-lived	permeability	 and	 conductance	of	 electropermeabilized	
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cell	membranes,	which	persists	after	application	of	electric	pulses.	For	this	purpose	we	calculated	the	
permeability	 and	 conductance	 of	 bilayer	 patches	 containing	 hydroperoxide	 lipid	 derivatives	 and	
compared	them	to	experimental	measurements	on	electropermeabilized	cells.	Overall,	our	analysis	
indicates	that	the	permeability	and	conductance	of	hydroperoxide	 lipid	derivatives	are	sufficient	to	
account	for	the	lowest	measured	values,	but	not	high	enough	to	reasonably	explain	the	entire	range	
of	experimental	measurements.	Nevertheless,	hydroperoxide	lipid	derivatives	correspond	to	primary	
peroxidation	 products.	 Formation	 of	 lipid	 hydroperoxides	 can	 be	 followed	 by	 secondary	 lipid	
degradation,	 which	 results	 in	 cleavage	 of	 the	 lipid	 tails.	 Oxidatively	 damaged	 membrane	 lesions,	
which	 contain	 such	 fragmented	 oxidized	 lipids,	 could	 exhibit	 spontaneous	 pore	 formation.	 Such	
spontaneously-formed	 pores	 would	 have	 much	 longer	 lifetime	 than	 the	 electric-field-induced	
electropores	in	the	nonoxidized	parts	of	the	lipid	bilayer	and	could	explain	also	the	highest	measured	
values	 of	 post-pulse	 permeability	 and	 conductance	 of	 electropermeabilized	 cell	 membranes.	
Whether	 such	 pores	 are	 formed	 in	 electropermeabilized	membranes	 depends	 on	 the	 presence	 of	
secondary	 lipid	 peroxidation	 products	 and	 their	 local	 concentration	 within	 oxidized	 membrane	
lesions.	Therefore,	our	study	calls	for	experiments,	which	will	determine	the	type	and	amount	of	lipid	
peroxidation	 products	 in	 electropermeabilized	 cell	 membranes.	 Such	 experiments	 coupled	 with	
theoretical	 analysis	 as	 presented	 in	 this	 study	 could	 give	 a	 definitive	 answer	 to	 the	 pertinent	
question:	 "What	 is	 the	 contribution	 of	 lipid	 peroxidation	 to	 membrane	 permeability	 in	
electropermeabilization?"	
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