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Samenvatting 

 

In biokatalyse gebruiken we enzymen om chemische reacties te versnellen. De voordelen 

van enzymen ten opzichte van andere chemische katalysatoren zijn hun uitzonderlijke 

prestatie op het gebied van reactiviteit, regio-selectiviteit en enantiomeer-selectiviteit. De 

relatief milde omstandigheden waar ze optimaal onder kunnen presteren maakt ze zeer 

bruikbaar als duurzame alternatieven voor bestaande chemische processen. De 

hoeveelheid verschillende beschikbare enzymen blijft groeien, evenals de variatie aan 

reacties die we met ze kunnen uitvoeren.  

Enzymen zijn verdeeld over zeven verschillende klassen, afhankelijk van de reacties die ze 

katalyseren. Klasse 1, waar deze thesis zich op richt, is die van de oxidoreductases. Deze 

enzymen katalyseren redox reacties, ofwel de specifieke overdracht van elektronen van of 

naar een reactant. Om de redox-balans vervolgens sluitend te maken zijn deze enzymen 

afhankelijk van zogenoemde co-enzymen, organische structuren die in stoichiometrische 

hoeveelheden nodig zijn. De stoichiometrische additie van deze stoffen is echter een 

obstakel voor de reactie, zowel vanuit een economisch als ecologisch oogpunt. Ter 

compensatie wordt er doorgaans een tweede enzymreactie geïntroduceerd om deze co-

enzymen te regenereren. Hoewel dit een gangbare methode is, maakt het de reacties 

gecompliceerder en veroorzaakt het een extra afval stroom. In deze thesis richten wij ons 

daarom op alternatieven voor deze regeneratie systemen.  

Binnen de klasse van oxidoreductases richt deze thesis zich specifiek op de subklassen van 

oxidases en oxygenases, welke afhankelijk zijn van zuurstof in de reactiemechanismen. 

Deze enzymen kunnen onder andere regio- en enantio-selectief een hetero-atoom 

inbrengen in moleculaire structuren, zelfs in verbindingen die niet geactiveerd zijn. Dit zijn 

reacties die zeer lastig, dan wel onmogelijk, uit te voeren zijn met behulp van “klassieke” 

chemische methoden.  

Om te beginnen richten we ons op fotochemie als alternatief voor co-enzym regeneratie. 

In hoofdstuk 2 geven we een overzicht van de huidige situatie in het samengestelde veld 

van de fotobiokatalyse. In hoofdstuk 3 dragen wij hier aan bij door een fotochemische 

regeneratie methode te presenteren voor een co-enzym en tevens fotomediator: FADH2. 

Deze flavine kan vervolgens worden gebruikt door een styreen mono-oxygenase. Wij 

bewijzen dat dit systeem mogelijk is en geven de knelpunten weer. Dit zijn voornamelijk 

de verscheidene zij-reacties die mogelijk worden na foto-excitatie van de flavine. 
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Eén van de obstakels is het zogenoemde “zuurstof dilemma”. Zuurstof is nodig voor de 

mono-oxygenase reactie, maar kan ook direct reageren met de gereduceerde flavine 

buiten het enzym om. Hierdoor neemt zuurstof de geïnvesteerde elektronen weg van de 

reactie en vormt het daarbij waterstof peroxide. Dit is een bekend fenomeen voor 

nagenoeg alle mono-oxygenase reacties. We richten ons vervolgens dan ook op 

verschillende manieren om dit dilemma op te lossen. De eerste optie, in hoofdstuk 4, is 

het gebruik van deazaflavine als de fotomediator in plaats van natuurlijke flavine. 

Deazaflavines leken veelbelovend na eerder bewijs dat deze gereduceerde stoffen 

resistent waren voor zuurstof. Helaas vinden wij dat ze deze stabiliteit verliezen na foto-

excitatie. 

Wij verleggen daarom onze aandacht vervolgens naar andere manieren om het zuurstof 

dilemma te omzeilen. Bijvoorbeeld door het gebruik van enzymen die de ontkoppeling van 

elektronen juist kunnen omdraaien voor de regeneratie van het actieve centrum. Dit is het 

geval voor de heem proteïnen die bekend staan als de peroxygenasen. In het 

reactiemechanisme van deze eiwitten valt H2O2 direct de heem groep aan, waarna de 

actieve “compound I” wordt gevormd. Op deze manier worden zowel de elektronen als 

het zuurstofatoom geleverd aan het enzym. Echter, stoichiometrische additie van H2O2 

aan het begin van de reactie zal het enzym oxidatief deactiveren. Deze reacties zijn 

daardoor enkel mogelijk als de H2O2 op een gecontroleerde manier wordt toegevoegd. We 

richten ons daarom op verschillende methoden om de H2O2 in situ te genereren, ideaal 

gezien via de reductie van zuurstof ten kostte van kleine elektron donoren. We stellen 

verschillende methodes voor gebaseerd op biokatalytische, elektrochemische en 

fotochemische technieken.  

In hoofdstuk 5 gebruiken we de oxidatie van sulfiet naar sulfaat met behulp van een 

sulfiet oxidase om de H2O2 te genereren. Hier blijkt vooral de reactiviteit van sulfiet zelf 

een centrale rol te spelen. Door te wisselen tussen sulfiet zouten die in meer of mindere 

mate oplosbaar zijn in water weten we de prestatie van de reactie te beïnvloeden.  

In hoofdstuk 6 kijken we naar elektrochemie om de H2O2 te genereren. Op papier is 

elektrochemie de meest efficiёnte manier voor H2O2 generatie aangezien de elektronen 

hier direct kunnen worden gebruikt om zuurstof te reduceren. Over het algemeen is er 

echter een over-potentiaal nodig om deze reactie mogelijk te maken, wat resulteert in 

extra energieverspilling. Om dit op te lossen maken we gebruik van elektroden die bedekt 

zijn met geoxideerde koolstof nanobuisjes, die erom bekend staan deze potentiaal te 

verlagen. De gevormde H2O2 gebruiken we vervolgens om een reactie met een vanadium 

chloroperoxidase te katalyseren.  
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In hoofdstuk 7 gebruiken we heterogene fotokatalysatoren om H2O2 te genereren. We 

concluderen dat graphitic carbonnitrides zeer efficiënt zuurstof kunnen reduceren ten 

koste van formiaat. Tijdens deze reacties worden er echter ook reactieve 

zuurstofcomponenten en radicalen gegenereerd, die vervolgens de enzymen deactiveren. 

Om dit te voorkomen stellen wij voor om de foto-katalytische en biokatalytische reacties 

fysiek te scheiden.  

In hoofdstukken 5, 6 en 7 richten we onze aandacht op reducerende processen waar H2O2 

in wordt geconsumeerd. In hoofdstuk 8 laten we zien hoe een alcohol oxidase in een 

oxiderend proces juist H2O2 genereert. Deze enzymen gebruiken de ontkoppeling van 

elektronen naar zuurstof na een omzetting van een substraat om zo de elektronen balans 

sluitend te maken. Dit geeft de oxidases een groot voordeel ten opzichte van alcohol 

dehydrogenases die gewoonlijk voor zulke reacties worden gebruikt. Als voorbeeld 

gebruiken we hier een aryl alcohol oxidase voor de productie van een industrieel 

relevante geurstof. Deze reactie verloopt zo goed dat niet de kinetiek van het enzym maar 

de fysische transportverschijnselen de limiterende factor worden. Vandaar dat wij on 

voornamelijk moeten richten op het reactor ontwerp, in plaats van het reactie ontwerp. 

We gebruiken micro-flow reactoren om zuurstof transport limitatie op te heffen en 

introduceren een tweede organische laag om substraat transport te verhogen.  

Tot slot geven we in hoofdstuk 9 een overzicht van de gepresenteerde resultaten en 

plaatsen we ze in perspectief ten opzichte van de wetenschappelijke literatuur. We geven 

aan dat de combinatie tussen biokatalyse en fotochemie, hoe intrigerend ook, zich nog in 

een te vroeg stadium bevindt om aantrekkelijk te zijn voor daadwerkelijke applicatie op 

productie schaal. Het gebruik van andere enzymen voor regeneratie is nog steeds de 

meest gangbare manier. Wij geloven echter dat de elektrochemische regeneratie van co-

enzymen een veelbelovend alternatief is voor de toekomst.  

Al met al presenteren wij in deze thesis een scala aan mogelijkheden voor de toepassing 

van oxidoreductases die afhankelijk zijn van zuurstof. Vanwege de unieke reactiviteit van 

zuurstof kan men uitdagingen tegenkomen die lastig op te lossen zijn via gebruikelijke 

methoden. We hopen hier te laten zien hoe het “lenen” van technieken uit andere 

wetenschappelijke velden zeer profijtelijk kan zijn voor het toepasbaar maken van deze 

veelbelovende katalysatoren.  
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Summary 

 

In biocatalysis we use enzymes to accelerate chemical reactions. The advantage of 

enzymes over other chemical catalysts is their excellent performance in respect to 

reactivity, regioselectivity and enantioselectivity. The gentle environment at which they 

can optimally function further enhances their applicability to provide more sustainable 

alternatives for our chemical processes. The amount of different enzymes available to us is 

increasing, as is the variety of reactions we can catalyse with them.  

Enzymes are divided in 7 classes, depending on the reactions they catalyse. The first class 

of enzymes, the one this thesis is focussing on, is the oxidoreductase family. As the name 

implies, these enzymes catalyse redox reactions, the specific transfer of electrons from or 

to a certain reactant. To close this redox-balance, these enzymes naturally rely on 

coenzymes, organic structures which are needed in a stoichiometric amount. As 

stoichiometric addition of these compounds would greatly strain the aspired reactions, 

both economically as ecologically, these coenzymes are conventionally regenerated using 

a second enzyme system and co-substrate. Though this practice is established, it does 

further complicate the reaction schemes and adds waste streams to the reaction. We 

therefore aim a replacing these systems with new alternatives.  

Within the enzyme class of oxidoreductases, this thesis focuses on the subclass of oxidases 

and oxygenases, which all rely on oxygen in their reaction mechanisms. These enzymes 

are i.a. able to catalyse the regio- and enantioselective insertion of heteroatoms into 

molecular structures, even on inactivated bonds. These are reactions which are 

challenging, if not impossible, to perform using “classical” chemical methods. 

We first use photochemistry to approach the challenge of coenzyme regeneration. In 

chapter 2 we show an overview of the current state of the combinational field of 

biocatalysis and photochemistry. In chapter 3, we aim at contributing to this field by 

presenting a photochemical regeneration method for the co-enzyme, and photo mediator, 

FADH2. This flavin will then drive a styrene monooxygenase. A proof of principle is 

established and the main bottlenecks are identified; mainly several side reactions that 

occur at the excited flavin. One issue found is the uncoupling of the electrons at the 

reduced flavin to oxygen. In other words, the oxygen, required for the enzyme catalysed 

reaction, can also directly take up the electrons from the mediator and form peroxide. 

This phenomenon is also called the oxygen dilemma and is seen for all monooxygenases. 

We therefore focussed on several ways to solve this challenge. The first option, as shown 

in chapter 4, is to replace regular flavins by deazaflavins as the photomediator. 
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Deazaflavins are promising as their reduced state has been reported to be stable against 

molecular oxygen. Unfortunately they appear to lose this stability upon illumination. 

We therefore direct our attention to enzymes able to reverse the oxygen dilemma. This 

requires the use of the uncoupling mechanism to regenerate the active site, as done by 

the heme-containing proteins known as the peroxygenases. In their reaction mechanism, 

H2O2 directly attacks the heme group, forming the active compound I which supplies both 

the electrons as the oxygen atom. However, stoichiometric addition of H2O2 at the 

beginning of a reaction will oxidatively deactivate these proteins. These reactions are thus 

only viable when the H2O2 is supplied in a controlled manner. We therefore seek out to 

generate this H2O2 in situ in the reaction mixtures, ideally via reduction of oxygen at the 

expense of small sacrificial electron donors. We suggest a biocatalytic, an electrochemical 

and a photochemical method. 

In chapter 5, we use the oxidation of sulfite to sulfate by a sulfite oxidase to provide the 

H2O2. Here, the reactivity of sulfite itself appears to be pivotal. By switching between well- 

and poorly-soluble sulfite salts, the reaction performance can be significantly altered.  

In chapter 6, we apply electrochemistry to generate the peroxide. In a way, 

electrochemistry is the most elegant way of atom efficient H2O2 generation as the 

electrons are directly used to reduce the oxygen. However, an over potential is needed to 

drive these reactions, increasing the amount of energy needed for the reaction. We 

therefore set out to use electrodes coated with oxidized carbon nanotubes, previously 

reported to lower this required over potential, to drive a vanadium dependant 

chloroperoxidase.  

In chapter 7, we set out to generate the H2O2 using heterogeneous photo catalysts. Here 

we find graphitic carbon nitrides to be efficient at reducing oxygen at the expense of 

formate. One challenge in these reactions is the enzyme deactivation by reactive oxygen 

species and radicals concurrently generated by the photo excitable semiconductors. One 

solution to this problem that we suggest is the spatial separation of the photocatalyst and 

the biocatalyst within the reactor.  

In chapter 5, 6 and 7 we focussed on reductive processes utilizing H2O2. In chapter 8 we 

show an alcohol oxidase to do the reversed in an oxidative manner. These enzymes use 

the uncoupling of the electrons to oxygen to release peroxide after a substrate 

conversion. This gives them a great advantage over the established alcohol 

dehydrogenases conventionally used for these reactions. As an example, we show the 

application of an aryl alcohol oxidase for the production of an industrially relevant 

fragrance. This reaction performs so well that not enzyme kinetics, but phase transfer 
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phenomena become rate-limiting. We tackle this challenge via reactor design, focussing 

on flow chemistry to alleviate oxygen transfer limitations and a two liquid phase approach 

to overcome substrate transfer limitations. 

Finally, in chapter 9, we present an overview of the main results presented in this thesis 

and put them into perspective. We believe that the combination of biocatalysis and 

photochemistry, though intriguing, is still at an early stage in development and therefore 

not yet attractive for practical application. The biocatalytic regeneration of cofactors is the 

most conventional of those presented. We do believe though, that the electrochemical 

methods presented might prove to be an interesting alternative in the future.  

Altogether, we have presented an array of different methods to apply oxidoreductases 

that rely on oxygen for their function. Because of the unique reactivity of oxygen, one can 

encounter challenges not easily solved with the classical ways. We really hope to convey 

the profitability of “borrowing” techniques from the other fields of science to approach 

these challenges.  
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Biocatalysis 

In 1897, Eduard Buchner found the formation of alcohols from sugar to occur 

upon addition of cell-free yeast extract. With this, he was the first to observe the proteins 

from the extract, the enzymes, to act as a catalyst for chemical reactions which later 

earned him the noble prize in chemistry [1]. Now, over a century later, we are able to 

modify, produce and use these biocatalysts to accelerate a large range of chemical 

reactions [2-4]. The application of enzymes for chemical synthesis comes with several 

perks. First of all, as is general for catalysts, enzymes can lower the amount of free energy 

needed for a certain reaction to occur. This results in a significant increase in reaction 

rates and, in some cases, obsoletes the need for stoichiometric amounts of reactant. 

Furthermore, enzymes generally excel at reaction specificity as compared to other 

chemical catalysts. Due to the specific architecture of the enzyme, these biocatalysts can 

very specifically alter the molecular structure of the compounds accepted, minimizing the 

amount of side products, and thus waste, produced. The mesotrophic conditions at which 

these enzymes can work further makes them the ideal candidates for performing “green 

chemistry” [5]. In other words, the use of enzymes for production of reagents used in our 

daily life, could significantly make our way of living more sustainable. 

Enzymes are categorized into seven distinct classes. Amongst those, enzymes in the class 

of oxidoreductases (EC 1) are able to selectively transfer electrons from or to a substrate 

under environmentally benign conditions. This makes them very promising catalysts for 

the synthesis of chemicals needed for our daily life [6-8]. Within the class of 

oxidoreductases, there are several examples of enzymes able to activate oxygen. For 

example, oxygenases are able to activate molecular oxygen and to insert an oxygen atom 

into a chemical structure [9], whereas oxidases use molecular oxygen as an electron 

accepter to close a redox-balance of a preceding reduction reaction [10]. These reactions 

can be very difficult, if not impossible, to perform using classical chemical methods. Here, 

especially on regio- and enantioselectivity, enzymes greatly excel over their chemical 

counterparts.  

The chemistry happening at the enzyme active site is often enabled by cofactors. Common 

(metallo-) organic cofactors, and most relevant for this thesis, are the flavin [11, 12] and 

heme prosthetic groups (scheme 1) [13]. Furthermore, active sites of oxidoreductases can 

also contain inorganic cofactors such as copper [14], vanadium [15], (non-heme) iron [16], 

molybdopterin [17], tungstenpterin [18] or zinc groups [19]. These cofactors can be 

versatile in the type of reaction they catalyse. Flavoproteins can, for example, enable 

hydroxylation, epoxidation, halogenation, Baeyer-Villiger oxidation and sulfoxidation 

reactions [9]. The large scaffold of the enzyme, in turn, shapes the architecture of the 
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active site, thereby providing the high enantio- and regio-selectivity for the product 

converted. 

 

 

Scheme 1: the versatility of flavin and heme prosthetic groups in oxygenation reactions. 

 

Oxidoreductases owe these extraordinary properties to millions of years of evolution 

aimed at smoothly guiding all the redox-processes occurring in a living cell. To guarantee a 

controlled transfer of electrons from the solution to the active site and vice versa, most 

oxidoreductases rely on coenzymes as carriers. These coenzymes mainly encompass 

nicotinamide and flavin structures, as depicted in scheme 2. In other cases, complete 

proteins, like ferredoxins, can act as electron carrier. 
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Scheme 2: The oxidized (left) and reduced (right) state of nicotinamide (top) and flavin (bottom) coenzymes. For 

flavins, also a semiquinone radical intermediate state is possible in the case of single electron transfers.  

 

Their preference for these electron carriers, however, becomes an issue when one tries to 

take the enzyme outside the cell and use it in a reactor. This, as a stoichiometric amount 

of the coenzyme is needed, which would significantly increases the cost and 

environmental impact of the reaction [20].  

 

Coenzyme regeneration 

The classical solution to this challenge is to have these compounds present in a 

catalytic amount and to introduce a regeneration system, either in vivo or in vitro. The in 

vivo solution would be to express the biocatalytic reaction in a host, which will then 

consume an energy-rich substrate to obtain the reducing equivalents [21]. For the other 

option, the in vitro approach, a second enzyme regenerating the coenzyme at the expense 

of a cosubstrate is introduced to the reaction [22]. 

Neither of these systems are ideal. The implementation of the desired redox reaction into 

a microorganism is relatively cost-effective, but requires consideration of all the side 

reactions occurring in a living cell. Both substrate and product could participate in other 
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metabolic processes, stirring the carbon flux away from the desired product. In addition, 

the high concentrations of substrate and product required to make the system 

economical, 100 to 250 mM in the case of small compounds [23], could affect the well-

being of the host.  

For the biocatalytic regeneration of coenzymes, the biocatalyst of choice is often an 

alcohol dehydrogenase (ADH) or a ketoreductase (KRED). The second enzyme oxidizes an 

alcohol to a ketone to provide the reducing equivalents of a coenzyme while the reverse 

reaction is applied to drive oxidative reactions. The introduction of a second enzyme to 

the reaction can often turn out unfavourable. First, the two biocatalytic reactions need to 

be compatible in temperature, pH and substrate in order to function in the same solution. 

Often, compromises need be to made to make both work. Second, stoichiometric 

amounts of cosubstrate are required, which decreases the atom efficiency. Furthermore 

stoichiometric amounts of coproduct are formed, which complicates downstream 

processing [24]. Despite these hurdles, multiple examples of oxygenases producing 

industrially relevant compounds are reported [25]. Notable examples are shown in table 1.  
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Table 1: Examples from industry of pharmaceuticals where oxidoreductases were involved for the production of 
pharmaceuticals. CHMO: Cyclohexanone monooxygenase. CYP450: Cytochrome P450. KRED: Ketoreductase. 
PrOH: isopropanol. PEG: Polyethyleneglycol. DMSO: Ditmethylsulfoxide. All shown examples were designed by 
Codexis.  
 

Enzyme 
 

Product 
 

Specifications 
 

CHMO 

 

 
 

Armodafinil 
 
 

NADPH, FADH2, 
KRED 

Water/PrOH/ 
PEG 

 35 °C, 48 h 
15 g isolated 

yield 

CHMO 

 

 
Esomeprazole 

 

NADPH, KRED 
Buffer pH 
9.0/PrOH 

25 °C, 48 h 
87% yield 

26 g isolated 
yield 

CYP450 

 
 

 
 

Nilotinib 
 

Water/DMSO, 
30 °C 

34% conversion 
10 mg isolated 

yield 
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In summary, the regeneration methods available at the moment mainly rely on second 

enzyme systems for coenzyme regeneration, which leads to elaborate reaction schemes. 

Despite this, the selectivity of these oxygenases can still make them the catalyst of choice 

in cases of highly valuable end products. Still, considerable gain can be achieved by finding 

ways around these regeneration methods, both in terms of cost and simplicity. 

Consequently, an increasing amount of research is performed on finding alternative ways 

to regenerate oxidoreductase systems.  

 

Alternative regeneration methods for oxygenases 

Several reviews already discuss methods for indirect regeneration of 

oxidoreductases: to keep the interaction between the coenzyme and enzyme intact, but 

to regenerate the coenzyme in a non-biocatalytic manner (scheme 3). Research has mainly 

focussed on regenerating flavin coenzymes, rather than nicotinamide coenzymes. This 

could be explained by the more versatile chemistry of the flavin, like the possibilities of 

accepting photons or single electrons, which creates more options for creative solutions in 

balancing redox reactions [12, 26]. Furthermore, in the case of chemical regeneration of 

NADH, the regeneration can be complicated by the formation of reduced isomers or 

dimers of the nicotinamide ring [27]. This formation of biologically inactive variants is 

circumvented with biocatalytic regeneration methods.  
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Scheme 3: Example of an alternative regeneration method in order to simplify electron transfer schemes, as 

elaborated in chapter 3. Instead of three enzymes, only a monooxygenase and a light source are required.  

 

For flavins and flavoenzymes, the reported regeneration methods are numerous. Amongst 

others, flavins have been reduced using homogenous catalysis, heterogeneous catalysis, 

electrochemistry and photochemistry. Some examples are summarized in table 2.   
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Table 2: Assortment of alternative regeneration methods of flavoenzymes. StyA: Styrene monooxygenase. 

CYP450: Cytochrome P450. RebH: Halogenase from Lechevalieria aerocolonigenes. OYE: Old yellow enzyme. 

PAMO: Phenylacetone monooxygenase.  

Method 
 

Co-catalyst 
 

Electron donor 
 

Enzyme 
 

Reaction 
 

Ref 
 

Nicotinamide 
mimics 

- 

 

StyA Epoxidation [28]  

CYP450 Hydroxylation [29]  

RebH Halogenation [30] 

OYE Ene reduction [31] 

Rhodium 
catalyst 

 

 

HCOOH StyA Epoxidation [32] 

Cathode OYE Ene reduction [33] 

Electro-
chemistry 

- Cathode 

StyA Epoxidation 
[34, 
35] 

CYP450 Hydroxylation [36] 

Photo-
chemistry 

FMN 

 

OYE Ene reduction [37] 

PAMO 
Bayer-Villiger 

oxidation 
[38] 

TiO2 

 

OYE Ene reduction [39] 
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The oxygen dilemma 

If oxygenase-catalysed reactions are considered, one challenge is the so-called 

oxygen dilemma [40]. When molecular oxygen is bound to the reduced flavin or heme 

group in the enzyme active site, the reaction sequence does not necessarily follow the 

enzymatic oxygenation reaction of a substrate. Instead, the oxygen can also be eliminated, 

forming hydrogen peroxide in the process, which results in a loss of electrons. This 

phenomenon is called uncoupling of the electron flow. 

 

 

Scheme 4: Redox cycle and oxygen activation for flavins, with the uncoupling of electrons in red.  
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Scheme 5: Redox cycle and oxygen activation of the iron in heme groups. The uncoupling of electrons is shown in 

red.  

 

The extent of uncoupling is influenced by factors like substrate and product concentration 

and the active site architecture. It occurs in as much as 30% of reaction cycles for so-called 

“cautious” monooxygenases (oxygenases that rely on the substrate to be readily available 

to avoid uncoupling) [41, 42]. As a consequence, up to one third of all electrons invested 

into the system are lost. The peroxide formed can also induce oxidative damage to the 

reaction components, but this harm can easily be averted by adding catalase to the 

reaction mixture. Furthermore, uncoupling not only occurs at the flavin and heme groups 

in enzyme active sites, but also affects free flavins and other mediators in solution or with 

electron transfer proteins. In the least favourable conditions, for instance when the 

reaction requires free diffusible flavins, the formation of H2O2 occurs for up to three 

quarters of the reduced flavins [32]. 

The oxygen dilemma can thus pose a large strain on the efficiency of monooxygenase-

catalysed reactions. This is why several methods have been developed to work around, or 

minimize the effects of the side reaction. Efforts can be made on the enzyme engineering 

side, to make sure the C4a-peroxide flavin intermediate (scheme 1) is stabilized [43, 44]. 

On the other hand, reaction engineering can increase the efficiency: In situ product 

removal can decrease the uncoupling constants within the enzyme active site [45], while 
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shortening of electron transfer chains can reduce electron loss towards the enzyme [46]. 

Furthermore, mediators less sensitive to uncoupling, like deazaflavins, can be applied [47, 

48]. In general, mediators which participate in hydride transfers are less likely to react 

with oxygen than those able to be reduced via single electron transfers [49].  

 

Peroxygenases 

Oxygenases are able to catalyse some compelling reactions but can suffer from 

the oxygen dilemma. There are, however, alternative enzymes which can actually exploit 

the uncoupling reaction. This tactic can be approached with two distinct enzyme classes, 

the oxidases and the peroxygenases. Oxidases are mostly flavin containing enzymes, 

though examples of molybdenum [50] and copper [51] containing proteins also exist. As 

the name implies, these enzymes are able to perform oxidation reactions on an array of 

compounds. To close the electron balance, the electrons are subsequently uncoupled by 

oxygen, forming H2O2, the unwanted reaction in the case of oxygenases.  

For peroxygenases, the reversed path for H2O2 is used, i.e. peroxide directly attacks the 

oxidized coenzyme in order to form the active oxygenating species. Through this pathway, 

both the oxygen atom as the reducing equivalents are delivered. Though examples exist 

for flavoproteins [52] and vanadium containing halogenases [53], most reactions come 

from the heme-containing class of peroxygenases [54-56]. In these enzymes, the peroxide 

shunt pathway (red arrow in scheme 5) is reversed to form the active compound I species. 

This enables access to similar reactions as catalysed by other heme-oxygenases, but at the 

expense of peroxides instead of NAD(P)H and oxygen. In other words, both the need for 

an electron transport chain as the risk of electron loss via uncoupling are negated. The 

reactions catalysed are similar to those of their counterpart, the P450s. On the other 

hand, the availability of these peroxygenases is not yet as elaborate. Momentarily 

considerable work is invested in peroxygenase protein engineering and expanding the 

substrate scope for this class of enzymes.  

Though the use of these peroxygenases results in much less complicated reaction 

schemes, they come with one main challenge. This is the sensitivity of the peroxygenases 

for the peroxide. As H2O2 is also a strong oxidant, a significant amount in solution could 

initiate the oxidation of labile amino acids on the peroxygenase surface [57]. Furthermore, 

heme-bleaching of the peroxygenase might occur, which is presumably due to the 

reaction between the compound III state of the heme coenzyme and H2O2 [58-60]. The 

exchange of oxidative prone-amino acids on the enzyme surface to more stable ones via 

protein engineering has been proven to be a viable solution [61], as is the tactic of enzyme 



 

27 
 

immobilization [62]. Furthermore, the addition of organoperoxides instead of hydrogen 

peroxide reduces the oxidative conditions in the reaction [63]. The most practical and 

universally applicable technique though, is the in situ generation of H2O2 via the reduction 

of molecular oxygen [54].  

The most prominent example of in situ H2O2 generation is that of glucose oxidase [64]. In 

this system, glucose is added as a cosubstrate and oxidized to gluconolactone. The 

reduced flavin at the oxidase is subsequently uncoupled with oxygen to form the H2O2. 

Though this method excels in simplicity, it will not support the progress of peroxygenases 

to larger applications. A large excess of glucose will greatly increase the viscosity of the 

solution and the product of the reaction in turn will acidify the solution. From green 

chemistry point of view the use of a 180 g/mol substrate to generate a 34 g/mol product 

cannot be considered benign.  

An array of alternatives have been reported in literature. Methods which generate the 

peroxide range from chemical, to biocatalytic, electrochemical and photochemical. For the 

generation method to work, it would need to reduce a steady amount of oxygen, while 

minimizing its effect on the peroxygenase. Some examples are shown in table 3. 
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Table 3: Assortment of in situ H2O2 generation methods for peroxygenases. GOx: Glucose oxidase. AAOx: Aryl 

alcohol oxidase. FDM: Formate dismutase. FDH: Formate dehydrogenase. 3HB6H: 3-Hydroxybenzoate-6-

hydroxylase. FOx: Formate oxidase. SWNT: Single walled nanotubes. MB: Methylene blue. PS: Phenosaphranine. 

Au-TiO2: Gold-doped titanium dioxide.  

Method 
 

Co-catalyst 
 

Electron donor 
 

Ref. 
 

 
Chemical 

 

Pd(0) H2 [65] 

FMN 

 

[66] 

Biocatalytic 

GOx 

 

 

[67] 

AAOx / FDM / FDH / 
3HB6H / NAD

+
 

MeOH [68] 

FOx HCOOH [69] 

 
Electro-chemical 

 

- Cathode [70] 

Flavin-SWNT Cathode [71] 

Photo-chemical 

FMN 

 

 

[72] 

FMN / MB / PS /  
FDH / NAD

+
 

HCOOH [73] 

 
Au-TiO2 

 

HCOOH [74] 

H2O [75] 

Nuclear - H2O [76] 
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Outline of the thesis 

 

Scheme 6: Overview of the thesis outline. The catalysts used for the chapters are written in cursive. 
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This thesis aims to elaborate a multitude of alternative ways for applying 

oxidoreductases in chemical synthesis reactions without relying on classical regeneration 

systems to provide the redox-equivalents. Specifically, we focus on biocatalysts able to use 

oxygen for their reactions.  

After the general introduction in chapter 1, the first three chapters focus on 

photochemistry. In chapter 2, we give an overview of the present state of the use of 

photochemistry in biocatalysis.  

In chapter 3 we attempt to contribute to this field by presenting a photochemical 

regeneration method for FADH2, at the expense of EDTA, to enable the enantioselective 

epoxidation of styrene by a styrene monooxygenase. A proof of concept is provided and 

the limitations of the suggested system are indicated.  

One prominent challenge in these reactions appears to be the oxygen dilemma; the 

paradox of molecular oxygen which is needed as a substrate for these reactions but is also 

responsible for the uncoupling of electrons and loss of reducing equivalents. The rest of 

the thesis therefore aims at how to deal with this phenomenon with different approaches 

We aim to block the oxygen dilemma in chapter 4, by investigation of the use of 

deazaflavins as photo excitable mediators for biocatalytic reactions. Unlike their natural 

counterparts, reduced deazaflavins are reported to be stable in presence of molecular 

oxygen and should therefore be able to counter the uncoupling. In this chapter, an 

example of coupling the photo-reduction of deazaflavins to an ene-reductase is shown.  

We aim to exploit the oxygen dilemma in chapter 5, 6 and 7. Our approach here is to use 

peroxygenases, which are able to regenerate their active site with H2O2 to invert the 

uncoupling pathway usually observed in heme-proteins. The challenge here is to find 

efficient ways to generate the H2O2 in situ. 

In chapter 5 sulphite oxidases are tested as candidates for the biocatalytic generation of 

H2O2. In this case, sulphite is the sacrificial electron donor for the reaction, but the ions 

can also participate in chemo-enzymatic follow-up reactions. This reaction is then coupled 

to unspecific peroxygenases.  

In chapter 6 we focus on the electrochemical generation of H2O2. Specifically, we focus on 

the use of oxidized carbon nanotubes at the cathodic reaction side in order to decrease 

the required over-potential needed for oxygen reduction. The H2O2, in turn, used to drive 

a vanadium-dependant chloroperoxygenase.  
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In chapter 7 the photochemical generation of H2O2 is evaluated. Here we expand the 

variety of heterogeneous catalysts for this purpose. Furthermore, we point out and solve 

some challenges and limitations of such chemo-enzymatic systems in combination with 

unspecific peroxygenases.  

In chapter 8 we aim at turning around the oxygen dilemma. Specifically, we focussed on 

the application of an aryl alcohol oxidase which performs oxidation reactions and actually 

uses the uncoupling with oxygen to close the redox balance. This works so well that not 

the enzyme, but the availability of substrates via phase transfers become reaction limiting. 

We improved the reaction design in order to overcome these transfer limitations.  

Finally, in chapter 9, we place the obtained results into perspective with the state of the 

art literature available. Furthermore, we evaluate the opportunities and limitations of the 

investigated reactions.  
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Summary 

In photocatalysis, light is used as a weightless and traceless reactant to excite catalysts 

and enable reactions otherwise not possible in dark. This principle can be elegantly 

applied for biocatalytic redox reactions as an alternative method to regenerate redox 

couples. The combination of these two fields is now slowly getting more attention and 

more examples are published on it every year. In this chapter, we give an overview of this 

field, compare the different methods and show some limitations.  
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Introduction 

Organic synthesis using enzymes is usually called biocatalysis. During the past 

decades, biocatalysis has been enjoying an ever increasing popularity amongst synthetic 

organic chemists. Especially, the mild reaction conditions and the usually high selectivity 

of enzyme-catalysed reactions are valued on lab and industrial scale [1-4]. 

While industrial biocatalysis mostly relies on one-step transformations the trend in 

academic research more and more shifts towards multi-step syntheses transforming 

simple starting materials into significantly more complex (and value-added) products [5,6]. 

Such cascade reactions are particularly attractive if intermediate product isolation and –

purification can be omitted leading to significant savings in solvent use and reduced 

environmental footprints [7]. Cascades comprising several enzymatic steps or combining 

transition metal catalysis, organo catalysis or heterogeneous catalysis are frequently 

reported nowadays [5,6]. Following them, photoenzymatic reactions (combining 

photocatalytic reactions with biocatalytic ones) are catching up [8-11]. 

Photobiocatalysis using isolated enzymes can be divided into (1) photocatalytic 

regeneration cascades, (2) ‘true’ photoenzymatic cascades and (3) photoenzymatic 

reactions. In photoenzymatic cascades, redox enzymes are supplied with redox 

equivalents needed for their catalytic cylces, i.e. photocatalytic regeneration of redox 

enzymes. ‘True’ photoenzymatic cascades combine a biocatalytic transformation with a 

photocatalytic generation of the enzyme’s starting material or a follow-up step of the 

enzymatic product. ‘Photoenzymes’ need light to perform their catalytic reaction.  

In this contribution we critically review the current state-of-the-art of all types of 

photoenzymatic cascades. 

 

Photocatalysis to regenerate redox enzymes 

Reductive regeneration 

A broad range of biocatalytic redox reactions require reductive regeneration, i.e. 

provision of the production enzyme with reducing equivalents. First, reduction reactions 

catalysed by reductases obviously require reducing equivalents. However, a wide variety 

of oxidation reactions involve reduction of the production enzymes (monooxygenases). 

This seeming contradiction can be explained by the catalytic mechanism of 

monooxygenases: molecular oxygen is reductively activated at the enzymes’ active sites to 

be incorporated into the substrates. 



 

39 
 

Principally, reductive regeneration of redox enzymes can be achieved either directly, i.e. 

by direct reduction of the enzymes’ active sites or indirectly, i.e. involving the 

nicotinamide cofactors. Both approaches will be outlined in the following sections. 

 

Via regeneration of reduced nicotinamide cofactors 

The reduced nicotinamide cofactors NADH and NADPH play a pivotal role as 

electron donors in many biocatalytic redox reactions (scheme 1) 
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Scheme 1. Selection of preparatively relevant NAD(P)H-dependent redox reactions. ADH: alcohol dehydrogenase, 

IRED: imine reductase, CAR: carboxylic acid reductase, ER: ene reductase, BVMO: Baeyer-Villiger 

monooxygenase; MO: monooxygenase (general). 
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The basic electrochemical features of the nicotinamide cofactors are shown in scheme 2. 

In essence, NAD(P)H serves as biological hydride donor while its oxidised pendants 

(NAD(P)
+
) serve as hydride acceptors. 

 

 

Scheme 2. Structure and basic electrochemistry of the nicotinamide cofactors. 

 

The central role of NAD(P) as electron donor and –acceptor in biocatalytic redox reactions 

has motivated researchers to develop in situ regeneration systems to allow for the use of 

these costly cofactors in catalytic amounts and thereby reduce their cost contribution to 

the desired product [12].  

Today, enzymatic regeneration systems prevail in preparative application, mostly due to 

their inherent compatibility with the enzymatic production systems but also due to the 

ease of application. The most common systems are shown in scheme 3. 
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Scheme 3. Selection of common enzymatic NAD(P)H regeneration systems. 

 

Another reason for the dominance of enzymatic regeneration systems lies in their intrinsic 

regioselectivity. The reduction of NAD(P)
+
 to NAD(P)H can principally lead to three 

different regioisomers of NAD(P)H while only the 1,4-NAD(P)H can be used by the 

production enzyme. Hence, a successful NAD(P)H regeneration system must be highly 

selective otherwise, losses in the costly nicotinamide cofactor due to formation of inactive 

regioisomers will make the approach economically unattractive [13]. 

Unfortunately, the majority of photocatalysts follow a so-called ECE (electron transfer – 

chemical – electron transfer) mechanism resulting in two major issues for the selective 

formation of 1,4-NAD(P)H. First, the intermediate NAD-radical can dimerise (comprising 

yet another pathway to inactivate the nicotinamide cofactor). Second, the chemical 

protonation step seldom is regioselective leading to the formation of the undesired 

NAD(P)H isomers (scheme 4) [14]  
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To circumvent (or at least alleviate) the loss of enzyme-active 1,4-NAD(P)H due to direct 

single electron reduction by the reduced photocatalyst, generally a relay system is applied 

to convert the ECE-steps into a regioselective hydride transfer step. The organometallic 

complex [Cp*Rh(bpy)(H2O)]
2+

 proposed by Steckhan [15-20] or NAD(P)H:Flavin 

oxidoreductases [21-25] are the most frequently used for this purpose. 

 

 

Scheme 4. ECE mechanism of NAD(P)+ reduction and its consequences for the formation of NAD(P)-dimers and 

NAD(P)H isomers. 

 

A selection of photochemical NAD(P)H regeneration systems used to promote biocatalytic reduction 

reactions is summarised in table 1. Although various photocatalysts and relay systems have been 

reported in the past ten years, the overall NAD(P) turnover numbers and the product concentrations 

achieved so far are disillusioning. Compared to the multiple thousands (even millions) reported for 

enzymatic regeneration systems the current performance falls back by orders of magnitude. 

Significant improvements will be necessary in the nearer future to make photochemical 

NAD(P)H regeneration systems a viable alternative (rather than a lab curiosity) to existing 

enzymatic systems.   
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Table 1. Selection of indirect photochemical NAD(P)H regeneration systems. 

 
Cosubstrate Photocatalyst Enzyme / 

Product [mM]) 
TN 

(NAD(P)
+
) 

TN (Catalysts) Ref 

[Cp*Rh(bpy)(H2O)]
2+

 as relay system [26] 

TEOA CNR GluDH / 
Glutamate (10) 

10 Rh: 20 / CNR: n.d. 

GluDH: n.d. 

[27] 

TEOA mCNS LacDH / 
Lactate (5) 

5 Rh: 20 / mCNS:  

n.d. / LacDH: n.d. 

[28] 

TEOA Eosin Y GluDH / 
Glutamate (10) 

200 Rh: 40 / Eosin Y:  

500 / GluDH: n.d. 

[29,30] 

TEOA [Ru(bpy)3]
2+

  GluDH / 
Glutamate (5) 

5  [31] 

H2O [Co4(H2O)2(PW9O34)2]
10-

 GluDH / 
Glutamate (5) 

1.5  [31] 

TEOA Chemically converted 
graphene 

LbADH /  
Various alcohols 
(<10 mM) 

15 Rh: 30 [32,33] 

TEOA Chemically converted 
graphene 

FDH / HCO2H  116 Rh: 232 [34-
36] 

 Hydrogen-Terminated 
Silicon Nanowires 

GluDH / 
Glutamate (5) 

4 Rh: 20 [37] 

NAD(P)H:Flavin oxidoreductases as relay system 

Asc. acid Quantum dots TbADH / 
Isobutanol 

8 FNR: 3167 [23] 

EDTA DRf ADH-A / Chiral 
alc. (<5 mM) 

21 PDR: 870 / DRf: 72 
/ MV: 17 

[21] 

TEOA: triethanolamine; CNR: graphitic carbonitride nanorods; mCNS: mesoporous carbonitride spheres; LacDH: 

lactate dehydrogenase; GluDH: glutamate dehydrogenase; FDH: formate dehydrogenase; DRf: 5-deazariboflavin; 

MV: methyl viologen.  
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An interesting cascade for the complete reduction of CO2 to methanol using solar-

powered regeneration of NADH to promote dehydrogenase-catalysis was reported by Park 

and coworkers (scheme 5) [38]. The methanol yields and efficiency of the complex cascade 

still leave room for improvement, but nevertheless a convincing proof-of-concept was 

provided. 

 

 

Scheme 5. Coupling photochemical water oxidation to enzymatic CO2 reduction. The photocatalytic cascade 

comprises BiFeO3 as photoactive catalyst transferring electrons to [Cp*Rh(bpy)(H2O)]2+. The electrons are 

obtained from water by co-catalysis of cobalt phosphate (CoPi) and α-Fe2O3. The reduced Rh-complex specifically 

transfers NAD+ into NADH, which drives the reduction of CO2 to MeOH through a cascade of formate 

dehydrogenase (FDH), formaldehyde dehydrogenase (FaDH) and alcohol dehydrogenase (ADH). 

 

Conspicuously, most reduction reactions have been reported so far with few exceptions 

on monooxygenases [39,40]. A plausible explanation for this is the so-called Oxygen 

Dilemma [41]. Since most photochemical redox reactions follow single electron transfer 

mechanisms, radicals are involved in the NAD(P)H regeneration step. Radicals, however, 

react very fast (diffusion-controlled) with molecular oxygen thereby diverging the electron 

flow away from NAD(P)
+
 (or the relay catalysts) to O2 [42]. 

 

Via direct regeneration (NAD(P)H-independent approaches) 

Although NAD(P)H serves as a universal reductant in biocatalytic systems, it is not 

necessarily involved in the enzymes’ catalytic mechanisms. In these cases, other 

reductants can take over from NAD(P)H thereby significantly simplifying the overall 

regeneration scheme.  

Flavin-dependent reductases 
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Flavin-dependent old yellow enzyme (OYEs), for example, have been in focus of 

direct photochemical regeneration for some time now. Flavins (scheme 6) exhibit a more 

flexible redox chemistry especially if compared to the aforementioned nicotinamide 

cofactors. Therefore, flavoenzymes appear more suitable for direct (not including 

NAD(P)H) regeneration e.g. by reduced photosensitisers.  

 

 
Scheme 6. Structural features and basic redox chemistry of flavins. 

 

A selection of recent examples comprising photochemical regeneration of OYEs is listed 

(table 2).  
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Table 2. Selected examples of C=C-bond reductions using photochemically regenerated OYEs. 

 

Product Cosubstrate OYE Photocatalyst Mediator TN (OYE / 

Photocat./ 

Mediator) 

ref 

 

EDTA YqjM FMN FMN 10900 / 

1000 

[43, 

44] 

TEOA YqjM CdSe MV2
+
 n.d. [45] 

MOPS/ H2O YqjM Au-TiO2 FMN 650 / n.d. / 

50 

[46] 

Cathode TsOYE Flavin-

modified 

CNT-cathode 

- 230 / 2 [47] 

 

 TsOYE Rose bengal - 250 / 40 [48] 

 

EDTA DrER & 

RmER 

FMN - 2080 / 16 [49] 

 

 

H2O Flavocyto-

chrome c 

(fcc3) 

TiO2-modified 

FTO anode 

for water 

oxidation 

- n.d. [50] 

YqjM: OYE from Bacillus subtilis; TsOYE: OYE from Thermus scotoductus; FTO: fluorine-doped tin 

oxide; MV: methyl viologen; FMN: flavin mononucleotide. 
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One advantage of the NAD(P)H-independent, direct regeneration of OYE is that the costly 

and instable nicotinamide cofactor (together with an enzymatic regeneration system) can 

be omitted from the reaction scheme. Furthermore, photochemical OYE-regeneration 

systems do not regenerate the nicotinamide cofactor. Thus, NAD(P)H-dependent enzymes 

are not regenerated and possible side-reactions such as ketoreduction are avoided. To 

achieve this chemoselectivity with traditional regeneration schemes, highly purified 

enzyme preparations (devoid of any ADHs) are required. Hence, photochemical, direct 

regeneration of OYE not only offers the opportunity of saving costs by omitting the 

nicotinamide cofactor (and its regeneration system) but also for products of higher purity 

due to the high chemoselectivity of the reaction (scheme 7) 

 

 
 
Scheme 7. Increased chemoselectivity of OYE-catalysed reduction of conjugated C=C-double bonds via direct, 

NAD(P)H-independent regeneration of the flavin-prosthetic group. ‘Contaminating’ alcohol dehydrogenases 

(ADHs) catalysing the carbonyl reduction of both, the starting material and the products are not regenerated and 

therefore remain inactive. 

 

Non-flavin-dependent reductases 

In addition to the above-mentioned flavo-enzymes also metal-dependent 

oxidoreductases can be regenerated via direct (NAD(P)H-independent) electron transfer. 

Especially, the Armstrong group contributed a range of photocatalytic systems such as the 
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direct reductive regeneration of Ni-dependent CO-dehydrogenases to reduce CO2 into CO, 

which could be used e.g. in Fischer-Tropsch-like syntheses of alkanes [51-54]. 

Formate dehydrogenase (FDH) is also widely studied especially by the Reisner lab for the 

reduction of CO2 into formate. For example, dye-sensitised semiconductors combined 

with a formate dehydrogenase enable accumulation of millimolar concentrations of 

formate at the expense of triethanolamine (TEOA) as sacrificial electron donor [55]. More 

elegantly, water would serve as electron donor, which was demonstrated by the same 

group by combining the FDH-catalysed reduction reaction in a divided cell to the 

photosystem-catalysed oxidation of water [56].  

Photobiocatalytic H2 production utilising hydrogenases have also been investigated 

intensively by these groups [57-62]. The turnover numbers observed with hydrogenases 

tend to be excellent ranging in the millions range. Finally, selective dehalogenations are 

worth mentioning here [63]. 

 

Direct reductive regeneration of monooxygenasesr 

Monooxygenases catalyse a broad range of synthetically useful 

oxidation/oxyfunctionalisation reactions for which classical chemical synthesis has not yet 

developed efficient catalysts. (Stereo)selective hydroxylation of non-activated sp
3
-C-H-

bonds for example is a reaction where especially the so-called P450 monooxygenases 

excel [64-67]. 

The catalytic mechanism of monooxygenases comprises reduction of the prosthetic group 

in the first step followed by reductive activation of molecular oxygen yielding a highly 

reactive oxyferryl species (in case of P450 monooxygenases) or an organic hydroperoxide 

(in case of flavin-dependent monooxygenases), which mediates the desired 

oxyfunctionalisation reaction. The reducing equivalents needed in this mechanism are 

usually derived from reduced nicotinamide cofactors via more or less complex electron 

transport chains. Especially P450 monooxygenases, due to their O2-activation mechanism 

comprising a sequence of single electron transfer, O2-binding and –reduction followed by 

a second single electron transfer step and water elimination, require a relay system to 

transform the hydride donation step from NAD(P)H into the required single electron 

transfer steps. As a result, especially in case of P450 monooxygenases, the electron 

transfer chain tends to be rather complex (scheme 8). 
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Scheme 8. Generalised molecular architecture of the electron transport chains of P450 monooxygenases. 

 

Therefore, it is not very astonishing that especially P450 monooxygenases have also been 

investigated envisaging direct electron transfer from various electron donors. The 

aforementioned radical character of most reduced photosensitisers now appears 

beneficial in view of direct regeneration of P450 monooxygenases yielding simplified 

regeneration schemes (scheme 9) [68]. 

 

 
Scheme 9. Direct, photochemical regeneration of P450 monooxygenases. The photoreduced mediators can 

either reduce the P450 monooxygenase (desired reaction) or they can react with dissolved O2 (undesired 

uncoupling reaction, Oxygen Dilemma). 

 

Various photosensitisers/mediators have been evaluated in the past decade. Amongst 

them porphyrins [69-71] and further organic dyes such as eosin Y [72,73] or (deaza)flavins; 

[74,75] most popular, however, are photoactive Ru-complexes [76-82]. Wiring P450 

monooxygenases to the natural photosystem for light-driven, water-utilising reactions 
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have also been reported [83,84]. Direct, photocatalytic regeneration of some flavin-

dependent [85-87] and Cu-dependent monooxygenases [88] has also been tried. 

Despite the promise of simplified and therefore more efficient regeneration of 

monooxygenases, preparative scale examples have yet to be delivered. Although a broad 

range of interesting oxyfunctionalisation reactions has been reported, the product titres 

tend to be in the lower millimolar, sometimes micromolar range. Obviously, this severely 

limits the preparative usefulness of direct (photochemical) regeneration approaches of 

P450 monooxygenases.  

The major limitation of these approaches lies with their radical character. In contrast to 

hydride-reducing agents (such as NAD(P)H), single electron donors (radicals) readily react 

with (triplet) O2. Hence, under aerobic conditions, reduced photocatalysts can either 

deliver their reducing equivalents to the monooxygenases (desired electron transfer 

pathway) or can directly react with dissolved O2 (thereby uncoupling the electron supply 

from the monooxygenase reaction) (scheme 9) [41]. 

So far, no satisfactory solution to the oxygen dilemma has been proposed, leaving this an 

open question in photochemically-driven monooxygenase reactions. 

 

Oxidative regeneration 

In oxidative regeneration of redox enzymes, again, principally NAD(P)-dependent 

and NAD(P)-independent approaches can be distinguished.  

 

Photochemical NAD(P)
+
 regeneration to drive ADH-catalysed oxidation reactions 

Compared to reductive use of ADHs, their application in the oxidative direction is 

far less common. One reason is that the oxidation of secondary alcohols usually destroys 

chiral information, whereas the reverse reaction, i.e. the reduction of ketones, leads to 

the formation of chiral (ideally enantiomerically pure) secondary alcohols. This also 

explains why the number of reported enzymatic NAD(P)
+
 regeneration systems falls back 

significantly behind the NAD(P)H regeneration systems. In essence, NADH-oxidases [89-

92] and ADH-catalysed NAD(P)H oxidation [93-96] prevail.  

Nevertheless, a range of photochemical NAD(P)
+
 regeneration systems have been 

reported. In contrast to the reverse reaction (photochemical reduction of NAD(P)
+
), 
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selectivity issues play no role in the reaction mixtures are the desired product (NAD(P)
+
) is 

aromatic and thereby thermodynamically stable without product isomers (scheme 10). 

 

 

Scheme 10. ECE mechanism of NAD(P)H oxidation. 

 

In an early contribution, Steckhan and coworkers reported a photoelectrochemical 

NAD(P)H oxidation system based on photoexcited [Ru(bpy)3]
3+

 complexes (scheme 11)) 

[97]. The reducing equivalents transferred to the photoexcited Ru complexes were then, 

in a spontaneous cascade, transferred to an anode. Unfortunately, this system proved to 

be rather complex and not efficient enough to be of preparative use. 

 

 

Scheme 11. The photoelectrochemical NAD(P)+ regeneration system proposed by Steckhan and coworkers to 

promote ADH-catalysed oxidation reactions. 

 

Later, we reported that photoexcited flavins are very efficient catalysts to oxidise NAD(P)H 

to NAD(P)
+
 [98,99] The spontaneous hydride transfer from NAD(P)H to oxidised flavins is 

actually known since decades [100-103] The sluggish reaction rate, however, demanded 

large molar surpluses of the flavin ‘catalyst’ to achieve acceptable overall reaction rates. 

Simple illumination of the reaction system with blue light (=450 nm, i.e. the absorption 
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maximum of oxidised flavins) increased the reaction rate by orders of magnitude thereby 

enabling truly catalytic use of the flavin photocatalyst (scheme 12). 

 

 

Scheme 12. Photochemical NAD(P)+ regeneration system using photoexcited flavins. Please note, the mechanism 

shown here is highly simplified. Most likely, flavin-semiquinone radicals formed by SET from NAD(P)H to the 

photoexcited flavin are formed reacting with O2 in a sequence of SETs. 

 

This approach is also applicable to various other photoactive redox dyes such as 

methylene blue, rose Bengal or Meldola’s blue [104]. 

 

Photochemical regeneration of H2O2-dependent enzymes 

As mentioned above, photochemical systems in the presence of molecular 

oxygen tend to uncouple. In other words, the reduced photocatalysts/mediators (mostly 

being radicals) react swiftly with molecular oxygen directly. In the case of photochemical 

NAD(P)
+
 regeneration systems this is the desired reaction. In cases where the reducing 

equivalents should be delivered to a biocatalyst (i.e. to a monooxygenase), this represents 

an undesired side reactions. In some cases, this side reaction dominates over the desired 

electron flow leading to a waste of up to 95% of the reducing equivalents (oxygen 

dilemma) [41]. The final product of this uncoupling reaction is H2O2. 

A range of enzymes (so-called peroxizymes), however, can use H2O2 productively in their 

catalytic mechanisms [105]. Hence, the oxygen dilemma can be used productively to 

promote peroxizyme-catalysed oxidation reactions! 
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Scheme 13: Peroxizymes utilise H2O2 to catalyse or initiate catalytic oxidation reactions. 

 

Peroxygenases (UPO for unspecific peroxygenases) are the most prominent peroxizymes. 

UPOs catalyse a very broad range of synthetically useful oxyfunctionalisation reactions 

such as regio- and stereospecific hydroxylations and epoxidations as well as stereospecific 

heteroatom oxygenations (scheme 3). As heme-dependent enzymes, however, they are 

also prone to rapid oxidative inactivation in the presence of H2O2 [106]. Therefore, a range 

of in situ H2O2 generation approaches have been developed in the past to balance the 

H2O2 concentration to the UPO activity and thereby minimise oxidative inactivation.105 

Most prominent at present, are enzymatic systems based on oxidases (i.e. enzymes that 

couple the oxidation of their substrate to the reduction of O2 to H2O2). In the past decade, 

we and others have developed a range of photocatalytic systems to drive peroxygenase- 

and peroxidase-reactions. As summary is given in table 3. Obviously, using water as 

cosubstrate would be the most attractive application of photocatalysis with peroxizymes. 

However the current state-of-the-art is hampered by the rather sluggish water oxidation 

rates making the resulting reaction systems rather slow. Next generation water oxidation 

catalysts are highly desired! 
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Table 3. Selection of peroxizyme reactions driven by photocatalytic H2O2 generation. 

 
Catalyst Cosub. Coprod. Peroxi-

zyme 

Product TTN 

(Enz.) 

Remarks ref 

Flavin EDTA EDTriA / 

H2CO / CO2 

CfCPO thioanisole 

sulfoxide 

22000 [a] [107, 

108] 

Flavin EDTA EDTriA / 

H2CO / CO2 

AaeUPO various <40000  [109] 

Flavin EDTA EDTriA / 

H2CO / CO2 

OleT 1-alkenes  [b] [110, 

111] 

Flavin-mod. 

cathode 

H2O O2 AaeUPO 1-phenyl 

ethanol 

123000  [112] 

Au-TiO2 MeOH CO2 AaeUPO various >60000  [113] 

Au-TiO2 H2O O2 AaeUPO various >30000  [114] 

Various 

dyes / FDH 

HCO2H CO2 AaeUPO 1-phenyl 

ethanol 

>40000 [c] [115] 

Flavin EDTA EDTriA / 

H2CO / CO2 

CYT450 

peroxy-

genases 

Hydroxy- 

myristic acid 

200 [d] [116] 

Flavin MES n.d. AmVHCPO Various 

halogenated  

2000 [e] [117] 

EDTA: ethylenediamine tetraacetate; EDTriA: ethylenediamine triacetate; MES: 2-(N-Morpholino)ethansulfonic 

acid; AmVHCPO: V-dependent haloperoxidase from Acaryochloris marina. [a]: Using a 2LPS approach significantly 

improved product formation. [b]: Photo-electrochemical approach. [c]: Combining color-complementary redox 

dyes allows for better usage of the visible light range. [d]: Low, due to poor solubility of the reagents. [e]: 

phenols and anilines 
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Photobiocatalytic cascades combining chemical and biocatalytic transformations 

Next to the various examples using photocatalysis to provide redox enzymes with 

redox equivalents for catalysis, there is also a growing interest in combining 

photochemical with biocatalytic transformations.  

Castagnolo and coworkers for example reported that a photo-catalysed thio-Michael 

addition yielding saturated ketones can be completed by an ADH-catalysed, 

stereoselective reduction of the carbonyl group yielding enantiomerically pure 1,3-

mercaptoalkanols in a one-pot setup (scheme 14) [118]. 

 

 

Scheme 14. Photoenzymatic cascade combining photoaccelerated thio-Michael addition and stereoselective, 

ADH-catalysed ketoreduction. 

 

The group around Cheruzel investigated the photocatalytic trifluoromethylation of 

alkylarenes followed by P450 monooxygenase-catalysed hydroxylation of the intermediate 

product (scheme 15) [77]. 

 

 

Scheme 15. Cascade of photocatalytic trifluoromethylation of arenes followed by P450 monooxygenase-

catalysed hydroxylation.  
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Another example of photocatalytic C-C-bond formation coupled to a selective biocatalytic 

reaction step was reported recently by He and coworkers (scheme 16) [119]. Here the 

authors combined the photocatalytic oxidation of 2-arylindoles to 2-arylindol-3-ones 

combined with an enantioselective, lipase-catalysed addition of enolisable ketones 

yielding enantioenriched 2,2-disubstituted indol-3-ones. 

 

 

Scheme 16. Photocatalytic oxidation of 2-arylindoles to 2-arylindol-3-ones coupled to a lipase-catalysed C-C-bond 

formation. 

 

Photochemical reactions are generally not stereoselective, a fact that can be exploited in 

the deracemisation of chiral alcohols and amines if combined with a stereoselective 

enzymatic step. Interestingly, photoactivatable Ir-complexes have been reported for this 

purpose. In the first example, a photoexcited Ir-complex mediated the (ascorbate-driven), 

non-stereoselective reduction of (cyclic) imines. In combination with the well-known 

monoamine oxidase (MAO) catalysing the stereoselective oxidation of the resulting amine, 

a deracemisation was achieved (scheme 17a) [120,121]. In another example, an Ir-

complex was used to racemise amines via a photoaccelerated H-borrowing reaction (i.e. 

catalysing the H-atom abstraction and non-selective re-donation from an amine). Through 

combination with an enantioselective, lipase-catalysed acylation step, complete 

transformation of racemic amines into enantiomerically pure amides was achieved 

(scheme 17b) [122]. 
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Scheme 17. Examples for photobiocatalytic deracemisation reactions combining non-selective pho-tocatalytic 

redox reactions with enantioselective, biocatalytic kinetic resolutions. 

 

Another elegant combination of photocatalysts with biocatalysis was reported by Hartwig 

and coworkers combining photocatalytic E/Z-isomerisation of conjugated carbonyl groups 

with stereoselective reduction of the E-configured C=C-double bond by ene reductases 

(scheme 18) [123]. 
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Scheme 18. Photocatalytic E/Z isomerisation for the complete conversion of trisubstituted alkenes by ene-

reductases. 

 

Finally, we have developed a range of photocatalytic oxidation reactions yielding prochiral 

ketones and aldehydes, which then in a subsequent biocatalytic step were converted into 

optically pure cyanohydrins, alcohols, amines, lactones, benzoins and others (scheme 19) 

[124-126]. The reactions generally gave better results (conversion) if the cascades were 

performed sequentially, i.e. performing the photocatalytic oxidation reaction followed by 

the biocatalytic reaction step. Reasons for this were manifold ranging from compatibility 

issued of the photo- and biocatalysts to cross-reactivities. 

Similar compatibility issues were also observed by Kourist and coworkers combining OleT-

catalysed decarboxylation of -fatty acids with Ru-catalysed metathesis of the resulting 

terminal alkene [111]. 
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Scheme 19. Sequential photobiocatalytic cascades to transform non-functionalised alkanes into various (optically 

pure), functionalised products. 

 

Photoactivated enzymes 

Today, only a handful of enzymes necessitating light activation are known. The 

most important enzymes obviously are photosystem I and photosystem II, playing a 

fundamental role in life as we know it [127,128]. In addition, photolyases involved in DNA 

repair [129,130] and protochlorophyllide-reductases [131] involved in chlorophyll 

synthesis are known. Despite their fundamental importance for life, these enzymes have 

so far not found widespread interest and application in preparative biocatalysis [9,10]. 

In contrast, the recently discovered class of photodecarboxylases [132,133] has also found 

considerable interest as catalysts for the selective decarboxylation of (fatty)acids under 

very mild reaction conditions. The photodecarboxylase from Chlorella variabilis NC64A 

(CvFAP) efficiently cleaves carboxylic acids into the corresponding, C1-shortened alkanes, 

other functional groups remaining intact (scheme 20a) [134]. When combined with a 
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lipase, this enzyme may play a role in the synthesis of a next generation of biofuels from 

waste oils. 

CvFAP has a somewhat limited substrate scope favouring long-chain fatty acids. This 

limitation can be overcome either by reaction engineering [135] or by protein engineering 

[136]. In the first case, CvFAP activity towards short chain carboxylic acids was increased 

considerably by filling up the rest of the substrate access channel with hydrophobic alkane 

decoy molecules. Wu and coworkers engineered the wild-type enzyme to broaden the 

substrate scope. The engineered variants also proved to be efficient catalysis for the 

kinetic resolution of -substitute carboxylic acids (scheme 20b). 

 

 

Scheme 20. Synthetic applications of CvFAP. 

 

The photoactivity of CvFAP is conferred by the flavin prosthetic group, which under 

irradiation with blue light turns into a high-redox, photoexcited state capable of single 

electron abstraction from the bound carboxylate group thereby initiating the 

decarboxylation cascade [132]. 

Very recently Hyster and coworkers realised the potential of photoexcited cofactors to 

introduce ‘non-natural’ reactivities to cofactor dependent enzymes. In a first study, they 

utilised photoexcited reduced nicotinamide cofactors to catalyse the enantioselective 

dehalogenation or deacetylation of -substituted lactones (Error! Reference source not 

found.) [137,138]. Later, the same group expanded this concept to flavin-dependent 
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enzymes [139] also demonstrating that the application of photocatalysis can turn an ene-

reductase into a ketoreductase [140]. 

 

 

Scheme 21. Turning an ADH into a dehalogenase using photochemistry. 

 

Conclusions 

Photobiocatalysis is a dynamically evolving field of research opening up new 

synthetic possibilities for the organic chemist.  

To fully unfold this potential, compatibility will be the most pressing issue to be 

addressed. The high reactivity of photoexcited species frequently leads to inactivation of 

the biocatalyst and photocatalysts themselves. As a consequence, turnover numbers of 

the catalysts still tend to be rather low thereby limiting the preparative value of the 

systems. 

Next to protein engineering approaches also reaction engineering approaches i.e. through 

physical separation of photo- and biocatalyst right now appear to be the most promising 

solution to the compatibility issue. 
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Summary 

Two-component-diffusible-flavomonooxygenases are versatile biocatalysts for selective 

epoxidation-, hydroxylation- or halogenation reactions. Their complicated molecular 

architecture can be simplified using photochemical regeneration of the catalytically active, 

reduced FADH2 prosthetic group. In this contribution we provide the proof-of-concept and 

characterization for the direct regeneration of the styrene monooxygenase from 

Pseudomonas. 
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Introduction 

So-called two-component, diffusible flavin monooxygenases (2CDFMOs) are a 

diverse and preparatively highly interesting class of enzymes. For example, 2CDFMOs 

catalyse regioselective aromatic hydroxylations and halogenation reactions as well as 

stereoselective epoxidation reactions [1-4]. For this, 2CDFMOs rely on the reductive 

activation of molecular oxygen mediated by an enzyme-bound, reduced flavin cofactor 

(generally the reduced form of flavin adenine dinucleotide, FADH2). FADH2 itself is 

regenerated by a NAD(P)H-dependent reductase. There is an ongoing debate on the 

mechanism on how FADH2 reaches the monooxygenase subunit. Some studies suggest a 

freely diffusible FADH2 [5] while others found indications for a complex between the 

reductase- and monooxygenase subunits thereby channelling the reduced flavin and 

protecting it from spontaneous aerobic reoxidation [6-8]. The complicated molecular 

architecture of 2CDFMOs poses a challenge for their preparative application, which is 

mostly addressed by whole-cell systems [9-12]. More recently, also fusion proteins 

combining the reductase- and monooxygenase subunits in one polypeptide chain are 

moving into the research focus [13, 14]. Reactions utilising isolated enzymes require the 

entire cascade outlined in Scheme 1 [15-17]. Hence, it is no surprise that alternative, more 

direct and simple regeneration systems for the reduced flavin cofactor have been 

evaluated. Examples include, transition metal-catalysed reduction of FAD [18, 19], direct 

electrochemical regeneration [20, 21] or using chemical reductants [22]. 
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Scheme 1. Comparison of the traditional regeneration system for StyA involving two additional enzymes (top) 

and the nicotinamide cofactor with the simplified, direct photochemical regeneration of FADH2 (bottom). 

 

All these methods, however, despite significantly simplifying the reaction scheme, 

exhibited drawbacks such as reliance on specialized equipment or dependency on costly 

and enzyme inactivating transition metal complexes. Instead, direct photochemical 

regeneration of reduced enzyme prosthetic groups is gaining increasing attention [23, 24]. 

We therefore set out to explore the possibility of direct, photocatalytic regeneration of 

FADH2 to promote StyA-catalysed epoxidations of styrene and its derivatives (Scheme 1, 

bottom). Very recently, Kottke and coworkers reported the successful application of this 

approach to promote a 2CDFMO-driven halogenation reaction [25]. 
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Results 

The biocatalyst used in our study was styrene monooxygenase from 

Pseudomonas sp. VLB120 (StyA) [5, 26]. The enzyme was recombinantly expressed in 

Escherichia coli and purified in one step yielding approximately 0.11 g of technically pure 

StyA per gram of cell free extract. Crude cell free extracts (CFE) were used for the first 

experiments (figure 1). Even though the CFE contained significant catalase activity (figure 

7), we routinely added catalase externally to circumvent any possible negative effect of 

stemming from the spontaneous aerobic reoxidation of FADH2 [27]. Pleasingly, already in 

a first experiment under arbitrary reaction conditions, catalytic turnover and production 

of enantiopure S-styrene oxide was observed (figure 1). It is worth mentioning here that 

all negative control experiments (i.e. performing the reaction under identical conditions 

while leaving out one of the reaction components StyA, FAD, EDTA or light) did not yield 

detectable product formation (data not shown) 

 

 
Figure 1: Time-course of the first photobiocatalytic epoxidation of styrene to S-styrene oxide. General conditions: 

[styrene]0 = 5 mM, [cell free extract] = 1.7 g l-1 containing 4 μM StyA, [FAD] = 200 μM, [EDTA] = 20 mM, catalase = 

600 U ml-1, 100 mM KPi buffer pH 7.0, 30 °C, stirring at 300 rpm, light intensity of 20%. Error bars show the 

standard deviation for three independent experiments.  
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Table 1. Product scope of the photo-enzymatic epoxidation system. 

 

 

Product [Product] [mM] ee [%] 

2a 0.60 ± 0.04 >99 

2b 2.12 ± 0.11 98 

2c 0.86 ± 0.13 >99 

2d 3.10 ± 0.19 95 

2e 1.06 ± 0.14 97 

2f 0.65 ± 0.15 >99 

2g 1.45 ± 0.09 >99 

2h 0.40 ± 0.12 >99 

Conditions: [substrate]0 = 5 mM, [StyA] = 5.3 µM, [FAD] = 200 µM, [EDTA] = 20 mM, [catalase] = 600 U ml-1, 

[DMSO] = 1.25% (v/v), 100 mM KPi buffer pH 7, 35 °C, stirring at 300 rpm, light intensity of 40% for 1 h. The 

standard deviations represent those for three independent experiments. 

 

Encouraged by these results, the substrate scope of this photoenzymatic reaction system 

was investigated. As shown in table 1, both the relative reaction rates and the 

enantioselectivity of the photoenzymatic epoxidation reaction are comparable to results 

reported previously [11]. Indeed, excellent enantiomeric excess was achieved (95 to 99%). 



Chapter 3 

76 
 

A B 

  
C D 

  
E F 

  
Figure 2. Influence of some reaction parameters on the rate of the photoenzymatic epoxidation of styrene. 

General conditions (unless indicated otherwise in the figure): [styrene]0 = 5 mM, [StyA] = 20 µM, [FAD] = 200 µM, 

[EDTA] = 20 mM, catalase = 600 U ml-1 , [DMSO] = 1.25% (v/v), 100 mM KPi buffer (pH 7), 30 °C, stirring at 300 

rpm, light intensity of 20% for 1 h. Error bars show the standard deviation for three independent experiments. 
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In order to further understand this system, we further characterised the influence of the 

single reaction components on the efficiency of the overall reaction using the technically 

pure StyA (figure 2). As compared to the cell free extract (figure 1) the technically pure 

enzyme had lost a considerable amount of its activity (figure 2A). The product formation 

rate correlated linearly with the biocatalyst concentration applied (figure 2B), indicating 

that the biocatalytic step was overall rate-limiting. Also increasing the concentration of 

the photocatalyst increased the overall product formation reaction (figure 2C) indicating 

that the concentration of the photoexcited FAD was ratelimiting as well. Below an FAD 

concentration of 100 µM no product formation was detectable, which may be attributed 

to the corresponding low concentration of FADH2 and inefficient utilisation by StyA [28, 

29]. Above approximately 200 µM FAD, no further acceleration of the reaction rate was 

observed. Possibly this can be attributed to the decreasing optical transparency of the 

reaction mixture at elevated FAD concentration resulting in a complete utilization of all 

photons offered to the reaction system. Alternatively, elevated FAD concentrations may 

also favour the (undesired) futile oxidation of FADH2 to FAD and H2O2 as observed in 

previous experiments [27]. Similar observations have been made previously [19, 20, 30]. 

Variation of the concentration of the sacrificial electron donor (EDTA) had a similar effect 

(figure 2D). Additionally, the light intensity significantly influenced the overall reaction 

(figure 2E). To a certain extent, brighter reaction conditions favoured increased product 

formation. However, at very high light intensities also a dramatic reduction of the reaction 

rate was observed. We attribute this to an increased photobleaching of FAD leading to 

flavin degradation products [31], which are not accepted by StyA as prosthetic group. 

Finally, it is worth mentioning that an apparent optimal temperature of ca. 35 °C was 

observed (figure 2F). This is perfectly in line with the mesophilic character of the original 

host of StyA. 

One shortcoming of the current photoenzymatic reaction setup, however, is the 

comparably poor robustness of the reactions (figure 2A). In general, after reaction times 

of ca. 1 hour, no further conversion could be detected. In order to shed light on the reason 

for this limitation, a range of control experiments was conducted (figure 3). The 

biocatalyst (StyA) itself was stable under the reaction conditions (figure 3, column 2). 

However, when illuminating the photocatalyst (FAD) for 30 minutes prior to the start of 

the reaction (figure 3, columns 3 and 4) significantly reduced styrene oxide accumulation 

was observed. This inactivation was almost complete illuminating FAD alone and was 

somewhat less pronounced in the presence of EDTA (serving as reducing agent for 

photoexcited FAD; the resulting reduced flavin being less photoactive). Clearly, the 

photoinstability of FAD represents the major limitation of the current reaction setup. This 

is also supported by the changes of the FAD spectrum upon illumination (figure 4) and is in 

line with the well-known photodegradation of FAD to lumichrome [32]. While the latter 
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still possesses the desired photochemical properties it is not accepted by StyA as a 

prosthetic group, thereby explaining the poor robustness of the current reaction setup. 

 

 
Figure 3. Control reactions to determine the robustness of the system. 1: Standard reaction. 2: StyA illuminated 
for 30 min before starting the reaction. 3: StyA and FAD illuminated for 30 min before starting the reaction. 4: 
StyA, FAD and EDTA illuminated for 30 min before starting the reaction. 5: Total reaction mixture incubated in 
the dark for 30 min before starting the reaction. General conditions: [styrene]0 = 5 mM, [StyA] = 20 μM, [FAD] = 
200 μM, [EDTA] = 20 mM, catalase = 600 U ml-1, 100 mM KPi buffer (pH 7), 30 °C, stirring at 300 rpm, light 
intensity of 20% for 1 h. Error bars show the standard deviation for three independent experiments. 
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Figure 4. Absorption spectra of the FAD before (solid) and after (dashed) illumination under the reaction 
conditions. The spectra correspond to the degradation of the FAD as reported before [31]. 

 

Another factor decreasing the efficiency of the reaction is the uncoupling of the electrons 

at the reduced flavin to oxygen instead of the intended StyA. A phenomenon previously 

named the oxygen dilemma, as the O2 is needed for the reaction, but also decreases the 

efficient use of the inserted electrons [27]. This process becomes even more pronounced 

upon illumination of the (oxidized) flavin as is shown in figure 5. 
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Figure 5: The reoxidation of FADH2 in dark (solid) or upon illumination (open) over time in the absence of StyA 

and styrene. The FAD was previously reduced under anaerobic conditions with a stoichiometric amount of EDTA. 

Conditions: [FADH2] = 100 µM, 100 mM KPi buffer (pH 7), RT, stirring at 300 rpm, light intensity of 10%. Error bars 

show the error for two independent experiments. 

 

Conclusion 

Overall, in the present study, we have provided a proof-of-concept for the direct, 

photochemical regeneration of styrene monooxygenase for the generation of 

enantiomerically pure epoxides. The photoinstability of the photocatalyst/prosthetic 

group FAD was identified as the major limitation of the current setup. Even though at the 

present stage of development this system is not suitable for preparative application we 

are convinced that it’s conceptual simplicity will convince others to further improve the 

system. 

 

Material and methods 

Chemicals 

All chemicals were obtained from Sigma Aldrich in the highest purity available 

and used without further treatment. BNAH and the styrene oxides were synthesized 
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following published procedures [22, 33], with the exception of styrene oxide, 4-

fluorostyrene oxide, 4-chlorostyrene and 4-bromostyrene oxide, which were commercially 

available. 

 

Synthesis of BNAH 

1-Benzyl-1,4-dihydronicotinamide (BNAH) was synthesized exactly as previously 

described [33]. Briefly, a reaction mixture containing benzyl bromide (1.1 equivalence) and 

nicotinamide in acetonitrile (1 M) was refluxed overnight. After cooling, diethyl ether was 

added, the resulting white precipitate was filtered and further washed with diethyl ether, 

obtaining 1-benzyl-3-carbamoylpyridinium bromide. The reduction was carried out in 

distilled water with Na2CO3 (3 equivalences) and Na2S2O4 (5 equivalence) at room 

temperature over 3 hours. The yellow precipitate formed was filtered, recrystallized in 

methanol-water, filtered and washed with cooled distilled water, and dried over P2O5 in a 

vacuum desiccator. The 1H NMR spectrum was recorded on a Bruker Avance III 400 

spectrometer. 

The synthesis of racemic epoxides was carried out as previously described [2]: the styrene 

derivative (2 mmol) was diluted in CH2Cl2 (10 mL) and mixed with distilled water (10 mL) 

containing NaHCO3 (1 g); m-CPBA (2.2 mmol) was slowly added. The reaction mixture was 

stirred at room temperature for 3 h. The reaction was quenched with aqueous Na2SO3 (1.3 

g in 10 mL) and left to stir for 20 min. The aqueous phase was extracted with CH2Cl2 (2 × 

10 mL) and the combined organic phases were washed with NaHCO3 (2 × 25 mL) and 

distilled water (25 mL). The organic phase was dried over anhydrous MgSO4, filtered and 

evaporated under reduced pressure to provide the product. The epoxide products were 

not further purified as NMR and GC/MS analyses were in agreement with literature [22]. 

Small peaks of impurities may appear on the GC chromatograms of the racemic epoxides.  

 

Catalyst preparation 

Styrene monooxygenase A (StyA) from Pseudomonas sp. strain VLB120 

production was based on a previous protocol [5]. 5 ml of autoclaved LB media containing 

50 µg ml
-1

 kanamycin and 10 mg ml
-1

 glucose (both filter sterilized) were inoculated with E. 

coli JM101, with the pSPZ10 plasmid containing StyA genes, from a glycerol stock and 

incubated overnight. According to the original protocol, overexpression was performed in 

2 l flasks with 0.5 l of autoclaved M9* medium. The medium was supplemented with 5 g l
-1

 

glucose, 50 µg ml
-1

 kanamycin, 0.1 % (v/v) 1000x US* trace element solution, 1 mM MgSO4 



Chapter 3 

82 
 

and 0.010 g l
-1

 thiamine HCl, which were all filter sterilized. The compositions of M9* 

medium and US* trace elements are shown in table 2. The cells were grown at 30 °C while 

shaking at 250 rpm. StyA gene overexpression was induced by addition of 0.05% (v/v) 

dicyclopropyl ketone at an A450 of 0.4 AU. After 16 h of further incubation, the cells were 

harvested by centrifugation (15 min at 11 300 x g) and resuspended in 20 mM Tris buffer 

pH 7.5 containing 1 mM DTT, 1 mM MgCl2 and 10 % (v/v) glycerol. The solutions were 

stored at -80 °C until further use. 

 

Table 2. Composition of the media and trace elements used for the fermentation.  

M9* Minimal medium 
 

US* Trace elements 

18.0 g L
-1

 KH2PO4 
9.0 g L

-1
 K2HPO4 

0.5 g L
-1

 NaCl 
1.0 g L

-1
 NH4Cl 

 
pH adjusted to 7.4 
 

10 mM HCl 
1.50 g L

-1
 MnCl 

1.05 g L
-1

 ZnSO4 

0.30 g L
-1

 H3BO3 
0.25 g L

-1
 Na2MoO4 – 2 H2O 

0.15 g L
-1

 CuCl – 2 H2O 
0.84 g L

-1
 Na2EDTA – 2 H2O 

4.87 g L
-1

 FeSO4 – 7 H2O 
4.12 g L

-1
 CaCl2 – 2 H2O 

 

0.1 mg ml
-1

 of DNase was added to the resuspended cell pellet. The solution was then 

passed twice through a cooled French press (1.9 bar, using a multi-shot Constant Cell 

Disruption Systems) and centrifuged (20 min at 11 300 x g and 4 °C). The supernatant was 

collected and subsequently concentrated using Amicon Ultra centrifugal filter units (15 ml, 

30 kDa MWCO) and was either frozen in liquid nitrogen in order to obtain the cell free 

extract sample, or further purified. A 5 ml HiTrap QFF column (GE Healthcare, UK) was 

used for the purification. StyA was eluted with a linear NaCl gradient (0 – 0.5 M, elution at 

0.36 M) using a 20 mM Tris buffer at pH 7.5. Samples containing StyA were pooled, 

desalted, concentrated and frozen in liquid nitrogen. The protein concentrations of both 

the cell free extract as the purified StyA were determined using a Bradford assay. The 

purity of the extracts was checked via a protein gel (SDS 12% PAGE) (figure 6). 18% of the 

StyA activity remained. A purification table is shown in table 3. Monooxygenase activity 

was confirmed (not quantified) via GC by the conversion of styrene to styrene oxide by the 

protein sample using the direct reduction of FAD by a NADH mimic (BNAH) [33]. Reaction 

mixtures consisted of 1.7 mg mL
-1

 of the cell free extract, 5 mM styrene, 100 µM FAD, 600 
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U ml
-1

 of catalase and 10 mM BNAH (from a 1 M stock in DMSO) in a 100 mM KPi buffer at 

pH 7.0 at 30 °C. Frozen protein samples were stored at -80 °C. 

 

 
Figure 6. SDS PAGE of cell free extract containing StyA (lane A) and technically pure StyA (lane B).  

 

Table 3. Purification table for the production of technically pure StyA 

Purification step Total protein content [mg] 
 

Cell free extract 115 
Cell free extract (>30 kDa) 81.1 
Technically pure StyA 12.7 
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Figure 7. Catalase activity assay, performed as reported by Iwase et al [34]. Reaction mixtures all contained 10% 
H2O2 and 0.33 % Triton X-100 in 600 μl water. To those test tubes we further added 300 μL of 1000 to 0 U mL-1 
catalase (first six test tubes), cell free extract (1.1 mg mL-1 and 0.11 mg ml-1) or technically pure StyA (55 μM). 
Catalase would dismutate the hydrogen peroxide forming oxygen causing foam with the Triton X-100. These 
experiments show the presence of catalase already in the cell free extract and the technically pure StyA. 

 

Reaction procedure 

In general, reaction mixtures contained 5 mM substrate, 6.25% (v/v) DMSO, 20 

µM StyA, 200 µM FAD, 20 mM EDTA and 600 U ml
-1

 catalase in a 100 mM KPi buffer at pH 

7.0. 500 µl reactions solutions were incubated in 1.5 ml glass screw cap vails held upside 

down in a temperature controlled water bath. The mixture was stirred by a 6 mm Teflon 

magnetic bar at 300 rpm. The vials were illuminated through the bottom of the glass vials 

using a lightningcure
tm

 LC8 - L9588 spot light source (Hamamatsu, Japan). In general, the 

intensity of the lamp was set to 20% or 40% (figure 8). A schematic representation of the 

setup is shown in figure 9. Samples were extracted by injecting 250 µl of ethyl acetate, 

containing 5 mM of dodecane, directly in the vial using a syringe. This method minimized 

the evaporation of the volatile styrenes. The organic phase was dried over MgSO4, mixed 

for several seconds, centrifuged and subsequently analysed by gas chromatography.  

 



 

85 
 

 
Figure 8. Spectrum of the light source at 10% intensity at a distance of 30 cm. The intensity was determined using 
a spectrophotometer, calibrated by a calibrated light source.  

 
 

 

 

 
 

 

 

Figure 9. Representation of the photo-reactor setup.    
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Gas chromatography 

Measurements were performed on Shimadzu GC-2010 Plus gas chromatographs 

with an AOC-20i Auto injector with FID (Shimadzu, Japan), using helium as the carrier gas. 

The following columns were used: 

 

Column A:  Chirasil Dex CB: length: 25 m, inner diameter: 0.32 mm, film thickness: 

0.25 µm 

Column B:  Hydrodex ß-6TBDM, length: 50 m, inner diameter: 0.25 mm, film 

thickness: 0.15 µm 

Column C:  Lipodex E, length: 50 m, inner diameter: 0.25 mm, film thickness: 0.25 

µm 

 

The calibration curve of 4-chlorostyrene was used for the quantification of 3-

chlorostyrene. The calibration curve of trans-ß-methylstyrene was used for the 

quantification of 3-methylstyrene and α-methylstyrene. Representative gas 

chromatograms can be found in the supporting information.  
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Supporting figures 

Styrene and styrene oxide 

 

Method: Column A 

Ramp [°C min
-1

] Temperature [C] Hold time [min] 

- 100 12.5 
20 225 1 

 

 
Retention times 

Compound Retention time (min) 

Styrene 3.4 
DMSO 3.6 
R-Styrene oxide 8.6 
S-Styrene oxide 9.1 
Phenylacetaldehyde 9.7 
Dodecane 11.0 

 

 

 
Figure S1: Gas chromatograms of styrene and racemic styrene oxide (black) and an 

example of a reaction sample (gray).  
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3-Methylstyrene and 3-methylstyrene oxide 

 

Method: Column C 

Ramp [°C min
-1

] Temperature [C] Hold time [min] 

- 100 24 
20 220 1 

 
 
Retention times 
 

Compound Retention time (min) 

3-methyl Styrene 6.1 
Dodecane 8.7 
Synthesis by-product 16.0 
S-3-methyl Styrene oxide 20.3 
DMSO 21.6 
R-3-methyl Styrene oxide 22.6 

 

 
 

 
Figure S2: Gas chromatograms of 3-methylstyrene and racemic 3-methylstyrene oxide 

(black) and an example of a reaction sample (gray). 

 

 

4-Fluorostyrene and 4-fluorostyrene oxide 
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Method: Column C 

Ramp [°C min
-1

] Temperature [C] Hold time [min] 
 

- 100 15 
20 220 1 

 
 
Retention times 
 

Compound Retention time (min) 
 

4-Fluorostyrene 4.5 
Isomerisation by-product 8.0 
Dodecane 8.7 
S-4-Fluorostyrene oxide 11.9 
Product impurity 12.8 
R-4-Fluorostyrene oxide 13.7 
DMSO 17.5 

 
 

 
Figure S3: Gas chromatograms of 4-fluorostyrene and racemic 4-fluorostyrene oxide 

(black) and an example of a reaction sample (gray). 

 

 

3-Chlorostyrene – 3-chlorostyrene oxide 
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Method: Column C 
 

Ramp [°C min
-1

] Temperature [C] Hold time [min] 
 

- 120 23 
20 220 1 

 
 
Retention times 
 

Compound Retention time (min) 
 

Dodecane 5.5 
3-Chloro styrene 6.0 
DMSO 9.0 
Synthesis by-product 11.2 
S-3-Chloro styrene oxide 16.7 
R-3-Chloro styrene oxide 21.9 
Dodecane 5.5 

 
 

 
Figure S4: Gas chromatograms of 3-chlorostyrene and racemic 3-chlorostyrene oxide 

(black) and an example of a reaction sample (gray). 
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4-Chlorostyrene and 4-chlorostyrene oxide 

 

Method: Column C 
 

Ramp [°C min
-1

] Temperature [C] Hold time [min] 
 

- 110 13 
5 120 7 
20 220 1 

 
Retention times 
 

Compound Retention time (min) 
 

Dodecane 6.8 
4-Chloro styrene 7.5 
DMSO 13.4 
Isomerisation by-product 13.8 
S-4-Chloro styrene oxide 20.2 
R-4- Chloro styrene oxide 20.7 

 

 

 
Figure S5: Gas chromatograms of 4-chlorostyrene and racemic 4-chlorostyrene oxide 
(black) and an example of a reaction sample (gray). 
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4-Bromostyrene and 4-bromostyrene oxide 

 

Method: Column B 
 

Ramp [°C min
-1

] Temperature [C] Hold time [min] 
 

- 100 4 
15 175 2.2 
10 205 2 
25 250 2 

 
Retention times 
 

Compound Retention time (min) 
 

Dodecane 9.9 
4-Bromo styrene 11.1 
R-4-Bromo styrene oxide 14.2 
S-4-Bromo styrene oxide 14.9 

 
 
 
 

 
Figure S6: Gas chromatograms of 4-bromostyrene and racemic 4-bormostyrene oxide 
(black) and an example of a reaction sample (gray). 
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trans-ß-Methylstyrene and trans-ß-methylstyrene oxide 
 
 
 

Method: Column C 
 

Ramp [°C min-1] Temperature [C] Hold time [min] 
 

- 100 15 
20 220 1 

 
 
Retention times 
 

Compound Retention time (min) 
 

Trans-ß-methyl styrene 6.8 
Dodecane 8.5 
Synthesis by-product 9.5 
S,S-Trans-ß-methyl styrene oxide 11.9 
R,R-Trans-ß-methyl styrene oxide 13.1 

 
 
 

 
Figure S7: Gas chromatograms of trans-ß-methylstyrene and racemic trans-ß-
methylstyrene oxide (black) and an example of a reaction sample (gray). 
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α-Methylstyrene anf α-methylstyrene oxide 

 
 
Method: Column C 
 

Ramp [°C min-1] Temperature [C] Hold time [min] 
 

- 75 42 
20 220 1 

 
 
Retention times 
 

Compound Retention time (min) 
 

α-methyl styrene 11.1 
Dodecane 22.8 
S-α-methyl styrene oxide 38.4 
R-α-methyl styrene oxide 39.9 

 
 

 

 
Figure S8: Gas chromatograms of α-methylstyrene and racemic α-methylstyrene oxide 
(black) and an example of a reaction sample (gray). 
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Summary 

Deazaflavins are potentially useful redox mediators for the direct, nicotinamide-

independent regeneration of oxidoreductases. Especially the stability to molecular oxygen 

of their reduced forms have attracted significant interest for the regeneration of 

monooxygenases. In this contribution we further investigate the photochemical properties 

of deazaflavins and investigate the scope and limitations of deazaflavin-based 

photoenzymatic reaction systems. 
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Introduction 

Oxidoreductases are amongst the most promising catalysts for preparative 

organic synthesis for selective reduction, oxidation and oxyfunctionalisation reactions. 

Amongst them, flavin-dependent oxidoreductases are of particular interest due to the 

versatility of the flavin-prosthetic group for selective reduction [1-5] and 

oxyfunctionalisation reactions (Scheme 1) [6-9]. For most of these reactions, the catalytic 

mechanism entails reductive activation of the enzyme-bound flavin cofactor. The reduced 

flavin cofactor then either reduces a substrate molecule (as in the case of ene reductases) 

or reacts with molecular oxygen forming a peroxoflavin capable of selective 

oxyfunctionalisation reactions such as epoxidation [10-16], Baeyer-Villiger oxidations [17-

20], or aromatic hydroxylation reactions [13, 21-32]. 

 

 

Scheme 1. Simplified scope of flavin-dependent oxidoreductases for selective reduction of C=C double bonds, 

epoxidations, Baeyer-Villiger oxidations, aromatic hydroxylations and halogenations. All reactions depend on the 

reduced nicotinamide cofactor, which for economic reasons has to be regenerated in situ using an (enzymatic) 

regeneration system. 

 

As mentioned above, all these structurally and mechanistically diverse enzymes have a 

reductive activation of the enzyme-bound flavin in common. Generally, the reducing 

equivalents required for this reaction are obtained from the natural nicotinamide 

cofactors (NAD(P)H). For practical and economic reasons stoichiometric use of NAD(P)H is 

not feasible, which is why a myriad of different in situ regeneration approaches have been 
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developed in the past decades, allowing for the use of NAD(P)H in catalytic amounts only 

[33-35]. 

Despite the success of these methodologies, a more direct approach to regenerate the 

enzyme-bound flavin group could offer some advantages such as more simplified reaction 

schemes. For this, we and others have developed a range of chemical [36-42], 

electrochemical [43-45], and photochemical [46-51] approaches to target the flavin 

prosthetic group directly while circumventing the natural nicotinamide cofactor (together 

with the enzymatic regeneration system). 

The mediators of choice for such NAD(P)H-independent regeneration systems are flavins 

themselves. However, while flavin-based regeneration systems perform well with O2-

independent enzymes such as the OYEs, their performance with O2-dependent 

monooxygenases is rather poor; the major limitation being the poor O2-stability of 

reduced flavins. One possibility to circumvent this Oxygen Dilemma [52] was suggested by 

Reetz and coworkers [49], i.e. to utilise synthetic deazaflavins instead of the ‘normal’ ones 

(Scheme 2) to promote a P450-BM3-catalysed aerobic hydroxylation of lauric acid. 

Compared to using ‘normal’ flavins, significantly higher productivities were observed, 

which was attributed to the higher oxidative stability of reduced deazaflavins. These 

findings are in line with much earlier findings by Massey and coworkers who 

demonstrated that fully reduced deazaflavins, in contrast to their ‘normal’ analogues, 

exhibit a high stability against O2 [53]. 

 

 

Scheme 2. Simplified representation of flavins (left) and their deazaflavin analogues (right). For reasons of clarity 

the 5’ position wherein both differ are marked. 

 

Already in the 1970s, deazaflavins have been subject of extensive research efforts. 

Especially Massey, Hemmerich and coworkers have worked out the reactivity of 

deazaflavins revealing that the deaza-semiquinone radical is significantly less stable 
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compared to the ‘normal’ semiquinone [53-60]. This behaviour favours disproportionation 

and dimerization reactions leading to non-radical products exhibiting low(er) O2 reactivity. 

Furthermore, reduction of deazaflavins by exclusive 1 e
-
 donors like dithionite proceeds 

relatively slow compared to natural flavins and via a covalent adduct intermediate. These 

findings motivated us to further evaluate the applicability of deazaflavins as 

photocatalysts/mediators to promote flavoenzyme catalysed reactions. 

 

Results and discussion 

5-deazariboflavin (dRf) was synthesized from 3,4-dimethylaniline in a two-step 

synthesis following a recently published procedure (Scheme 3) [61]. Overall, 457 mg of 

pure dRf (28% overall yield) were produced. 

 

Scheme 3. Synthetic route for 5-deaza riboflavin (dRf). 

 

Having dRf at hand, we investigated its photoreduction using either sodium ethylene 

diamine tetraacetate (EDTA, a single electron donor) or NADH (a hydride donor) (Figure 1). 

In addition to EDTA, 3-(N-morpholino)propanesulfonic acid (MOPS) and other amino 

alcohols such as Triethanolamine (TEOA) can serve as single electron donors (Figure 2). 

Alternatively, NADH can be replaced by the nicotinamide mimic benzyl 

dihydronicotinamide (BNAH). In all cases illumination was necessary to induce dRf 

reduction, with the exception of BNAH, where significant formation of H2dRf was also 

observed in dark. One possible explanation for this reduction may be the more negative 

redox potential of BNAH compared to NADH(−0.36 V and −0.315 V SHE, respectively) [62, 

63]. 
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A B 

  
Figure 1. Photochemical reduction of deazariboflavin (dRf) using NADH or EDTA as sacrificial electron donor. A: 

UV/Vis spectra of the various dRf species observed during the photoreduction of dRfox (red) with EDTA (blue) and 

NADH (green). General conditions: 75 μM dRf, 10 mM EDTA or 75 μM NADH in a 100 mM KPi buffer pH 6.0, Blue 

LED light setup, max light intensity, anaerobic conditions, RT. B: HPLC chromatograms recorded of photochemical 

reductions of dRf (solid) using NADH (dashed) or EDTA (dots) as stoichiometric reductant.  

 

 
Figure 2. Influence of the electron donor on the dRfox photo-reduction rate (expressed as rate constant). General 

conditions: 100 μM dRf, 10 mM electron donor in a 100 mM KPi buffer pH 6.0, Blue LED light setup, max light 

intensity, anaerobic conditions, RT. Abbreviations: EDTA: Ethylenediaminetetraacetic acid. TEOA: 

Triethanolamine. NTA: Nitrilotriacetic acid. MOPS: 3-(N-morpholino)propanesulfonic acid. TRIS: 

tris(hydroxymethyl)aminomethane.  
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The spectra of single electron donor- and hydride-donor reduced dRfs differed 

significantly in shape suggesting different reduction products. This assumption was 

corroborated by chromatographic separation of the reaction products (Figure 1B). While 

NADH-reduced dRf gave only one product (H2dRf, as confirmed by its characteristic UV 

spectrum) [56], EDTA-reduction of dRf yielded H2dRf and another product (most likely 

assigned to the dimeric, half-reduced semiquinone product) appearing simultaneously 

over time. These findings are in line with previous reports using EDTA or NaBH4 as 

reductants [58, 64]. 

Next, we characterised the light-driven reduction of dRf
ox

 using EDTA as a sacrificial 

electron donor in some more detail. The photochemical reduction of dRf proceeded 

approximately 14 times slower than the reduction of ‘normal’ riboflavin. This is most likely 

attributed to the better overlap of the riboflavin absorption spectrum with the emission 

spectrum of the LED used in this study (Figure 8) [65]. The differences in the redox 

potentials of Rf (−0.146 V vs. SHE) and dRf (−0.237 V vs. SHE) [66] and quantum yield of 

the reaction may contribute as well [65]. Using the Nernst equation, the redox potential of 

dRf was estimated to be −0.332 V vs. SHE at pH 6.0 (see material and methods for the 

calculations). 

The reduction rate of dRf was linearly dependent on the light intensity applied (Figure 3A) 

and unaffected by the dRf concentration itself (Figure 3B). Hence, we conclude that the in 

situ concentration of photoexcited dRf is overall rate limiting. Varying the concentration of 

the sacrificial electron donor (EDTA) revealed a saturation-type dependency of the dRf 

reduction rate on the EDTA concentration applied (Figure 3C). Above approximately 1.5–

2 mM EDTA (pH 6), no further increase of the dRf reduction rate was observed. Finally, 

there was a sigmoidal pH-dependency of the dRf
ox

 reduction rate with a turning point at 

approximately pH 9 (Figure 3D). Furthermore, the substitution pattern of the N-atom in 

the sacrificial electron donor had an influence on the reduction rate (Figure 2). Overall, it 

appears that higher electron densities around the N-atom of the donors facilitate the 

electron transfer to dRf. These observations are in line with the oxidation mechanism 

suggested by Kramer and coworkers [67]. These authors suggested a methylene radical 

intermediate being formed after single electron transfer of the amino acid donor, followed 

by subsequent decarboxylation. The extend of hyperconjugative stabilisation of this 

intermediate radical should increase with the N-substitution pattern as well as with 

occurrence of a non-protonated N-substituent. 
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A B 

  
C D 

  
Figure 3. Dependency of the dRf reduction rate (expressed as turnover frequency of dRf, TF) on A: intensity of 

the blue LED light source, B: dRfox concentration, C: Concentration of the sacrificial electron donor and D: pH. 

General conditions: 60 μM dRfox, 10 mM EDTA in a 100 mM KPi buffer pH 6.0, blue LED light setup, max light 

intensity, anaerobic conditions, RT. TF = (initial dRf reduction rate [μM min−1]) × (c(dRf) [μM])−1. 

 

To further examine the applicability of photoreduced dRf
red

 to regenerate 

oxidoreductases, we used it to reduce the FMN-dependent old yellow enzyme homologue 

from Bacillus subtilis (YqjM) [36, 68, 69]. The different spectral properties of dRf
ox

 

(λmax = 390 nm) and YqjM-bound FMN
ox

 (λmax = 455 nm) allow for the simultaneous 

determination and quantification of the electron transfer between photoregenerated 

dRf
red

 and YqjM-bound FMN
ox

 (Figure 4). In accordance to previous findings by Massey and 

Hemmerich [70] we found that photoregeneration of YqjM was possible. Using e.g. 1.5 eq 

of (prior reduced) dRf full reduction of YqjM was observed within 4 minutes. This reaction 

was observed under blue light illumination only. Incubation of YqjM with pre-reduced dRf 

in the dark or upon illumination with other wavelengths yielded no significant reduction of 
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the YqjM-bound FMN. Currently, we are lacking a satisfactory explanation for this 

observation. Possibly the interaction of (dRf)2
red

 with the enzyme-bound FMN is sterically 

hindered and photoexcitation of the latter may accelerated the long-distance electron 

transfer.  

 

A B 

 
 

Figure 4. Time course of the (dRf)2
red mediated reduction of YqjM. A: spectra recorded over time (1 min intervals) 

and B: time courses of the characteristic absorption maxima for YqjM-FMNox (390 nm, ■) and dRfox (455 nm, □). 

General conditions: A solution of 60 μM dRfox in 100 mM KPi buffer pH 6.0 containing 0.5 mM EDTA was 

illuminated (blue LED) until full reduction was achieved. This reaction mixture was then supplemented with the 

same volume of 40 μM YqjM (in the same buffer) and subsequently illuminated using a blue LED. Within that 

period the characteristic peak for dRfox (400 nm) partially recovered while it decreased again upon full reduction 

of YqjM. Most likely this can be attributed to the continuous photoreduction of dRfox in the reaction mixture by 

the excess of EDTA used to reduce it earlier. 

 

To test if catalytic turnover of both, dRf and YqjM is feasible, we used the enantioselective 

reduction of 2-methyl cyclohexanone to (R)-2-methyl cyclohexanone as model reaction 

(Figure 5). In the absence of dRf no conversion of the starting material was observed 

indicating that direct photochemical reduction of YqjM-bound FMN by EDTA was not 

efficient. However, already in the presence of 5 μM dRf (equimolar to YqjM) a product 

formation rate of approximately 50 μM h
−1

 was observed. Hence, a turnover frequency of 

approximately 10 h
−1

 was calculated for YqjM and dRf. This corresponds well to the YqjM-

reduction rate observed before (Figure 4) indicating that the reduction of the biocatalyst 

was overall rate-limiting. The overall rate of the photoenzymatic reduction reaction 

increased steadily with increasing photocatalyst concentration (up to 200 μM, 

representing the solubility limit for dRf). With it, the catalytic efficiency of YqjM increased 
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to 40 h
−1

. In all experiments (R)-2-methyl cyclohexanone was formed almost exclusively 

(Figure 10). 

 

 
Figure 5. Photoenzymatic reduction of 2-methyl cyclohexenone. General conditions: 5 μM YqjM, 1 mM 2-methyl 

cyclohexenone, 10 mM EDTA in a 100 mM KPi buffer pH 6.0, blue LED light setup, blue LED at maximal light 

intensity, anaerobic conditions, RT. It should be mentioned, that the solubility limit of dRf was around 250 μM, 

therefore, the sample at 300 μM dRf was non-homogeneous, which possibly influenced the regeneration 

reaction. 

 

While these numbers are comparable to recently reported photoenzymatic systems [46], 

the catalytic performance of YqjM falls back by orders of magnitude behind its potential 

(1.8 s
−1

 using NADPH as reductant) [36]. A plausible explanation for this is to assume an 

unfavourable interaction of the reduced dRf mediators with the enzyme-bound FMN 



Chapter 4 

108 
 

resulting in poor electron transfer rates. Both, cofactor- and enzyme engineering may 

generate artificial binding sites and thereby accelerate the regeneration reaction [71, 72]. 

Finally, we re-visited the O2-stability of reduced dRfs. As mentioned above, significant 

reduction of YqjM-bound FMN and product formation in the photoenzymatic system was 

observed only under strictly anaerobic conditions. We therefore investigated the influence 

of O2 on the photochemical reduction of dRf (Figure 6). Independent from the sacrificial 

electron donor used (NADH or EDTA) reduction of dRf was observed under anaerobic 

conditions only while it was negligible in the presence of O2. In the latter cases, H2O2 was 

detectable as well as NADH oxidation (in case of Figure 6A) suggesting dRf
red

 reoxidation 

occurring simultaneously. 

 

A B 

  
Figure 6. Photochemical reduction of deazariboflavin using NADH (A) or EDTA (B) as sacrificial 

electron donor under aerobic (■) and anaerobic (□) conditions. Conditions: 80 µM dRf, 10 mM EDTA 

or 1 mM NADH, 100 mM KPi buffer pH 6.0, blue LED light setup, max light intensity, RT.  

 

Therefore, we determined the reoxidation rates of photochemically reduced dRf in the 

dark and under illumination (Table 1). Both, the dimeric (dRf)2 as well as the fully reduced 

H2dRf were rather stable against O2 in the dark whereas they swiftly reoxidized in the 

presence of (blue) light. Similar observations had previously been made by Hemmerich 

and coworkers [58]. 
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Table 1. Aerobic reoxidation rates observed for deazariboflavin reduced by EDTA or NADH. Conditions: 10 mM 
EDTA or 1 mM NADH, 100 mM KPi buffer pH 6.0, blue LED light setup, max light intensity, RT.  
 

 Reoxidation rate [µM h
-1

] 
 Dark Light 

 

(dRf)2 

 

1.7 

 

96 

H2dRf 0.78 30 

 

The influence of light can be rationalised assuming that (trace amounts) of photoexcited, 

oxidised dRf synproportionate with H2dRf or (dRf)2 forming a reactive semiquinone radical 

reacting with O2 via single electron transfer. This reaction should be autocatalytic, for 

which we have found indications in the reoxidation time-course. 

Furthermore, EPR-measurements during BNAH-mediated reduction of dRf in the presence 

and absence of light support this assumption (Figure 7). As dRf also is a photosensitiser 

capable of generating singlet oxygen (
1
O2) [73], an involvement of 

1
O2 cannot be ruled out 

completely. 
1
O2 oxidations, however, generally do not involve radical species, which is in 

contrast to the observations of radicals mentioned above. 

 
Figure 7. EPR spectra recorded using the spin trap technique during the aerobic reduction of dRf with BNAH 

under illumination (black) and in dark (gray). Conditions: 60 μM dRf, 1mM BNAH, 1% v/v DMSO, 100mM KPi pH 

6.0, Kaiser Fibre Optic Lighting system 15 V, 150 W, on half intensity, aerobic conditions. Simulation of the EPR 

spectra showed the couplings of AN ≈ 1.43 mT, AHβ ≈ 1.15 mT and AHγ ≈ 0.12 mT, corresponding to the signal of 

superoxide. [74] 
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Conclusions 

Direct reductive regeneration of flavoenzymes circumventing the expensive and 

unstable nicotinamide cofactors is an attractive alternative to established systems utilizing 

the nicotinamide cofactor together with an (enzymatic) regeneration system. 

In case of O2-dependent enzymes, the Oxygen Dilemma, however, severely impairs the 

utility of these approaches. While the high reactivity of ‘normal flavins’ with molecular 

oxygen is well-known [75], reduced deazaflavins are considered to be much more stable 

due to the spin-forbidden character of the reoxidation with triplett oxygen (
3
O2) [52]. This 

motivated us to evaluate 5-deazariboflavin (dRf) as photocatalyst and mediator to 

regenerate flavin-dependent enzymes. Indeed, fully reduced H2dRf is fairly stable in the 

presence of molecular oxygen. In the presence of oxidised dRf (especially if illuminated), 

however, radical species are formed via synproportionation, which react quickly with 

molecular oxygen (Scheme 4) [58]. 

 

 
Scheme 4. Aerobic reoxidation of reduced deazaflavin species. The reactive semiquinone radical (dRf•) reacts 

fast with O2 eventually leading to H2O2 and O2. dRf itself is formed either via the dimerization equilibrium of 

(dRf)2 or through synproportionation of H2dRf with (photoexcited) dRf. For reasons of simplicity, protonation 

equilibria have not been included in this scheme. 

 

Indeed, neither accumulation of reduced dRf or catalytic turnover was observed under 

aerobic conditions. Therefore, we conclude that a simple one-pot reaction cascade 

entailing photochemical reduction of dRf and biocatalytic reaction is not feasible due to 

the uncoupling reaction described above. 

Possibly, technical solutions such as compartmentalised reaction setups (anaerobic 

reduction of the flavin followed by aerobic biocatalytic reaction) as suggested by Schmid 

and coworkers [44] may be doable. 
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Material and methods 

Chemicals 

Chemicals were purchased from Sigma-Aldrich, Fluka, Acros or Alfa-Aesar with 

the highest purity available and used as received. The NADH mimic N-benzyl nicotinamide 

(BNAH) was synthesized following published procedures [39, 62]. 

 

Synthesis of 5-deazariboflavin 

5-deazariboflavin (dRf) was synthesized following a literature method [61]. 

Reactions were carried out under inert atmosphere of dry argon. Reactions were followed 

and Rf values are obtained using thin layer chromatography (TLC) on silica gel-coated 

plates (Merck 60 F254) with the indicated solvent mixture. Flash chromatography was 

carried out using Acros silica gel (0.035–0.070 mm, and ca. 6 nm pore diameter). NMR 

spectra were recorded on a Varian 400 (400 MHz) spectrometer in CDCl3. Chemical shifts 

are given in ppm with respect to tetramethylsilane. Coupling constants are reported as J-

values in Hz.  

 

Synthesis of 3,4-dimethyl-N-D-ribitylaniline (2): 

3,4-Dimethylaniline 1 (3.14 g, 26 mmol) was dissolved in anhydrous methanol 

(150 ml), sodium cyanoborohydride (NaCNBH3) (3.11 g, 2 equiv.), followed by addition of 

D-ribose (11.2 g, 74.3 mmol) under stirring. The reaction mixture was further stirred under 

reflux for 48 hrs. The solvent was removed under reduced pressure, the residue was re-

dissolved in 1M HCl (50 ml), swirled until gas evolution caused. The solution was carefully 

neutralised with an saturated solution of sodium bicarbonate, extracted with EtOAc (6 × 

50 ml), washed with brine, dried with MgSO4, and the solvent was removed under 
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reduced pressure. Recrystallization of the solid product from absolute ethanol gave N-

ribitylaniline as a white crystalline solid. (6.17 g, 97%) 

 

 
1H NMR (400 MHz, MeOH-d4) δ 6.88 (d, J = 8.1 Hz, 1H, H-3), 6.55 (d, J = 2.4 Hz, 1H, H-6), 6.47 (dd, J = 8.1, 2.5 Hz, 

1H, H-4), 3.91 (ddd, J = 7.8, 6.2, 3.5 Hz, 1H, H-13), 3.81 – 3.71 (m, 2H, H-12, 14”), 3.68 – 3.59 (m, 2H, H-11, 14’), 

3.43 (dd, J = 12.8, 3.5 Hz, 1H, H-10”), 3.09 (dd, J = 12.8, 7.9 Hz, 1H, H-10’), 2.17 (s, 3H, H-8), 2.12 (s, 3H, H-9). 13C 

NMR (100 MHz, MeOH-d4) 148.1 (C-5), 137.9 (C-1), 131.1 (C-3), 126.7 (C-2), 116.7 (C-6), 112.5 (C-4), 74.9 (C-11), 

74.4 (C-12), 72.1 (C-13), 64.6 (C-14), 48.1 (C-10), 20.1 (C-8), 18.8 (C-9) 

 

Synthesis of 2,4,6- trichloropyrimidine-5-carbaldehyde (3): 

Anhydrous N,N-dimethyl formamide (DMF) (5 ml, 65 mmol) was added dropwise 

to the stirred solution of barbituric acid (8.45 g, 66 mmol) in phosphorus oxichloride 

(POCl3) (40 ml, 429 mmol) at 0 °C for 1h. the reaction mixture was followed by reflux for 16 

h. at 130 °C. The solvent was removed under reduced pressure, the thick residue was 

poured into ice-water and stirred to form a solid product, the crude product was collected 

by filtration and purified by flash chromatography with an eluent (Hexane:EtOAc, 9:1) to 

provide a white solid (9.7 g, 70 %). 

 

 
1H NMR (400 MHz, DMSO-d6): δ 10.39 (s, 1H). 
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Synthesis of 6-chloropyrimidine-5-carbaldehyde (4): 

A mixture of 2,4,6-trichloropyrimidine-5-carbaldehyde 3 (1g, 4.73 mmol) and 

K2CO3 (0.650 g, 4.73 mmol) were added to 40 ml of ethanol:water mixture (2:1) and the 

solution was stirred for 4 hrs. at room temperature. The reaction mixture was neutralized 

with conc. acetic acid (4-5 drops) and the reaction was concentrated to 10 ml by rotary 

evaporation and kept at 4 °C for 2 days. The compound was isolated as white solid by 

filtration (0.760 g, 91%). 

 
1H NMR (400 MHz, DMSO-d6): δ 10.03 (s, 1H). 

 

Synthesis of 5-deazariboflavin (5): 

A mixture of 3,4-dimethyl-N-D-ribitylaniline 2 (1.02 g, 2.9 mmol) and 6-

chloropyrimidine-5-carbaldehyde 4 (0.31 g, 1.8 mmol) were mixed in 10 ml of anhydrous 

N,N-dimethylformamide. The reaction mixture was stirred under reflux at 130 °C for 3 h 

and then the reaction mixture was cooled to room temperature. Diethyl ether 20 ml was 

added with stirring for 1 h and kept in freezer overnight. The compound was collected by 

filtration and recrystallized from water to form yellow solid powder (457 mg, 70%). 
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1H NMR (400 MHz, DMSO-d6) δ 11.04 (s, 1H), 8.85 (s, 1H), 7.94 (s, 1H), 7.87 (s, 1H), 5.15 (d, J = 5.0 Hz, 1H), 4.99 (s, 

1H), 4.90 (d, J = 4.6 Hz, 1H), 4.82 (d, J = 6.2 Hz, 1H), 4.66 (d, J = 14.1 Hz, 1H), 4.50 (t, J = 5.6 Hz, 1H), 4.23 (s, 1H), 

3.69- 3.59 (m, 3H), 3.47 (m, J = 6.1 Hz, 2H), 2.46 (s, 3H), 2.34 (s, 3H). 13C NMR (100 MHz, DMSO-d6) δ 162.6, 141.5, 

131.0, 118.3, 74.1, 73.4, 70.0, 63.9, 40.6, 40.4, 40.2, 39.9, 39.7, 39.5, 39.3, 21.4, 19.1. 

 

Production and purification of YqjM 

The old yellow enzyme homologue from Bacillus subtilis (YqjM) was produced 

and purified using a protocol recently established in our group [36]. Escherichia coli BL21 

(DE3) competent cells harboring pET28a plasmid containing the gene encoding for YqjM 

were used for the expression. 1 l of autoinduction ZYM-5052 medium [76] supplied with 

50 µg ml
-1

 kanamycin was inoculated with 10 ml of overnight culture and incubated 

overnight in baffled shake flasks (37°C, 180 rpm).  

For the purification of YqjM, cells were harvested by centrifugation (10 000 x g, 15 min, 

4˚C), washed with potassium phosphate buffer (20 mM, pH 6.5) and centrifuged again at 

the same speed. Subsequently, the cell pellet was resuspended in the same buffer. Cell 

disruption was effected as described above. Cell debris was separated from the crude 

extract by centrifugation at 10 000 x g for 30 min at 4˚C. Supernatant was loaded to 5 ml 

Ni-NTA chromatography column (Thermo Fisher Scientific Inc) using NGC
TM

 

Chromatography system (Bio-Rad). After loading, various successive washing with 20 mM 

potassium phosphate 30 mM imidazole pH 6.5 were performed. The elution of YqjM was 

performed by using 20 mM potassium phosphate 250 mM imidazole pH 6.5. Fractions 

containing YqjM were collected and incubated with 5 mM FMN. After 30 min of incubation 

on ice, enzyme suspension was desalted twice using PD-10 Desalting Columns (GE 

Healthcare) in order to remove the excess of FMN and imidazole, and concentrated using 

Amicon® Ultra-15 Centrifugal Filter Device (cut-off 30K). 

 

Experimental setup 

Photo-reduction reactions were performed in 1 ml reaction mixtures in 1.5 ml 

glass vials. The reaction mixtures were illuminated from all sides from a distance of 10 cm 

by a LED light source. The intensity spectrum of the LED light source was determined by a 

calibrated spectrophotometer (Figure 8). Samples were stirred at 300 rpm using magnetic 

bars. Anaerobic experiments were performed in an anaerobic chamber (on average 98% 

N2, 2% H2) with oxygen levels below ppm levels. UV-Vis spectra were recorded using an 

Avantes DH-2000 UV–vis-NIR light source and an Avispec 3648 spectrophotometer. 
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Figure 8. Absorption spectra of riboflavin (dashed) and 5-deazariboflavin (dots), compared to the emission 

spectrum of the blue LED light (solid), normalized. 

 

In a typical experiment 100 μM dRf was reduced by 10 mM sacrificial single electron donor 

or 1 mM hydride donor in a 100 mM KPi buffer at pH 6.0. The absorbance at 400 nm 

(ε = 12 500 M
−1

 cm
−1

) was followed to determine the oxidation state of dRf over time 

(Figure 8). Due to interference of absorption when using either hydride donors, the 

oxidation state was determined by following the absorbance at 430 nm (ε = 5 

700 M
−1

 cm
−1

). Stock solutions (0.2 mM in 100 mM phosphate buffer, pH 6.0) of the 

deazariboflavin were prepared freshly every day. 

A B 
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Figure 9. Photochemical reduction of dRfox. A: UV-spectra recorded over time. B: Absorption at local maximum 
over time for dRf (■) and Rf (□). General conditions: 60 µM of dRfox or RFox, 10 mM EDTA, 100 mM KPi buffer pH 
6.0, blue LED light setup, light intensity 8 out of 16, anaerobic conditions, RT. 

 

Due to the FMN, YqjM has a typical absorbance spectrum with a peak extinction 

coefficient at 455 nm which decreases as the FMN in the active site is reduced. At 400 nm 

the extinction coefficient does not change significantly with the redox-state of the 

enzyme, which made it possible to determine the redox-state of the dRf and the YqjM 

simultaneously. For the reduction of YqjM, a dRf solution was first photo-reduced by five 

equivalents of EDTA. Thereafter, 20 μM of YqjM was mixed with 100 μM of the reduced 

dRf. 

 

GC analyses 

Photoenzymatic syntheses were performed using 5 μM YqjM in the presence of 

1 mM of 2-methyl cyclohexenone and 10 mM of EDTA in a 100 mM KPi buffer pH 6.0. The 

2.5 ml reaction mixtures were extracted with 0.5 ml ethyl acetate and analysed on a CP-

Chirasil-Dex CB GC column (50 m x 0.53 m x 2 μm)(GC method: 70 °C for 2 min. 2 °C min
-1

 

to 80 °C. 80 °C for 2 min. 2 °C min
-1

 to 90 °C. 90 °C for 3 min. 25 °C min
-1

 to 150 °C. 150 °C 

for 1 min. 25 °C min
-1

 to 225 °C. 225 °C for 1 min). 5 mM of dodecane was used as internal 

standard. A representative GC graph is shown in figure 10.  

 
Figure 10. The GC chromatograms of a mixture of racemic 2-methyl cyclohexanone and 2-methyl cyclohexenone 

(black) and that of the enzymatic reaction upon illumination (grey). 
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Calculations 

The Nernst equation was applied in order to estimate the redox potential of the 

reduction of deazariboflavin at a pH of 6.0.  

𝐸 =  𝐸0 −  
𝑅𝑇

𝑛𝐹
ln 𝑄 

Here, E
0
 is the redox potential at pH 7.0 (0.273 V vs. SHE), R is the gas constant, T is the 

temperature in Kelvin, n is the amount of electrons involved in the reaction and F is the 

faraday constant. The following half reaction was assumed: 

 

 

Scheme 5: Reductive half-reaction for the deazariboflavins. 

 

 

 

With this, Q was defined as: 

𝑄 =  
[𝑑𝑅𝑓]2 ∗ [𝐻+]2

[(𝐻𝑑𝑅𝑓)2]
  

Compared to the conditions at pH 7, the proton concentration is increased 10-fold at pH 6. 

This implies that Q increases with a factor of 100. Assuming that the reaction takes place 

at room temperature, the redox potential at pH 6.0 can be determined.  

𝐸𝑝𝐻 6 = −0.273 −  
8.314 ∗ 298.15

2 ∗ 96 485
 ∗ ln (100) 

This gives a redox potential of -0.332 V vs SHE for the dimerization of deazariboflavin at 

pH 6.0.  
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Summary 

For this chapter we examined the feasibility of applying sulfite oxidases (SO) for the in situ 

generation of H2O2, in order to drive peroxygenases. SO are able to oxidize sulfite to 

sulfate and subsequently reduce oxygen. One key element in this scheme is the reactivity 

of the sulfite itself, as it can participate in a direct futile reaction with H2O2, as well in 

epoxide ring opening reactions. These side reactions can be minimized by using calcium 

sulfite, a poorly soluble salt, as the substrate. Conveniently, CaSO3 is a product in 

industrial processes where flue gasses are desulfurized with lime stone. This waste can 

thus be used to drive interesting biocatalytic reactions.  

  



Chapter 5 

124 
 

Introduction 

Peroxygenases (E.C. 1.11.2.1, UPO for unspecific peroxygenases) are powerful 

catalysts for the selective oxyfunctionalisation of (inert) C-H and C=C-groups [1, 2]. 

Especially their high catalytic activity, robustness and simplicity of application make them 

potentially useful catalysts for organic oxyfunctionalisation chemistry. 

As heme-enzymes, UPOs suffer from a pronounced instability towards hydrogen peroxide, 

the stoichiometric oxidant in UPO-reactions [3]. This issue is met by in situ generation of 

H2O2 at rates, which maximize productive UPO-turnover while minimizing the undesired 

oxidative inactivation of the enzymes [4]. Today, a broad range of in situ H2O2 generation 

systems are available raising the question about the environmental impact of such 

systems, especially with large-scale applications in mind. In this respect, we drew our 

attention to sulfite as stoichiometric reductant, as sulfite is a by-product from flue gas 

treatment and thus produced at large amounts. 

To use sulfite as stoichiometric reductant for the in situ generation of H2O2, we envisioned 

the application of sulfite oxidases (SO), which are ubiquitously found in all kingdoms of 

life. SO play a central role in the sulfur metabolism of living cells [5]. As the name implies, 

SO oxidizes sulfite to sulfate using a unique pterin-based molybdenum cofactor (MoCo) in 

the active site [6]. In vertebrates, SO localizes into the intermembrane space of 

mitochondria and consists of three distinguishable domains, the N-terminal heme domain, 

incorporating a cytochrome b5-type heme cofactor, followed by the MoCo-binding 

domain, and the C-terminal dimerization domain. Upon oxidation of sulfite, the 

molybdenum in the active site is reduced from Mo
VI

 to Mo
IV 

and the two electrons are 

subsequently transferred via an intra-molecular electron transfer from the MoCo to the 

heme domain and finally to cytochrome c [7]. Alternatively, sulfite-derived electrons can 

be transferred to nitrite, forming the radical nitric oxide [8, 9]. In contrast, in plants, SO 

consists only of the MoCo and dimerization domain and localizes in peroxisomes [10, 11]. 

Here, the redox balance is closed via the reaction with molecular oxygen, forming 

superoxide, which rapidly dismutates to H2O2. When the heme domain in the mammalian 

SO is deleted, similar behaviour of H2O2 formation is observed [12]. It is therefore that we 

envisioned the application this H2O2 generation system in the application of peroxygenase 

reactions (Scheme 1).  
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Scheme 1: The cascade of sulfite oxidase and peroxygenases.  

 

To test our hypothesis, we chose the evolved, recombinant peroxygenase from Agrocybe 

aegerita (rAaeUPO) as model enzyme for the (R)-selective hydroxylation of ethyl benzene 

to (R)-1-phenyl ethanol. Various SO enzymes from different sources (all recombinantly 

expressed in Escherichia coli) were tested; one plant SO (from Arabidopsis thaliana) and 

two mammalian SO (either in their natural configuration containing the heme moiety 

(Full) or a shortened, devoid of heme (MoCo))(figure 1).  

 

 
Figure 1. Comparison of different sulfite oxidases to drive the rAaeUPO-catalysed hydroxylation of ethyl benzene. 

General conditions: [SO] = 100 nM, [rAaeUPO] = 500 nM, [Na2SO3]0 = 10 mM, [ethyl benzene]0 = 100 mM in a 50 

mM Bis-Tris buffer at pH 7.0. 250 µl reactions were performed in duplicates in a thermos shaker at 30 °C and 500 

rpm for 24 hours. 
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Pleasingly, all SO enabled rAaeUPO-catalysed hydroxylation of ethyl benzene. The heme-

depleted SO gave higher activities (i.e. overall product concentrations) than the heme-

containing ones, which is most likely due to the faster direct aerobic reoxidation at the 

Mo
IV

 centers. For all further experiments we focussed on the plant SO (PSO). To get 

further insights into the parameters influencing the performance of the SO-rAaeUPO-

oxyfunctionalisation system we systematically varied some reaction parameters such as 

pH and sulfite concentration (figure 2). 

 

A B 

  
Figure 2. Influence of the reaction pH (A) and sulfite concentration (B) on the plant-SO – rAaeUPO cascade 

performance. General conditions: [PSO] = 100 nM, [rAaeUPO] = 500 nM, [Na2SO3]0 = 10 mM, [ethyl benzene]0 = 

100 mM in a 50 mM Bis-Tris buffer at pH 7.0. 250 µl reactions were performed in duplicates in a thermos shaker 

at 30 °C and 500 rpm. A: performance at pH 6.5 (black), pH 7.0 (red), pH 7.5 (blue) or pH 8.0 (green). B: Sodium 

sulfite concentration of 5 mM (black), 10 mM (blue), 20 mM (red), 50 mM (green) and 100 mM (purple). 

 

The reaction functioned optimally at neutral pH values, which appears to be a 

compromise between the preferred conditions for SO (basic) and the peroxygenase 

(slightly acidic).  

Increased sulfite concentrations corresponded to an increased reaction stability, but also a 

decreased reaction rate. Furthermore, sub-stoichiometric product formation was 

observed in respect to sulfite added. These effects are most likely explained by the 

spontaneous reaction between sulfite and H2O2 yielding sulfate and H2O [11, 13]. As the 

reaction between H2O2 and SO3
2-

 is linearly dependent on the in situ concentration of both 

reagents, we thought to limit the concentration of SO3
2- 

in the reaction mixture by using 

CaSO3 as the sulfite source. CaSO3 is poorly water soluble, only up to 0.15 mM, and will 
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therefore form a second solid phase in the reaction acting as a sulfite reservoir. 

Advantageously, CaSO3 is also the primary product from flue gas desulfurisation with lime 

stone [14, 15]. Very pleasingly, this strategy indeed enhanced the product accumulation 

significantly (figure 3). 

 

 
Figure 3: Comparison of Na2SO3 (red) and CaSO3 (blue) on the PSO – rAaeUPO cascade. General conditions: [PSO] 

= 100 nM, [rAaeUPO] = 500 nM, [SO3
2-]0 = 50 mM, [ethyl benzene]0 = 100 mM in a 50 mM Bis-Tris buffer at pH 

7.0. 250 µl reactions were performed in duplicates at 30 °C and 500 rpm. Reactions with Na2SO3 were performed 

in a thermos shaker, while the samples with CaSO3 were mixed by a magnetic stirrer in a water bath.  

 

Encouraged by these results we also explored the scope of the proposed sulfite-driven 

oxidation reaction (table 1). The requirement of the slurry to be homogeneously dispersed 

in solution did, in some occasions, induce significant standards deviations. 
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Table 1: Substrate scope for the reaction of PSO coupled to various peroxygenases. General conditions: [SO] = 
200 nM, [peroxygenase] = 500 nM, [CaSO3]0 = 100 mM, [substrate]0 = 50 mM in a 50 mM Bis-Tris buffer. 500 µl 
reactions were performed in triplicates at 30 °C with magnetic stirrers mixing at 500 rpm. For dextromethorphan, 
the substrate concentration was 10 mM. For thioanisole, 100 U ml-1 of CFO from Caldariomyces fumago was 
added as the peroxygenase. a: TTN: mol product mol-1

cat. b: vide infra. c: the low enantiomeric excess (ee) for 
styrene has been reported before.  

Substrate Product Catalyst 
TTN

a
  

SO / 
(Peroxygenase) 

Conversion 
 [mM] 

ee  
[%] 

 
 

rAaeUPO 
77 000 

/ 
(30 800) 

15.4  
(± 1.8) 

98.2 

 
 

rAaeUPO 
83 500 

/ 
(33 400) 

16.7  
(± 4.6) 

- 

 
 

rAaeUPO 
70 000 

/ 
(28 000) 

14.0
b
  

(± 0.41) 
5.8

c
 

  

rAaeUPO 
(Solo) 

26 350 
/ 

(10 540) 

5.72  
(± 0.52) 

- 

 
 

CfuCPO  
67 000 

/ 
(n.d.) 

13.4  
(± 0.16) 

98.4 

 
 

CiVCPO - 0.0 - 
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As shown in table 1, a range of classical peroxygenase reactions could be promoted by the 

proposed SO-H2O2 generation system ranging from the (stereospecific) hydroxylation of 

sp
3
-C-H-bonds via oxidative demethylation [16] and epoxidation [17] to sulfoxidation [18] 

reactions. We also evaluated SO for the chemoenzymatic halogenation reaction based on 

hypohalites generated in situ from halides using the vanadium-dependent haloperoxidase 

from Curvularia inaequalis [19]; albeit without success. We ascribe this observation to the 

deactivation of SO by the bleach formed by VCPO, as observed for other oxidases and 

showed in a control reaction where 10 µM NaClO nearly fully inhibited the SO [20]. Sulfite 

itself did not seem to affect the activity of VCPO. 

Finally, we also investigated yet another application of sulfite except just as sacrificial 

electron donor for the in situ H2O2 generation reaction. Namely, using sulfite as 

nucleophile to further convert epoxides into corresponding hydroxyl sulfonate (Scheme 2). 

As for the futile reaction of sulfite with peroxide, this ring opening reaction is reported to 

follow first order kinetics [21, 22]. Therefore, the epoxide is primarily observed if CaSO3 is 

the sulfite source. For Na2SO3, only the sulfonated product, 1-phenyl-2-hydroxyl-

ethanesulfonate with the other regioisomer as a side-product (16%), is obtained as 

previously described in literature [22].  
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Figure 4: Chemoenzymatic transformation of styrene into styrene oxide (full) or 1-phenyl-2-hydroxyl-

ethanesulfonate (open), depending on the sulfite salt used. General conditions: [SO] = 200 nM, [peroxygenase] = 

500 nM, [SO3
2-]0 = 100 mM, [styrene]0 = 50 mM in a 50 mM Bis-Tris buffer. 500 µl reactions were performed in 

triplicates at 30 °C with magnetic stirrers mixing at 500 rpm. 

 

Conclusion 

Overall, we provide the proof of principle of using sulfite oxidases coupled to 

various peroxygenases, thereby enabling oxyfunctionalisation reactions at the expense of 

a waste product. The total turnover numbers for the oxidase and peroxygenases are not 

as high yet as previously reported for, for instance, formate oxidase [23]. However, in 

contrast to FOx, SO variants can be found in all organisms which is why other promising 

catalysts can easily be obtained via enzyme database mining [24]. In terms of applications, 
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the possibility of sulfite to further participate in chemo-enzymatic cascades opens up new 

ways of conveniently product various hydroxyl-sulfonates.  

 

Material and methods 

Chemicals 

Dextrormethorphan and dextrorphan were purchased from Santa Cruz 

Biotechnology Europe (Germany). CaSO3 was purchased from ABCR (Switzerland). All 

other chemicals were purchased from Sigma-Aldrich in the highest purity available and 

used without further purifications.  

 

Enzymes 

Two mutants of rAaeUPO were used for this study: The PaDaI (an expression-

engineered version of the wild-type enzyme) and SoLo (engineered for the hydroxylation 

of aromatic substrates). Both mutants were produced in Pichia pastoris as described 

previously. 

Vanadium dependent haloperoxidase from Curvularia inaequalis (CiVCPO) was produced 

in E. coli as described previously. 

Chloroperoxidase from Caldariomyces fumago was bought from Fluka.  

SO variants were recombinantly expressed within the E.coli strain TP1004 [25] and 

purified as previously described [8]. Full-length HSO (aa 80-545), MSO (aa 81-546) were 

expressed with an N-terminal 6xHis-tag. Plant SO (aa 1-393) was expressed with a C-

terminal 6xHis-tag. Heme-truncated HSO Mo (aa 167-545) and MSO Mo (168-546) were 

expressed with a N-terminal 6xHis-tag followed by PreScission Cleavage Site (LEVLFQ/GP). 

Expression was performed in 2 L cultures LB-medium supplemented with 1 mM sodium 

molybdate. Expression was induced at an OD600nm of 0.6 by adding 250 μM IPTG and took 

place for 72 h at 18°C. His-tagged SO variants were purified via Nickel-NTA affinity 

chromatography and/or with PreScission Protease (GE Healthcare) on-column cleavage, as 

previously described [8]. Purified proteins were buffer-exchanged into 20 mM Tris/Ac pH 

8.0, 50 mM NaCl, using PD10 buffer exchange columns (GE Healthcare). 
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Reaction conditions 

Reactions for the characterization of the SO - rAaeUPO cascade were performed 

in Bis-Tris (pH 6.0 to 7.0) or Tris (pH 7.5 to 8.0) buffers (50 mM, 0.250 ml) using the plant 

SO. Generally, the reactions were performed in the Bis-Tris buffer at pH 7.0 and contained 

ethyl benzene (100 mM), rAaeUPO (500 nM), SO (100 nM) and sodium sulfite (10 mM). 

For the time courses, single experiments were performed in duplicate, in glass 1.5 ml vials 

in a thermos shaker mixing at 500 rpm at 30 °C. To evaluate the effect of the sulfite salt, 

either 50 mM Na2SO3, from a 1 M stock, or 6 mg CaSO3 salt was added as the substrate.  

At designated time points, the reactions were stopped by extraction of the samples with 

an equal volume of ethyl acetate. The organic phase contained 5 mM of either octanol, 

acetophenone or dodecane as an internal standard. After extraction and centrifugation, 

the organic phase was dried with magnesium sulfate and subsequently analyzed via gas 

chromatography. 

 

Gas Chromatography 

Sample analyses were performed on Shimadzu GC-2010 Plus gas chromatographs 

with an AOC-20i Auto injector with FID (Shimadzu, Japan), using nitrogen or helium as the 

carrier gas. The following columns and methods were used: 

 

Column A: CP wax 52 CB  Length: 25 m. ID: 0.25 mm. Film thickness: 1.20 µm. 

Carrier gas: Nitrogen. Split.  

Column B: CP sil 5 CB  Length: 50 m. ID: 0.53 mm. Film thickness: 1.00 µm. 

Carrier gas: Nitrogen. No split. 

Column C: CP Chirasil Dex CB  Length: 25 m. ID: 0.32 mm. Film thickness: 0.25 µm. 

Carrier gas: Helium. Split. 

Column D: Lipodex E Length: 50 m. ID: 0.25 mm. Film thickness: 0.25 µm. 

Carrier gas: Helium. Split. 

Column E: CP sil 5 CB  Length: 25 m. ID: 0.25 mm. Film thickness: 1.20 µm. 

Carrier gas: Nitrogen. Split. 
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Ethyl benzene 

Measured on column A. Octanol as internal standard. Split of 30. Linear velocity of 27.4 

cm s
-1

. 

Ramp [°C min
-1

] Temperature [°C] Hold time [min] 
 

- 150 2.2 
25 210 3.8 
30 250 1.0 

 

Retention times 

Compound Retention time (min) 
 

Ethyl benzene 2.9 
Octanol 5.2 
Acetophenone 6.7 
Phenyl ethanol 8.0 

 

Ethyl benzene (Enantiomers) 

Measured on column C. Octanol as internal standard. Split of 75. Linear velocity of 29.5 cm 

s
-1

. 

Ramp [°C min
-1

] Temperature [°C] Hold time [min] 
 

- 120 2.6 
15 135 3.3 
25 225 1.0 

 

Retention times 

Compound Retention time (min) 
 

Ethyl benzene 2.5 
Acetophenone 4.3 
Octanol 4.6 
R-Phenyl ethanol 6.1 
S-Phenyl ethanol 6.3 
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Cyclohexane 

Measured on column A. Octanol as internal standard. Split of 50. Linear velocity of 29.3 

cm s
-1

. 

Ramp [°C min
-1

] Temperature [°C] Hold time [min] 
 

- 60 3.5 
25 200 2.0 
30 250 1.0 

 

Retention times 

Compound Retention time (min) 
 

Cyclohexane 2.5 
Octanol 8.0 
Cyclohexanone 9.3 
Cyclohexanol 9.9 

 

Dextormethorphan 

Measured on column B: Dodecane as internal standard. Linear velocity of 20 ml min
-1

. 

Ramp [°C min
-1

] Temperature [°C] Hold time [min] 
 

- 120 1.0 
20 270 4.0 
20 325 1.0 

 

Retention times 

Compound Retention time (min) 
 

Dodecane 3.0 
Dextormethorphan 8.6 
Dextrorphan 9.0 
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Styrene 

Measured on column C. Dodecane as internal standard. Split of 25. Linear velocity of 29.5 

cm s
-1

. 

Ramp [°C min
-1

] Temperature [°C] Hold time [min] 
 

- 100 11.0 
25 225 1.0 

 

Retention times 

Compound Retention time (min) 
 

Styrene 3.1 
S-Styrene 5.6 
R-Styrene 8.0 
Phenyl acetaldehyde 8.4 
Dodecane 9.8 

 

Thioanisole 

Measured on column D. Dodecane as internal standard. Split of 100. Linear velocity of 

37.4 cm s
-1

. 

Ramp [°C min
-1

] Temperature [°C] Hold time [min] 
 

- 120 6.0 
20 200 4.0 
25 225 1.0 

 

Retention times 

Compound Retention time (min) 
 

Dodecane 5.0 
Thioanisole 6.0 
R-Methyl phenyl sulfoxide 12.6 
S-Methyl phenyl sulfoxide 13.2 

4-pentenoic acid 
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Measured on column E. Acetophenone as internal standard. Split of 10. Linear velocity of 

26.4 cm s
-1

. 

Ramp [°C min
-1

] Temperature [°C] Hold time [min] 
 

- 70 1.0 
30 140 1.0 
30 195 2.0 
30 225 2.0 
30 345 1.0 

 

Retention times 

Compound Retention time (min) 
 

4-Pentenoic acid 5.1 
Acetophenone 7.6 
Bromolactone 9.8 

 

 

Determination of hydroxyl-sulfonate compound concentrations by NMR 

The concentrations of the sulfonated compounds were determined via 
1
H NMR 

using maleic acid as an internal standard. After the reaction was stopped, 5 mM of maleic 

acid was added to the solution and the reaction mixture was left under vacuum to dry, 

removing the water content, styrene and styrene oxide. The remaining solid was 

redissolved in D2O and analysed on a Agilent 400 spectrometer. The product 

concentrations were calculated by determining the peak areas of the aromatic region (five 

proton equivalents) and those related to the internal standard (two proton equivalents). 

Authentic standards were prepared by incubation of 50 mM styrene oxide (which forms a 

second phase) with 100 mM of NaSO3 in double distilled water at room temperature for at 

least three hours [22]. Chemical shifts are given in ppm with respect to tetramethylsilane. 

Coupling constants are reported as J-values in Hz (s: singlet; d: doublet; t: triplet;q: 

quartet; m: multiplet; br: broad). Due to a mixture of product isomers, multiplets were 

observed for the non-aromatic protons. 

1
H NMR (400 MHz, CDCl3) δ 7.42-7.24 (m, 5H), 6.02 (s, 2H, maleic acid), 4.25-4.20 (m, 1H), 

4.15-4.01 (m, 2H). 
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Figure 5. Example of a 1H NMR spectrum of the reaction product with the maleic acid (at 6.02 ppm) as an internal 

standard. 
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Summary 

The electrochemical reduction of oxygen can be used as an in situ generation method for 

hydrogen peroxide in order to drive peroxidases. From an atom efficiency point of view, 

this is an ideal method, as no cosubstrates or coproducts are involved. However, an over-

potential on the system is needed for the reduction of oxygen, resulting in an increase in 

power needed. Here we report a method to coat the cathode in the system with oxidized 

nanotubes, thereby greatly reducing the over-potential needed to perform this reaction. 

We then couple this set-up to a chloroperoxidase-catalysed reaction to show a proof of 

principle and calculate the amount of power saved.   
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Introduction 

Vanadium dependent chloroperoxidase is able to efficiently produce hypohalides 

at the expense of hydrogen peroxide and a halide [1-3]. These reactive compounds are 

then able to participate in various halogenation reactions [4-6]. For reasons of reaction 

stability, prevention of bleach dismutation and enzyme activity, it is preferable to keep the 

concentration of the peroxide minimal in the reaction solution. One attractive way to 

achieve this would be via in situ generation of the H2O2 using electrochemistry [7, 8]. 

Electrochemical generation of H2O2 bears several advantages over other presented 

methods [9, 10], as no additional chemicals are needed and no hazardous residues are 

left. Instead, electricity is used, which is readily available and can be generated cleanly. 

Several papers on driving chloroperoxidases using electrochemistry to generate H2O2 have 

therefore already been reported, showing excellent performances [11-13]. One 

reoccurring issue in these processes, however, is the requirement of an over-potential at 

the cathodic reaction to reduce oxygen. The electrodes can be doped with catalysts to 

decrease this over-potential, but these catalysts are generally made from alloys containing 

noble metals like platinum or gold [14-16]. Recently, the group of Cui reported the 

application of oxidized carbon nanotubes (o-CNT) doped graphite, solely containing earth 

abundant compounds, to significantly improve selectivity and decrease the potential for 

H2O2 production [17]. The increased performance was ascribed to the presence of several 

oxygen functional groups, in specific -COOH at the edges and -C-O-C- within the sturcture, 

abundantly present in the graphite framework. We therefore contemplated when we 

could use these oxidized nanotube doped catalysts in order to improve the 

electroenzymatic generation of hypohalides using peroxidases in order to perform 

chemical reactions (Scheme 1). 
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Scheme 1: Left: Schematic overview of the biocatalytic generation of hypobromite by VCPO, reacting with 4-

pentenoic acid (1) to form the 5-(Bromomethyl)dihydrofuran-2(3H)-one (2). The hydrogen peroxide needed for 

the enzymatic reaction is generated electrochemically. Right: The proposed oxygen functional groups in the 

graphite structure responsible for increased catalytic activity. 

 

Results 

Several electrodes, graphite paper (Sigracet® GDL 38 BC) doped with different 

amounts of the oxidized carbon nanotubes (o-CNT), were prepared to evaluate their 

efficiency in producing H2O2 at low potentials. An overview of the prepared electrodes is 

shown in table 1.  
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Table 1: Overview of the prepared electrodes of oxidized carbonnanotubes on Sigracet® GDL38 BC graphite 

paper. 

Electrode # 
[o-CNT] 

[µg cm
-2

] 
Nafion 
[w/v %] 

1 0 1.0 

2 100 1.0 

3 200 1.0 

4 500 1.0 

5 1000 1.0 

 

All experiments were performed in a two component electrochemical chamber, which 

contained a 100 ml buffered reaction solution with bromide. The treated graphite paper 

sheets were used as gas diffusion electrodes. In a first set of experiments the performance 

of the electrodes was tested by performing linear sweep experiments. Here the cell 

current was measured as a function of the applied potential between the working and the 

counter electrode. The results are shown in figure 1. 

 

 
Figure 1. Cyclic voltammetry of electrodes loaded with increasing amounts of oxidized carbon nanotubes. The 

Voltage is internal resistance corrected. Scan rate of 5 mV s-1. Electrode 1 (black), electrode 2 (red), electrode 3 

(blue), electrode 4 (green) and electrode 5 (purple). 
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As expected, a higher o-CNT loading resulted in a lowered potential needed to reach 

higher currents. To test whether this also related to higher H2O2 production, we also 

determined the H2O2 formation at different potentials for the electrodes 1, 2 and 5, 

loaded with 0, 100 and 1000 µg cm
-2

 o-CNT respectively. As shown in figure 2, the doped 

catalysts showed higher formation rates for H2O2 independent of the potential applied. At 

-250 mV, electrode 5 already facilitated the formation of 2 mM of peroxide per hour, 

while the undoped control electrode showed very little peroxide generation. At increased 

potentials, the doped cathodes further outperformed the control, proving the beneficial 

effect of the o-CNT on the cathodic reaction. Due to a limitation in terminal voltage, 

higher potentials than -350 mV could not be applied for electrode 5, but the linear relation 

between potential and H2O2 evolution show the limits of the system were not yet reached. 

Another important parameter for the performance of the catalyst is the efficiency in 

electron use. In other words, the amount of peroxide formed per electron couple 

supplemented by the cathode. Cui et al reported a higher peroxide formation efficiency at 

neutral to basic conditions [17]. However, under the slightly acidic conditions used here, 

similar efficiencies were observed for all electrodes, as shown in figure 3. Interestingly, the 

efficiency did generally seem to increase at higher potentials in the cases of the doped 

cathodes.  

 

 

Figure 2. H2O2 generation rates for the prepared cathodes at varied potentials. Electrode 1 (black), electrode 2 

(red) and electrode 5 (purple). 
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Figure 3. Current efficiency of the prepared cathodes at varied potentials in respect to H2O2 formation. 

Efficiencies were calculated by dividing the formation of by the electrons inserted in the reaction, as calculated 

from the current determined. Electrode 1 (black), electrode 2 (red) and electrode 5 (purple). 

 

In a final set of experiments, we coupled the electrochemical peroxide evolution to the 

bleach production by a vanadium containing chloroperoxidase from Curvularia inaequalis 

(CiVCPO). As the model reaction we chose the formation of hypobromide, from H2O2 and 

bromine, which would in turn attack 4-pentenoic acid (1) to form 5-

(Bromomethyl)dihydrofuran-2(3H)-one (2) (scheme 1). To evaluate the reaction, we 

compared the electrode doped with 1000 µg cm
-2

 o-CNT to the electrode without the 

catalyst at -250 mV and -350 mV. As is shown in figure 4 and figure 5, the treated 

electrode significantly outperforms the untreated one. Unfortunately, in all cases, the 

bromolactone formation rate was only roughly half the H2O2 the evolution rate as 

observed in figure 2. Most likely, the formed bleach can directly react with the hydrogen 

peroxide, which would result in the formation of singlet oxygen, bromine and water. This 

futile reaction would be responsible for the loss of two equivalents of product. If this side 

reaction can be negated, the efficiency of the system will double. Furthermore, the 
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accumulation of a sideproduct (up to 10%) was observed, which we determined to be the 

5-(hydroxymethyl)dihydrofuran-2(3H)-one.  

 

 

 

Figure 4: The electrochemical generation of H2O2 at -250 mV, resulting in the formation of (2) via the bleach 

made by CiVCPO. The graphite paper electrodes were doped with (open) or without (closed) the o-CNT (1000 µg 

cm-1). General conditions: [CiVCPO] = 25 nM, [4-pentenoic acid]0 = 50 mM, [KBr]0 = 100 mM, in a 100 mM citrate 

buffer pH 5.0 at room temperature. The 100 ml solutions were mixed by a magnetic stirring bar.  
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Figure 5: The electrochemical generation of H2O2 at -350 mV, resulting in the formation of (2) via the bleach 

made by CiVCPO. The graphite paper electrodes were doped with (open) or without (closed) o-CNT (1000 µg cm-

2). General conditions: [CiVCPO] = 100 nM, [4-pentenoic acid]0 = 50 mM, [KBr]0 = 100 mM, in a 100 mM citrate 

buffer pH 5.0 at room temperature. The 100 ml solutions were mixed by a magnetic stirring bar. 

 

As is shown in figure 4 and figure 5, the catalyst doped electrode at -250 mV perform 

roughly as well as the untreated one at -350 mV. This allows us to compare these two 

conditions and to calculate the amount of energy saved for the same reaction at similar 

space time yields. Here we assumed the decreased CiVCPO concentration at -250 mV not 

to limit the reaction, as turnovers up to 69 s
-1

 are reported for the enzyme under similar 

conditions. The results are summarized in table 2. 

 

Table 2. Comparison of the two electrodes at similar VCPO reaction rates. Reaction rates were determined from 
figure 4 and 5 while the current applied was taken from figure 1. The carbon dioxide emission per mole of 
product was calculated from the reaction volume of 100 ml and a CO2 emission of 404 g kWh-1 [18]. 

o-CNT loading 
[µg cm

-2
] 

Potential 
[mV] 

Reaction rate 
[mM h

-1
] 

Current 
[mA] 

Power 
[mW] 

CO2 emission 
[kg mole

-1
] 

0 -350 0.55 -18 6.3 167 

500 -250 0.73 -16 4.0 80 

Difference -100 0.18 -2 -2.3 87 
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As shown in table 2, doping the cathode with the o-CNT already resulted in only half the 

energy consumption, and thus CO2 emission, per amount of product generated. If the side 

reaction between bleach and peroxide can be circumvented, the efficiency would even 

further decrease to only a quarter of the undoped cathode. Though the conditions taken 

for these calculations account for low space time yields, the efficiency of H2O2 production 

compared to current remained similar for the electrodes (figure 3). The treated cathodes 

will thus in all cases significantly decrease the power needed to drive these reactions. 

Naturally, this environmentally benign method can also be translated to systems coupled 

to other chloroperoxidases [19] or peroxygenases [20].  

 

Material and methods 

All chemicals were purchased for Sigma Aldrich at the highest purity available. 

The oxidized carbon nanotubes (o-CNT) were a gift from the group of Yi Cui.  

 

Synthesis of 5-(Bromomethyl)dihydrofuran-2(3H)-one (2): 

The synthesis of the bromolactone as an authentic standard was performed at 

room temperature for 24 h while stirring. A 100 mM citrate buffer (pH 5, final volume of 

50 ml) contained 160 mM of KBr, 10 mmol 4-pentenoic acid, 100 nM CiVCPO and 100 mM 

of H2O2. At the end of the reaction, the mixture was extracted by dichloromethane (3x, 

100 ml) and dried over anhydrous Na2SO4. The combined organic layers were reduced in 

vacuo. The bromolactone compound was isolated by using flash column chromatography 

on (silica gel, EtOAc:Hexane, 1:2) and analyzed by 
1
H NMR to give 1.4 g, 80% isolated yield.  

 

Enzyme preparation 

100 mL pre-cultures of LB medium containing 50 μg ml
-1

 of ampicillin were 

inoculated with E. coli TOP10 pBADgIIIB VCPO and incubated overnight at 37°C and 180 

rpm. Overexpression was carried out in 5 l flasks with 1 l of TB medium supplemented 

with 50 μg ml
-1

 of ampicillin and grown at 37°C and 180 rpm. At an OD600 of 0.9 A.U., 0.02 

% of L-arabinose was added. After induction, cultures were incubated for additional 24 h 

at 25°C and 180 rpm.  

The bacterial pellets obtained after centrifugation were re-suspended in 50 mM 

Tris/H2SO4 buffer (pH 8.1). 0.1 mM PMSF (100 mM stock in isopropanol) was added to the 
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re-suspended cells, which were ruptured by sonication on ice (output 4, cycle 40%)). The 

samples were then centrifuged (10 000 rpm for 20 minutes) and the supernatant was 

incubated at 70 °C for 1.5 h. After centrifugation (10 000 rpm for 10 minutes), the absence 

of catalase activity was determined by adding the enzyme to a solution of 0.1% Triton and 

3% H2O2 in a KPi puffer (50 mM pH 7.0).  

The clarified protein solution was further purified with a Q Sepharose FF column. After 

washing the column with 2 volumes of 50 mM Tris/H2SO4, pH 8.1 and 2 volumes of 0.1 M 

NaCl in 50 mM Tris/H2SO4, pH 8.1, the enzyme was loaded at 7.5 ml min
-1

 and thereafter 

eluted with 0.6 M NaCl in 50 mM Tris/H2SO4, pH 8.1. Fractions containing CiVCPO 

(determined by the MCD activity assay) were pooled, concentrated (Amicon 10 kDa cut-off 

membrane) and desalted using HiTrap desalting or PD10 columns (GE Healthcare) and 50 

mM Tris/H2SO4, pH 8.1 containing 100 μM ortho-vanadate.  

CiVCPO activity was quantified via the monochlorodimedone (MCD) assay. The enzyme 

solution was added to a reaction mixture containing MCD (50 µM), KBr (5 mM) and ortho-

vanadate (100 µM) in a 100 mM citrate buffer at pH 5.0. After addition of H2O2 (5 mM), 

the enzyme activity could be determined by following the decrease of absorbance at 290 

nm. 

 

Electrode preparation 

A solution of oxidized carbon nanotubes (o-CNTs) and was suspended in ethanol 

containing 1 % w/v Nafion 117 (Sigma-Aldrich, Germany) and sonicated for 60 min. This 

suspension was evenly pipetted onto 5 cm x 5 cm sheets of Sigracet® GDL 38 BC (a gift 

from SGL CARBON GmbH, Germany). For the reference electrode, o-CNTs were omitted. 

For the electrodes 2, 3 and 4, the o-CNT were dispersed in ethanol at 2 mg ml
-1

. For the 

electrodes 5 and 6, the concentration of the stock was 5 mg ml
-1

. 

 

(Bio)-electrochemical setup 

Experiments were carried out in a 2-Half-Cell Chamber [21] divided by a proton 

exchange membrane (Nafion 117, Sigma Aldrich, St. Louis, USA). The anode consisted of a 

platinum sheet of 2 by 4 cm, contacted by a glass coated platinum wire. The anode 

chamber was filled with 100 ml of a 100 mM Na-Citrate buffer of pH 5. The cathode was 

prepared as described above and used as a gas diffusion electrode (GDE) by mounting it to 

the circular opening at the side of the H-cell (2.5 cm diameter). A Ni-mesh was added to 
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the air side of the GDE to ensure proper contact. The cathode chamber was filled with 100 

ml 100 mM Na-Citrate buffer at pH 5 containing 100 mM KBr. An Ag/AgCl electrode in a 

Luggin capillary filled with 0.5 M Na2SO4 was used as a reference electrode. The tip of the 

Luggin capillary was placed at a distance of about 4 mm from the cathode. All experiments 

were carried out using a GAMRY Reference 600 potentiostat/galvanostat. Prior to all 

experiments, the internal resistance was determined by impedance spectroscopy (about 

17 Ω) using the manufacturer provided program “Get Ru”. Linear sweep/cyclovoltametric 

measurements were carried out without iR-correction and were iR-corrected after the 

experiments. Chronoamperometric experiments were carried out using positive feedback 

iR compensation by applying 90% of the internal resistance that had been determined 

prior to starting the experiments. 

Bioelectrochemical experiments were carried out in the same setup. For these 

experiments, 50 mM 4-pentenoic acid, and 25 nM or 100 nM CiVCPO, for experiments 

carried out at -250 mV and -350 mV, respectively, were added to the cathode chamber 

containing 100 ml of 100 mM Na-Citrate buffer pH 5 containing 100 mM KBr. Experiments 

were started by applying a constant voltage using positive feedback iR compensation as 

described above.  

 

Electrochemical H2O2 measurement 

Hydrogen peroxide concentrations were determined electrochemically using a 

Select 2700 Biochemistry Analyzer (Yellow Springs Instruments, OH, USA) equipped with 

blank membranes. The calibration solution consisted of 30 mg l
-1

 H2O2 in a 20 mM Na-

citrate buffer. Sample size taken was 25 µl while the measurement time was 30 seconds. A 

typical calibration sample yielded in a 10 nA signal with a baseline current below 2 nA.  

 

Gas chromatography 

Aqueous samples (500 µl) were acidified by addition of 50 µl 6 M HCl and 

extracted with 500 µl ethyl acetate containing 10 mM acetophenone (AP) as internal 

standard. Concentrations of 4-pentenoic acid and the bromolactone were determined by 

gas chromatography equipped with a flame ionization detection (FID) (GC-17A, Shimadzu, 

Japan). The compounds were separated on a DB-WAXetr column (30 m x 0.25 mM x 0.25 

µM) (Agilent, CA, USA) with a split of 20, a linear velocity of 31.5 cm s
-1

 using the following 

heating method:  
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Ramp [°C min
-1

] Temperature [C] Hold time [min] 
 

- 130 0 
7 190 0 
15 230 3 

 
 
Retention times 

Compound Retention time (min) 
 

Acetophenone 4.0 
4 pentenoic acid 5.1 
Bromolactone 10.4 
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Summary 

Peroxygenases are very interesting catalysts for specific oxyfunctionalization chemistry. 

Their poor robustness against the stoichiometric oxidant (H2O2) can be addressed via in 

situ generation of H2O2. Here we report that simple graphitic carbon nitride (g-C3N4) is a 

promising photocatalyst to drive peroxygenase-catalyzed hydroxylation reactions. The 

system has been characterized outlining its scope but also its current limitations. In 

particular, spatial separation of the photocatalyst from the enzyme is shown as solution to 

circumvent the undesired inactivation of the biocatalyst. Overall, very promising turnover 

numbers of the biocatalyst of more than 60.000 have been achieved.   
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Introduction 

Selective oxyfunctionalization of non-activated sp
3
 carbon-hydrogen bonds is a 

challenge in organic synthesis. Catalysts exhibiting both high oxidation potential and high 

selectivity are rarely found [1]. In this respect, so-called unspecific peroxygenases (UPOs), 

next to the established P450 monooxygenases and some other non-heme-

monooxygenases [2], have attracted considerable interest [3-5]. 

One attractive feature of UPOs is that they rely on simple H2O2 as oxidant instead of 

complicated electron transport chains [6]. This is in contrast to P450 monooxygenases 

which require NADH as the electron source and a complex electron transfer chain to 

deliver the electrons to the enzyme active site. H2O2, however, is also a potent inhibitor of 

peroxygenases as already small excesses oxidatively inactivate the prosthetic heme group 

[7]. Generating H2O2 in situ through catalytic reduction of O2 is the most common 

approach to alleviate the inactivation issue. In essence, these systems provide H2O2 at 

rates that enable efficient peroxygenase activity while minimizing the H2O2-related 

inactivation. These methods comprise a range of chemical [8-13],
 
electrochemical [14-19], 

enzymatic [20-23]
 
and photocatalytic [24-32] approaches.  

The latter is particularly interesting as it, in principle, enables using light energy to access 

simple sacrificial electron donors to drive the reduction of O2 to H2O2. To make light 

energy available for this reaction, a photosensitizer (or photocatalyst) is necessary. Both, 

homogeneously dissolved molecular
 

and semiconductor-based solid material 

photocatalysts have been evaluated. While the first often suffer from issues of 

photobleaching and inactivation, the latter excel by their high robustness and reusability. 

So far, mainly TiO2-based semiconductor photocatalysts have been evaluated to promote 

peroxygenase-catalyzed oxyfunctionalization reactions. 

Therefore, we set out to investigate a broader set of (in)organic photocatalyst systems 

[33] to promote peroxygenase-catalyzed reactions (scheme 1). 
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Scheme 1. Photoenzymatic hydroxylation of ethyl benzene combining heterogeneous photocatalysts for the 

reductive activation of O2 to H2O2 with a peroxygenase-catalyzed oxyfunctionalization reaction. 

 

Results 

We chose the selective hydroxylation of ethyl benzene to (R)-1-phenyl ethanol 

catalyzed by the peroxygenase from Agrocybe aegerita (rAaeUPO) as the model reaction 

[34-37]. 

In a first set of experiments, we evaluated several reported and/or commercially available 

heterogeneous photocatalysts (figure 1) with respect to their ability to form H2O2; 

particularly, we investigated their performance in the envisioned photoenzymatic cascade 

transforming ethyl benzene to (R)-1-phenyl ethanol. It is worth mentioning that in the 

absence of the photocatalysts or light, no product formation was observed. In the absence 

of rAaeUPO, upon prolonged reaction times, traces of racemic product and the 

overoxidation product were observed in some cases.  
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A: H2O as electron donor B: Methanol as electron donor 

  
Figure 1. Performance of several heterogeneous photocatalysts to promote rAaeUPO-catalyzed 

oxyfunctionalization, forming phenyl ethanol (black) and the over-oxidation product acetophenone (white), in 

absence (left) or presence (right) of methanol. Conditions: 5 mg ml-1 heterogeneous catalyst, 50 mM ethyl 

benzene, 0 or 250 mM methanol and 100 nM rAaeUPO in a 100 mM phosphate buffer at pH 7, 30 °C and stirring 

at 300 rpm. Illumination by a Osram 200W light bulb for 30 minutes. Reactions were performed in independent 

duplicates. 1: Au-BiVO4 [38]; 2: Co3O4 (quantum dots) [39]; 3: Co4(H2O)2(W9O34)2 [40]; 4: Pt-TiO2 (Rutile) [41]; 5: 

MnO (on Faujasite) [42]; 6: Co-TiO2 [43]; 7: MnO (nanowires) [44]; 8: Ir@SiO2 ; 9: Fe2O3 [45, 46]; 10: g-C3N4; 11: 

ZnO (nanoclusters) [47]. 
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Almost all heterogeneous photocatalysts tested enabled the desired reaction both in the 

presence and absence of an extra electron donor (methanol). However, reaction rates 

tended to be significantly lower in experiments where methanol was absent. In the first 

case, it may be assumed that water oxidation was the primary source for reducing 

equivalents [48]. In some cases, significant amounts of acetophenone were found along 

with the desired (R)-1-phenyl ethanol. We attribute this to the oxidation of the desired 

product by the photocatalysts [49]. Platinum loaded titanium oxide (Pt-TiO2) and graphitic 

carbon nitride (g-C3N4) stood out in terms of product formation rate. For reasons of ease 

of preparation, we further focussed on g-C3N4 as photocatalyst. Furthermore, g-C3N4 has 

previously been reported to be highly selectively for H2O2 over other (partially reduced) 

reactive oxygen species [50]. 

Figure 2 shows the overall product formation of g-C3N4 using either water (blue), methanol 

(red), or formate (green) as sacrificial electron donor to promote the photoenzymatic 

hydroxylation of ethyl benzene. Assumptions made to obtain the bar-graphs can be found 

in the experimental section. 
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Figure 2. g-C3N4 as photocatalyst to promote rAaeUPO-catalyzed hydroxylation of ethyl benzene in the absence 

of external electron donors (blue), or 250 mM methanol (red) or 250 mM formate (green). A: time course of (R)-

1-phenyl ethanol formation and B: time course of acetophenone formation. From these time courses, 

parameters such as reaction rate (C), rAaeUPO inactivation rate (D), maximal product concentration (E) and 

selectivity (F) were calculated. General conditions: [rAaeUPO] = 100 nM, [ethyl benzene] = 50 mM, [g-C3N4] = 5 

mg ml-1, KPi buffer pH 7.0 (100 mM), 30 °C, magnetic stirring at 600 rpm, Illumination by a Osram 200W light 

bulb. Reactions were performed in independent duplicates. 

  

From a conceptual and an environmental point-of-view, water oxidation would have been 

the most desirable source of reducing equivalents. However, this system fell back in terms 

of catalytic rate and selectivity towards the phenyl ethanol compared with the use of 

methanol or formate as sacrificial electron donor. Similar observation have been made 

before for TiO2 [51]. Thermodynamically, water oxidation is far more demanding than the 

oxidation of methanol or formate. As the redox potentials of the band gaps of g-C3N4 are 

unfavourable to perform water oxidation [52], other molecules are more likely to 
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participate at the oxidation reaction of the catalyst. Both the substrate as the enzymatic 

product can be oxidized by g-C3N4. This was evident from the increased overoxidation of 

(R)-phenyl ethanol to acetophenone and the lower optical purity of phenyl ethanol. In the 

absence of both enzyme and substrate the illumination of the g-C3N4 gave negligible H2O2 

formation rates (<1.0 µM h
-1

), which increased to 2.0 (± 0.02) µM min
-1 

upon addition of 

formate. Another interesting effect of formate was that the robustness of the overall 

reaction was significantly higher than when using methanol or no sacrificial electron 

donor. We attribute this to the hydroxyl radical scavenging activity of formate (vide infra). 

Methanol oxidation proceeds via methoxy radicals, which again may be assumed to have a 

detrimental influence on the stability of the biocatalyst [25]. 

Overall, formate proved to be a suitable sacrificial electron donor for the reaction. We 

therefore systematically investigated the factors influencing the activity, selectivity and 

robustness of the formate-driven photoenzymatic reaction system. 

Increasing the concentration of formate had a positive effect on the reaction rate, 

selectivity and robustness of the overall system (figure 3). Hence, we concluded that the 

photocatalytic oxidation of formate is the overall rate-limiting step in the reaction scheme. 

Increasing the amount of sacrificial electron donor in the case of methanol led to 

increased reaction rates, but had no effect on the robustness of the system or the 

accumulation of the acetophenone (figure 4).  
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Figure 3. Influence of the formate concentration on the performance of the photoenzymatic hydroxylation of 

ethyl benzene. A: time course of (R)-1-phenyl ethanol formation and B: time course of acetophenone formation. 

From these time courses, parameters such as reaction rate (C), rAaeUPO inactivation rate (D), maximal product 

concentration (E) and selectivity (F) were calculated. [HCO2
-] = 0 mM (black), 50 mM (green), 100 mM (red), 250 

mM (blue) or 500 mM (purple). General conditions: [rAaeUPO] = 100 nM, [ethyl benzene] = 50 mM, [g-C3N4] = 5 

mg ml-1, KPi buffer pH 7.0 (100 mM), 30 °C, magnetic stirring at 600 rpm, Illumination by a Osram 200W light 

bulb. Reactions were performed in independent duplicates. 
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A B 

  

C D E F 

    

Figure 4. Influence of the methanol concentration on the performance of the photoenzymatic hydroxylation of 

ethyl benzene. A: time course of (R)-1-phenyl ethanol formation and B: time course of acetophenone formation. 

From these time courses, parameters such as reaction rate (C), rAaeUPO inactivation rate (D), maximal product 

concentration (E) and selectivity (F) were calculated. [MeOH] = 0 mM (black), 50 mM (green), 100 mM (red), 250 

mM (blue) or 500 mM (purple). General conditions: [rAaeUPO] = 100 nM, [ethyl benzene] = 50 mM, [g-C3N4] = 5 

mg ml-1, KPi buffer pH 7.0 (100 mM), 30 °C, magnetic stirring at 600 rpm, Illumination by a Osram 200W light 

bulb. Reactions were performed in independent duplicates. 

 

The concentration of the biocatalyst had a significant influence on the robustness of the 

overall reaction but hardly influenced the initial product formation rate (figure 5). In other 

words, the biocatalyst was slowly deactivated over time, while only a fraction of the 

enzyme present in solution was sufficient to take up the H2O2 generated. This supports the 

assumption that the photocatalytic H2O2 formation was rate-limiting and that undesired 
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rAaeUPO-inactivation by the photocatalyst represented the major undesired side reaction. 

Consequently, the most efficient way of using the biocatalyst would be to feed it over time 

(vide infra). 

Figure 5. Influence of the rAaeUPO concentration on the performance of the photoenzymatic hydroxylation of 

ethyl benzene. A: time course of (R)-1-phenyl ethanol formation and B: time course of acetophenone formation. 

From these time courses, parameters such as reaction rate (C), rAaeUPO inactivation rate (D), maximal product 

concentration (E) and selectivity (F) were calculated. [rAaeUPO] = 20 nM (black), 50 nM (red), 100 nM (blue), 200 

nM (green) or 500 nM (purple). General conditions: [NaHCO2] = 250 mM, [ethyl benzene] = 50 mM, [g-C3N4] = 5 

mg ml-1, KPi buffer pH 7.0 (100 mM), 30 °C, magnetic stirring at 600 rpm, Illumination by a Osram 200W light 

bulb. Reactions were performed in independent duplicates.  

 

Next, we systematically varied the concentration of the photocatalyst (figure 6). Very 

much to our surprise, the anticipated positive correlation between g-C3N4 concentration 

and H2O2 formation rate was less pronounced than expected. Moreover, rAaeUPO 
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inactivation even decreased at higher g-C3N4 concentrations. Currently, we are lacking a 

plausible explanation; possibly, self-shading of the heterogeneous g-C3N4 reduced its H2O2 

generation activity; already at catalyst loadings of 1 mg ml
-1

 reaction mixtures were very 

turbid. Further experiments will be necessary to fully understand the effect of the 

photocatalyst concentration. Possibly, the rates for the experiments with 2.5 mg ml
-1

 of g-

C3N4 were out-layers, as in these experiments the biocatalyst was also deactivated at a 

higher rate than expected. 

Figure 6. Influence of the g-C3N4 concentration on the performance of the photoenzymatic hydroxylation of ethyl 

benzene. A: time course of (R)-1-phenyl ethanol formation and B: time course of acetophenone formation. From 

these time courses, parameters such as reaction rate (C), rAaeUPO inactivation rate (D), maximal product 

concentration (E) and selectivity (F) were calculated. [g-C3N4] = 1 mg ml-1 (black), 2.5 mg ml-1 (red), 5 mg ml-1 

(blue), 10 mg ml-1 (green) or 15 mg ml-1 (purple). General conditions: [NaHCO2] = 250 mM, [ethyl benzene] = 50 

mM, [rAaeUPO] = 100 nM, KPi buffer pH 7.0 (100 mM), 30 °C, magnetic stirring at 600 rpm, Illumination by a 

Osram 200W light bulb. Reactions were performed in independent duplicates.  
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The overall rate of the reaction was highest at neutral to slightly alkaline pH values (Figure 

7). Currently, we are lacking a plausible explanation for this observation as the H2O2 

generation rate of g-C3N4 was reported to be largely pH-independent [53] whereas the 

highest activity of rAaeUPO may be expected in slightly acidic media [37]. Similar trends in 

H2O2 generation rates were observed before for TiO2 [54]. 

 

A B 

  

C D E F 

  
  

Figure 7. Influence of the reaction pH on the performance of the photoenzymatic hydroxylation of ethyl benzene. 

A: time course of (R)-1-phenyl ethanol formation and B: time course of acetophenone formation. From these 

time courses, parameters such as reaction rate (C), rAaeUPO inactivation rate (D), maximal product 

concentration (E) and selectivity (F) were calculated. pH 5.0 (black), pH 6.0 (red), pH 7.0 (blue) or pH 8.0 (green). 

General conditions: [NaHCO2] = 250 mM, [ethyl benzene] = 50 mM, [rAaeUPO] = 100 nM, KPi buffer pH 7.0 (100 

mM), 30 °C, magnetic stirring at 600 rpm, Illumination by a Osram 200W light bulb. Reactions were performed in 

independent duplicates. Data points at 8 hours for pH 6.0 and pH 8.0 are most likely outliers caused by 

insufficient extraction. 
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Also the morphology of the g-C3N4 catalyst had a significant influence especially on the 

overall reaction rate as well as the rAaeUPO inactivation rate. The form of g-C3N4 used so 

far are the so-called g-C3N4 sheets, obtained from calcinating urea [55]. Further, more 

intense, thermal treatment process leads to so-called amorphous g-C3N4, exhibiting a 

higher surface area [56]. A preparation with lower specific surface area (bulk g-C3N4) can 

be obtained by starting the synthesis from melamine instead of urea (figure 14) [55]. In 

line with our previous observations that the photocatalytic H2O2 generation is overall rate-

limiting, we also observed a correlation between surface area and overall reaction rate 

(figure 8). The same, however was also true for the inactivation rate of rAaeUPO, which 

increased with increasing surface area. 

Figure 8. Influence of g-C3N4 morphology on the photoenzymatic hydroxylation of ethyl benzene. A: time course 

of (R)-1-phenyl ethanol formation and B: time course of acetophenone formation. From these time courses, 

parameters such as reaction rate (C), rAaeUPO inactivation rate (D), maximal product concentration (E) and 

selectivity (F) were calculated. Amorphous g-C3N4 (black), g-C3N4 sheets (red) or g-C3N4 bulk (green).. Reaction 

conditions: [NaHCO2] = 250 mM, [ethyl benzene] = 50 mM, [g-C3N4] = 5 mg ml-1, [rAaeUPO] = 100 nM, KPi buffer 

pH 7.0 (100 mM), 30 °C, magnetic stirring at 600 rpm, Illumination by a Osram 200W light bulb. Reactions were 

performed in independent duplicates. 
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To determine the scalability of the suggested system, we decided to perform a semi-

preparative scale experiment, where the enzyme was added over time. Due to issues with 

the volatility of ethyl benzene, the substrate was also added over time to sustain the 

substrate pool in the reaction. After 80 hours, 16.9 mM of enantiopure phenyl ethanol (ee 

of 97.8%) was produced (figure 9). Extraction and subsequent concentration under 

reduced pressure at room temperature yielded 42.2 mg of the product containing 16 % 

acetophenone. The phenomenon limiting this setup at the moment is the relative low 

reaction rate. Higher conversions could thus be achieved by designing g-C3N4 providing 

higher H2O2 generation rates. 

 

 

Figure 9. The g-C3N4 – rAaeUPO cascade on a 24 ml scale over 12 samples. Conditions: [NaHCO2] = 250 mM, 

[rAaeUPO] = 100 nM, [ethyl benzene] = 50 mM, [g-C3N4] = 5 mg ml-1, KPi buffer pH 7.0 (100 mM), 30 °C, magnetic 

stirring at 600 rpm. Illumination by a Osram 200W light bulb. 100 nM of rAaeUPO was added every 12 hours. 50 

mM of ethylbenzene was added after 36 hours to compensate for evaporation.  

 

The major bottleneck of the current system is its relative poor robustness; generally within 

24h accumulation of (R)-1-phenyl ethanol ceased, which we attribute to the inactivation of 

the biocatalyst. As mentioned above, hydroxyl radicals may be assumed to be the primary 

products of g-C3N4-catalyzed water photo-oxidations. Indeed, using the spin trap method 

[57] we could confirm the occurrence of hydroxyl radicals (figure 10). The short life time of 

·OH in aqueous media [58] suggests their predominant occurrence at the photocatalyst 

surface. We therefore also investigated whether g-C3N4 showed a tendency to absorb the 
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biocatalyst. Indeed we found that rAaeUPO and other proteins absorbed significantly to 

the polar surface of g-C3N4 (figure 10) [59]. Here they are exposed to locally high 

concentrations of hydroxyl radicals, which sufficiently explains the rather poor robustness 

of the photoenzymatic reactions so far. Direct enzyme deactivation by oxidation on the g-

C3N4 might also contribute. Incubation of rAaeUPO with g-C3N4 in dark did not show any 

deactivation of the enzyme (figure 11).  

 

    

Figure 10. Investigating the molecular reasons for the decreased rAaeUPO-stability under process conditions. A: 

Detection of hydroxyl radicals formed by irradiated g-C3N4 using the spin-trap method. Signals marked with an 

asterisk () are assigned to the oxidation product of DMPO, 5,5-dimethyl-2-oxopyrroline-1-oxyl (DMPOX). 

Signals marked with triangles () belong to the spin adduct DMPO–OH; B: Protein in solution before (black) or 

after (white) incubation with g-C3N4 in dark, for bovine serum albumin (BSA) or rAaeUPO. 
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Figure 11. The effect of g-C3N4 on rAaeUPO in absence of the light source. 10 nM rAaeUPO in KPi buffer (100 mM, 

pH 7.0) was incubated in presence or absence of 5 mg ml-1 of g-C3N4 for 13 hours at 30 °C. Thereafter, 50 mM 

ethyl benzene and 1 mM were added to all samples and the reaction was run of 30 minutes. Reaction solutions 

were extracted with ethylacetate and subsequently analysed on GC. Experiments were performed in triplicates.  

 

We hypothesized that spatial separation of rAaeUPO from the photocatalyst may enhance 

the stability of the enzyme under reaction conditions. Therefore, we tested this 

hypothesis by placing rAaeUPO into a dialysis bag thereby preventing its direct contact 

with the photocatalyst (figure 12). Here, the UPO and g-C3N4 would be contained, while 

both ethyl benzene as H2O2 could pass the membrane.  
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Figure 12. Time course of the photoenzymatic hydroxylation of ethyl benzene to (R)-1-phenyl ethanol (black) and 

overoxidation to acetophenone (white) using the dialysis bag approach. Conditions: 10 ml reaction solution 

equally divided inside and outside the dialysis bag (20 kDa cutoff). Inside the bag: [NaHCO2] = 250 mM, [ethyl 

benzene] = 50 mM, [rAaeUPO] = 100 nM, KPi buffer pH 7.0 (100 mM). Outside the bag: [NaHCO2] = 250 mM, 

[ethyl benzene] = 50 mM, [g-C3N4] = 5 mg ml-1, KPi buffer pH 7.0 (100 mM). The reaction was performed once at 

room temperature while stirring at 600 rpm. The reaction solution was illuminated by a lightningcure spot light 

(Hamamatsu) at 50% intensity with an UV filter.  

 

To our delight, physically separating the biocatalyst from the photocatalyst had the 

desired effect of stable product accumulation for more than four days. Compared to the 

previous experiments, this corresponds to an improvement by more than 4 times. 

However, this improvement came at the expense of a significantly decreased reaction 

rate, which is most likely to be attributed to diffusion limitations for the substrates over 

the dialysis membrane (figure 13). 
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Figure 13. rAaeUPO catalyzed hydroxylation of ethyl benzene to phenyl ethanol upon addition of 1 mM of H2O2, 

with the enzyme either in a dialysis bag (white) or free in solution (black). The reaction mixtures were equally 

divided inside as outside the bag. Conditions for the physically separated reaction: Inside the bag: [ethyl 

benzene] = 50 mM, [rAaeUPO] = 100 nM, KPi buffer pH 7.0 (100 mM). Outside the bag: [H2O2] = 2 mM, [ethyl 

benzene] = 50 mM, KPi buffer pH 7.0 (100 mM). Conditions for the free enzyme reaction: [ethyl benzene] = 50 

mM, [H2O2] = 1 mM, [rAaeUPO] = 50 nM, KPi buffer pH 7.0 (100 mM). The single reactions were performed at 

room temperature while magnetically stirring at 600 rpm.  

 

Conclusion 

Overall, in this contribution we have expanded the scope of photoenzymatic 

oxyfunctionalization reactions to a broader range of heterogeneous photocatalysts. g-C3N4 

appeared to be a good alternative to the established TiO2-based photocatalysts. In the 

end, total turnover numbers of over 60.000 were reached for the UPO. The major 

limitations identified in this study were (1) the relatively low specific H2O2-generation rate 

of the photocatalysts and (2) the undesired inactivation of the biocatalysts at the 

photocatalyst surface. The first limitation can be addressed by further optimizing the 

catalyst and light intensity. The catalyst can be improved by chemically modifying the g-

C3N4 e.g. by doping with donor- or acceptor type dopants may be successful [60]. Some 

preliminary results using KOH- or Co2O3-modified g-C3N4 indeed demonstrated that doping 

can significantly influence the H2O2-generation activity [61, 62]. Further systematic studies 

will validate this approach. 
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The second limitation, i.e. the oxidative inactivation of the biocatalyst by surface-borne 

reactive oxygen species can be alleviated by physical separation. To circumvent the 

massive diffusion limitations observed in this double-heterogeneous reaction system, a 

linear plug-flow reactor concept may prove beneficial. 

 

Experimental section 

Enzyme preparation  

The recombinant unspecific peroxygenase from Agrocybe aegerita (rAaeUPO), 

evolved for functional expression in Pichia pastoris, was produced and purified as 

described previously [36]. The culture broth containing rAaeUPO excreted by the P. 

pastoris was centrifuged at 8000 rpm for 2 hours at 4 °C. The supernatant was filtered 

through a 20 μm filter and stored at -80 °C until further purification.  

The supernatant was concentrated (Amicon 10 kDa cut-off) and dialysed against a 100 mM 

NaPi buffer, pH 7.0. rAaeUPO was one-step purified using a NGC Chromatography system 

(Bio-Rad) with a Q Sepharose FF 30-ml cartridge at a flow rate of 5 ml min
-1

. After 90 ml, 

the retained protein was eluted with a 0-50 % NaCl gradient in 450 ml, followed by 50-100 

% gradient in 50 ml and 100 % NaCl in 75 ml. Fractions containing peroxygenase activity, 

as determined by the oxidation of 2,2'-azino-bis (3-ethylbenzothiazoline-6-sulphonic acid) 

(ABTS) with H2O2, were pooled, concentrated and dialysed against a 100 mM NaPi buffer 

(pH 7.0). 

The UV/Vis spectrum of purified rAaeUPO showed a Reinheitszahl (Rz: A420/A280) value 

of 1.6 and was essentially pure as judged by SDS-PAGE. The activity of rAaeUPO was 

determined to be 652 ± 5 U mg
-1

 (pH 5.0 in NaPi buffer) after purification. One unit of the 

enzyme activity was defined as the amount of the enzyme catalysing the oxidation of 1 

μmol of ABTS per minute at the expense of H2O2. 

 

Photocatalyst 

g-C3N4 was synthesized either from urea or melamine as starting compound by 

heating it up in a furnace to 550 °C (heat ramp: 5 °C min
-1

). In a typical procedure from 10 

g urea approximately 0.5 g g-C3N4 sheets were obtained whereas from 10 g melamine 

approximately 2 g of g-C3N4 bulk were obtained. Amorphous g-C3N4 was synthesized by 

further calcination of g-C3N4 sheets to 620 °C under an inert argon atmosphere [63]. 
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Figure 14: TEM images and physical appearance of g-CN bulk (left) and g-CN sheets (right). 

 

All other photocatalysts were either commercially available of prepared following 

literature procedures. 

 

GC analysis 

Gas chromatography measurements were performed on a GC-214 (Shimadzu) 

with FID and an AOC-20i auto-injector.  

Achiral measurements were performed with a CP-WAX 52 CB column from Agilent (25 m x 

0.25 mm x 1.2 μm) at a split ratio of 30 using the following method: 

 
Rate [°C min

-1
] Temperature [°C] Hold time [min] 

- 150 2.2 

25 210 3.8 

30 250 1.0 

 

Chiral measurements were performed with a CP-Chirasil-Dex CB from Agilent (25 m x 0.32 

mm x 0.25 μm) at a split ratio of 100 using the following method: 

 
Rate [°C min

-1
] Temperature [°C] Hold time [min] 

- 120 2.6 

15 135 3.3 

25 225 1.0 
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Reaction setup.  

Unless stated differently, reactions were performed in 4 ml glass vials. 2 ml 

reaction mixtures were stirred at 600 rpm using a small stirring magnet (6 mm). The vials 

were placed around an incandescent white light bulb (Osram, 205W Halolux Ceram) at a 

distance of approximately 1 cm (figure 15). The water bath was continuously cooled at 30 

°C. Reaction mixtures generally contained 5 mg ml
-1

 g-C3N4, 100 nM rAaeUPO and 50 mM 

ethylbenzene in a 100 mM KPi buffer at pH 7.0. Sacrificial electron donors were added to a 

concentration of 250 mM. Before use, the g-C3N4 was dispersed via sonication in 1 ml of 

the phosphate buffer. Samples were taken using a syringe and needle, keeping the 

reactors closed and preventing evaporation of the ethylbenzene. 200 µl of the reaction 

mixture was taken and extracted with an aliquot of ethyl acetate containing 5 mM octanol 

as internal standard. The mixtures were intensively mixed for 10 s, centrifuged for 2 min 

and the organic phase was dried over magnesium sulphate and subsequently analysed via 

achiral CG chromatography (CP-WAX 52 CB). Optical purities were determined using chiral 

GC (CP-Chirasil-Dex CB).  
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A B 

  
 
Figure 15. Reaction setups used for the photo-chemical reactions. Left: the temperature controlled reaction 

setup with the incandescent white light bulb. Reaction vials were put in the holder around the light source. Right: 

reaction setup with the Hamamatsu spotlight at room temperature. Reactions were performed in a closed off, 

cut off 50 ml falcon tube in order to minimize evaporation.  

 

A B 

  

Figure 16. Left: Emission spectra of the white light bulb (solid) and the Hamamatsu (dashed) at 50%. Spectra 

were determined with a calibrated spectrophotometer and measured at a distance of 30 cm (for the light bulb) 

or 45 cm (for the Hamamatsu) with an integration time of 1.05 seconds. Holding the light sources closer to the 

detector would saturate the signal. Right: g-C3N4 and rAaeUPO catalysed hydroxylation of ethyl benzene to 

phenyl ethanol using the two light setups. Conditions: [rAaeUPO] = 100 nM, [ethyl benzene] = 50 mM, [g-C3N4] = 

5 mg ml-1, KPi buffer pH 7.0 (100 mM), magnetic stirring at 600 rpm for five hours. Reactions with the Osram 

white light bulb were performed at 30 °C. Reaction with the Hamamatsu light setup were performed at room 

temperature. Reactions were performed in duplicates.  
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Scale-up reaction  

A 24 ml reaction, divided over 2 ml samples, was illuminated 80 hours for 

increased product titres. The reaction was performed at 30 °C in a KPi buffer (100 mM, pH 

7.0) containing ethyl benzene (50 mM), g-C3N4 (5 mg ml
-1

), rAaeUPO (100 nM) and sodium 

formate (250 mM). 100 nM of rAaeUPO was added to the reaction every 12 hours and the 

ethyl benzene was replenished by adding 50 mM extra substrate after 36 hours. At the 

end of the reaction, the compound was extracted with ethyl acetate, dried with MgSO4 

and purified under reduced pressure at room temperature, also evaporating remaining 

substrate. The purity of the product was determined by 
1
H NMR, while optical purity was 

determined using chiral GC (CP-Chirasil-Dex CB). NMR spectra were recorded on an 

Agilent 400 spectrometer in CDCl3. Chemical shifts are given in ppm with respect to 

tetramethylsilane. Coupling constants are reported as J-values in Hz (s: singlet. d: doublet. 

t: triplet. q: quartet. m: multiplet. br: broad) 

1
H NMR (400 MHz, CDCl3) δ 7.40-7.26 (m, 5H), 4.91 (q, J = 6.5 Hz, 1H), 1.82 (br s, 1H, -OH), 

1.51 (d, J = 6.4 Hz, 3H) 

13
C NMR (100 MHz, CDCl3) δ 128.5, 127.5, 125.4, 70.4, 25.10. 

 

 
Figure 17. 1H NMR spectrum of the reaction product.  
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Figure 18. 13C NMR spectrum of the reaction product.  

 

Data manipulation 

As the reaction rate, the initial formation rate of phenyl ethanol was taken, 

considering at least three data points. To estimate the enzyme deactivation rate, the 

following formula were used:  

𝑈𝑃𝑂 𝑑𝑒𝑎𝑐𝑡𝑖𝑣𝑎𝑡𝑖𝑜𝑛 𝑟𝑎𝑡𝑒 =
[𝑈𝑃𝑂]0

𝑅𝑒𝑎𝑐𝑡𝑖𝑜𝑛 𝑡𝑖𝑚𝑒
 

With: 

𝑅𝑒𝑎𝑐𝑡𝑖𝑜𝑛 𝑡𝑖𝑚𝑒 =  
[𝑀𝑎𝑥 𝑝ℎ𝑒𝑛𝑦𝑙 𝑒𝑡ℎ𝑎𝑛𝑜𝑙]

𝑟𝑒𝑎𝑐𝑡𝑖𝑜𝑛 𝑟𝑎𝑡𝑒
 

The reaction selectivity was calculated by dividing the maximum amount of phenyl 

ethanol reached by the total amount of product formed in that same point in time.  

 

𝑆𝑒𝑙𝑒𝑐𝑡𝑖𝑣𝑖𝑡𝑦 =
[𝑀𝑎𝑥 𝑝ℎ𝑒𝑛𝑦𝑙 𝑒𝑡ℎ𝑎𝑛𝑜𝑙]

[𝑀𝑎𝑥 𝑝ℎ𝑒𝑛𝑦𝑙 𝑒𝑡ℎ𝑎𝑛𝑜𝑙] + [𝐴𝑐𝑒𝑡𝑜𝑝ℎ𝑒𝑛𝑜𝑛𝑒]𝑡
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Summary 

The biocatalytic preparation of trans-2-hexenal from trans-2-hexenol using a 

novel aryl alcohol oxidase from Pleurotus eryngii (PeAAOx) is reported. Alcohol oxidases 

bear several advantages over the more conventional alcohol dehydrogenases for these 

kind of reactions, mostly because no cofactor regeneration system is needed. Instead, 

oxygen is used directly by this enzyme to close the reaction redox balance. However, both 

substrates, oxygen and trans-2-hexenol, are poorly soluble in aqueous solutions. We 

overcame both these limitations individually using flow chemistry and two liquid phases 

systems respectively. This way, we reached turnover frequencies and turnover numbers 

for the enzyme up to 38 s
-1

 and 2.2 million, respectively. 
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Introduction  

The selective oxidation of functionalised alcohols to the corresponding aldehydes 

still poses challenges in synthetic organic chemistry [1-3]. Issues with functional group 

tolerance, overoxidation and other undesired side reactions are still observed frequently 

[4]. Traditional chemical routes are sometimes plagued by a rather high energy demands 

and dependence on environmentally questionable oxidants [5]. When it comes to 

selectivity, enzymes are generally amongst the first catalysts to be mentioned [6-8]. 

Nevertheless, only a few synthetic oxidation reactions rely on biocatalysis, and preference 

usually is given to the well-established homogeneous and heterogeneous catalysts. 

Partially, this is due to the (perceived) high costs of enzyme production. Furthermore, 

product titres reported for biocatalytic oxidations still tend to be in the lower millimolar 

range (few g l
-1

) and thus are unattractive from a preparative point-of-view. To address 

these issues, we chose the oxidation of trans-2-hexenol to the corresponding aldehyde as 

model reaction. The corresponding aldehyde is widely used in the flavour and fragrance 

industry as fresh flavour ingredient (Green Note) [9]. 

For clean conversion of primary alcohols to aldehydes principally two biocatalytic 

approaches are available (Scheme 1) [10-13]. Alcohol dehydrogenases catalyse the 

reversible oxidation of alcohols in a Meerwein–Ponndorf–Verley-type of reaction (Scheme 

1A). The poor thermodynamic driving force of this reaction, however, necessitates 

significant molar surpluses of the stoichiometric oxidant (such as acetone). This not only 

negatively influences the environmental impact of the reaction [14] but also complicates 

downstream processing. Furthermore, the nicotinamide cofactor (even if used in catalytic 

amounts only) causes additional costs. 
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Scheme 1: Enzymatic reaction schemes for the selective oxidation of trans-2-hexenol. A: Alcohol dehydrogenase 

(ADH)-catalysed oxidation producing stoichiometric amounts of NAD(P)H, which needs to be recycled in situ; the 

overall reaction is reversible requiring surpluses of the cosubstrate (e.g., acetone) to shift the overall equilibrium 

to the side of trans-2-hexenal. B: Envisioned aerobic oxidation using alcohol oxidases (AOx). H2O2 is formed as 

byproduct and dismutated by catalase into H2O and O2. 

 

Therefore, we concentrated on alcohol oxidase-catalysed reaction schemes (Scheme 1B). 

Oxidases utilise O2 as terminal electron acceptor for the oxidation reaction yielding H2O2 

as sole byproduct. The latter can be disproportionated easily by using catalase (Scheme 

1B). Furthermore, O2 reduction adds sufficient thermodynamic driving force to the 

reaction to make it essentially irreversible.  

Despite these advantages, the AAOx catalysed reaction suffers from issues in solubility, as 

both the O2 (0.25 mM) and the trans-2-hexenol (130 mM) are sparingly soluble in the 

buffer, hindering large scale applications. Dissolved O2 is rapidly consumed in the course 

of an oxidation reaction and diffusion of O2 into the reaction medium can easily become 

overall rate limiting. The O2 diffusion rate into the reaction medium directly correlates 

with the interfacial area between aqueous medium and the gas phase. Large interfacial 

surface areas can be achieved via heterogeneous intake, by bubbling, stirring, etc. Soluble 

enzymes, however, are often rather unstable under these conditions, possibly owing to 

the mechanical stress leading to irreversible inactivation of the biocatalyst [15, 16]. The 

limited solubility of the substrate restricts the total possible production formation in a 

monophasic system. This can be overcome with the additions of cosolvents, like DMSO, 

which can influence both enzyme stability and further complicate downstream processing. 

For this chapter, we attempted to overcome both these challenges individually. 
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Though other methods of bubble-free aeration have been described in the literature [17-

21], we chose to perform the reactions in a continuous-flow microreactor to increase 

oxygen availability. Continuous-flow microreactor technology has emerged as a safe and 

scalable way to approach oxidation reactions (scheme 2) [22, 23]. Due to its small 

dimensions, hazardous reactions can be easily controlled, owing to the large surface-to-

volume ratio which can minimise hot-spot formation and allows for control over mixing 

and heating phenomena [24, 25]. Furthermore, a well-defined gas–liquid regime can be 

easily maintained [26, 27]. High mass-transfer coefficients are generally the consequence 

of small vortices induced by the segmented flow regime. This flow pattern guarantees an 

enhanced contact between the two phases and provides a uniform gas concentration in 

the liquid segment. For these reasons several biocatalytic processes have already been 

reported in flow reactors [28], mostly advocating easier process intensification in 

combination with enzyme immobilization [29-32]. Also the higher oxygen transfer rates in 

flow reactions compared to batch reactions have been emphasised by several groups. 

Here, reactor designs ranging from simple flow reactors, tube-in-tube reactors [33], 

agitated tube reactors [34, 35] and continuous agitated cell reactors [36] have been 

reported. 

 
Scheme 2. Schematic view of the reaction setup. The oxygen gas flow was controlled by a mass flow controller 
(MFC). The reaction mixture flow was controlled by a syringe pump. The sample was collected on ice or directly 
in ethyl acetate at the end of the reactor. 

 

To overcome substrate solubility limitations, we evaluated the so-called two-liquid-phase-

system approach (2LPS, Scheme 3). Here, a hydrophobic organic phase serves both, as 
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substrate reservoir and product sink enabling overall high reagent loadings and reduction 

of both substrate and product inhibition. Furthermore, the separation of the two phases 

further facilitates downstream process and biocatalyst recycling. The advantages of 2LPS 

has been demonstrated previously for various reactions [14, 37-49]. 

 

 
Scheme 3. Biocatalytic oxidation of trans-2-hexenol. To achieve overall high reagent loadings, a hydrophobic 
organic phase is added to the aqueous reaction buffer. PeAAOx: aryl alcohol oxidase from Pleurotus eryngii. In 

order to alleviate the potentially harmful effect of H2O2, catalase is added to the reaction. 

 
 

Results and Discussion  

For this study we focussed on the recombinant aryl alcohol oxidase from 

Pleurotus eryngii (PeAAOx) as the biocatalyst [36, 50-52]. Its availability as recombinant 

enzyme, enabling future at-scale production and protein engineering, and its promising 

activity on allylic alcohols make PeAAOx a promising starting point. Commercially available 
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alcohol oxidases from Pichia pastoris and Candida boidinii showed no significant activity 

for the substrate under the same conditions.  

As trans-2-hexenol had not been reported as substrate for PeAAOx, we first evaluated its 

operational window for PeAAOx in terms of optimal pH and temperature and kinetic 

behaviour (figure 1). Regarding the optimal pH, PeAAOx is active in a broad pH range, 

displaying the highest activity between pH 5 and 8 (figure 1A). Based on these results, pH 

7 was selected for further experiments due to its compatibility with the activity of catalase 

(required for the dismutation of H2O2). PeAAOx exhibits the maximum activity at 30 °C 

with a turnover frequency of 25 s
-1

. Above this temperature the activity dropped 

dramatically, with a 25 fold decrease at 40 °C (TF <1 s
-1

, figure 1B). The decrease of the 

activity at elevated temperatures is most likely attributed to thermal denaturation of the 

biocatalyst. We therefore conducted all further experiments at 20 °C as a compromise 

between high activity and stability. Initial rate measurements revealed a Michaelis–

Menten dependency of the enzyme activity (figure 1C). Apparent kcat and KM values of 

approximately 22 s
−1

 and 1 mM were estimated, respectively. These values are in the 

same order of magnitude as those for benzyl alcohol substrates reported previously [50]. 

The slightly decreasing enzyme activity at elevated substrate concentrations may be an 

indication for a slight substrate inhibition. Performing these initial rate measurements in 

the presence of varying product concentrations showed product inhibition (figure 1D). 
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A B 

  
C D 

  

Figure 1. Characterization of the Aryl Alcohol Oxidase from Pleurotus eryngii (PeAAOx) The activity was 

determined by coupling the H2O2 formed during the alcohol oxidation to an ABTS assay with horseradish 

peroxidase (HRP). A: Influence of the pH on the enzyme activity for different buffers, citrate (diamonds), 

phosphate (squares), tris (triangles) and capso (squares). B: Influence of the reaction temperature on the enzyme 

activity. Reactions were performed at 10, 20, 30 or 40 °C in potassium phosphate buffer (50 mM, pH 7.0) 

containing 0.05 μM PeAAOx, 720 U ml-1 catalase and 50 mM trans-2-hexenol. C: Kinetic behaviour of the PeAAOx 

at different substrate concentrations. D: Inhibitory effect of the product on the residual activity of the enzyme. 

General conditions (unless indicated otherwise): [trans-2-hexenol] = 3 mM, [ATBS] = 2mM, [PeAAOx] = 5 nM, 

[HRP] = 5 U ml-1 in a 50 mM KPi buffer (pH 7) at 30 °C. 

 

Next, we focussed on improving the oxygen transfer rate by performing the PeAAOx-

catalysed oxidation of trans-2-hexenol in a slug-flow reactor setup. In a first set of 

experiments we systematically varied the residence time of the reaction mixture in the 

flow reactor (and thereby the reaction time, figure 2). 
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Figure 2: The influence of the residence time on the conversion of trans-2-hexenol (white) to trans-2-hexenal 

(black) in a flow reactor (3 ml volume). Conditions: [trans-2-hexenol]0 = 10 mM, [PeAAOx] = 0.25 µM, [catalase] = 

600 U ml−1 in a 50 mM KPi buffer (pH 7.0) at 30 °C.  

 

Full conversion of the starting material into the desired trans-2-hexenal was observed at 

residence (reaction) times of approximately 40 min corresponding to a turnover number 

(TN) for the biocatalysts of 32 400 and an average turnover frequency (TF) of 13.5 s
−1

. 

Even more interestingly, at higher flow rates apparent TF of up to 38 s
−1

 (RT = 5 min) were 

observed. This value exceeds the previously determined kcat (PeAAOx) (Figure 1C) 

significantly. We attribute this observation to an increased oxygen-transfer rate at high 

flow rates. In the case of the 5 minutes residence time this corresponds to an O2-transfer 

rate of roughly 0.25 mM min
−1

. Similarly high values could be obtained previously only 

under mechanically demanding reaction conditions or using surfactant-stabilised 

emulsions [15]. Varying the ratio of gas to liquid had no significant effect on the overall 

rate of the reaction (table 1). 
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Table 1. Effect of variation of the gas-to-liquid ratio on the rate of the PeAAOx-catalysed aerobic oxidation of 
trans-hex-2-enol. Conditions: 3 ml flow reactor, 50 mM KPi buffer (pH 7, 30 oC), [trans-2-hexenol]0 = 10 mM, 
[PeAAOx] = 0.25 µM, [catalase] = 600 U ml-1.  

Ratio 
 (liquid : gas) 

 

Liquid flow 
[ml min

-1
] 

 

Gas flow 
[ml min

-1
] 

 

Residence time 
[min] 

 

[Product] 
[mM] 

 

 
1 : 1 

 
0.20 

 
0.20 

 
15 

 
5.48 (± 0.01) 

 
1 : 3 

 
0.10 

 
0.30 

 
15 

 
5.18 (± 0.32) 

 
1 : 5 

 
0.067 

 
0.333 

 
16 

 
4.99 (± 0.49) 

 

Within the experimental error, the conversion in all experiments was identical indicating 

that even at a comparably low volumetric ratio of 1:1 the O2 availability was already 

sufficient not to be overall rate-limiting. Under batch reaction conditions, similar 

progression curves were only attainable under mechanically very demanding conditions 

(i.e., very vigorous stirring and bubbling of O2 directly into the reaction mixture) (figure 3). 

These conditions also caused a significant evaporation of the substrate at higher substrate 

concentration which was much less the case in the flow-reaction setup.  

 

 
Figure 3. The conversion of trans-2-hexenol (grey) into trans-2-hexenal (black) by PeAAOx. The mass balance 

(white) decreases due to evaporation of compound at higher substrate loading and bubbling with oxygen. 

General conditions: [trans-2-hexenol] = 50 mM, [PeAAOx] = 0.5 µM, [catalase] = 720 U ml-1 in a 50 mM KPi buffer 

(pH 7.0) at 30 °C on a 5 ml scale. 
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From an economical point-of-view the catalyst performance in terms of turnover number 

(TN) is of utmost importance as it directly correlates with the cost-contribution of the 

catalyst to the production costs [53-55]. Therefore we evaluated the TN attainable for 

PeAAOx in the flow setup (Figure 4). For this lower PeAAOx concentrations as well as 

significantly increased residence times were applied. The increased residence times were 

achieved by decreasing the flow rates and using a longer flow reactor (6 mL volume 

instead of 3 mL). 

 

 
Figure 4: Increasing the PeAAOx turnover numbers (TN) in flow by increasing the residence time. Conditions: 6 ml 

flow reactor, [trans-2-hexenol]0 = 40 mM, [PeAAOx] = 0.02 µM, [catalase] = 600 U ml−1 in a 50 mM KPi buffer (pH 

7.0) at 30 °C. The TN value was calculated based on the GC yield of every run. The TN was obtained by dividing 

the product concentration (as determined chromatographically) by the biocatalyst concentration. 

 

Pleasingly, already in these first experiments a TN for the enzyme of more than 300 000 

was observed at long residence times. This also underlines the robustness of the enzyme 

under the flow conditions. Compared with Figure 2, somewhat lower TFs for PeAAOx were 

observed, which again can be attributed to a lower O2-transfer rate at lower flow rates. 

The quasi-linear relationship shown in figure 4 also suggests that even higher TN may be 

attainable – however at the expense of longer reaction times. Encouraged by these 

results, we also tried a semi-preparative scale reaction using 5 g l
−1

 (50 mM) substrate 

loading in a total of 50 mL with 0.75 μM PeAAOx. As a result, 90% conversion was 

achieved after 18 hours of total reaction time (roughly 80 minutes of residence time in the 

6 mL reactor). The product was purified by chromatography resulting in 200 mg of pure 
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trans-2-hexenal (determined by NMR) in 81% isolated yield, thereby demonstrating the 

preparative potential of the proposed reaction setup. To increase these numbers, 

significantly longer reactors and more powerful mass flow controllers will be needed. 

In order to improve substrate availability with the 2LPS, we first needed to determine the 

stability of PeAAOx in the presence of various organic solvents. Hydrophobic solvents such 

as isooctane or dodecane were tolerated well by the enzyme and initial rates up to 13 

turnovers per second were achieved (figure 5A). Using toluene gave no catalytic 

conversion at all. Possibly, π-stacking interactions of the aromatic ring with the flavin 

prosthetic group resulted in a strong competitive inhibition of PeAAOx [50]. Quite 

surprisingly, even ethyl acetate was tolerated by PeAAOx as organic phase even though 

reactions ceased rather quickly due to acidification of the aqueous layer caused by auto-

hydrolysis. We chose dodecane as organic phase. Figure 5B shows a representative time 

course of a reaction in the biphasic reaction system.  

 

A B 

  
Figure 5. PeAAOx in two liquid phase systems (2PLS). A: Influence of the organic solvent on the PeAAOx activity. 

The solvents were added to the liquid phase in a 1 to 1 phase ratio, dodecane (blue), isooctane (red), ethyl 

acetate (green), toluene (purple) or the substrate, trans-2-hexenol, itself (sky-blue). Conditions: [trans-2-

hexenol]0 = 1 M, [PeAAOx] = 0.2 µM, [catalase] = 720 U ml−1 in a 50 mM KPi buffer (pH 7.0) at 20 °C mixing at 

1000 rpm. B: PeAAOx-catalysed oxidation of trans-2-hexenol (white) to trans-2-hexenal (black) using a biphasic 

(2LPS) reaction system. Conditions: aqueous phase: 0.5 ml of 50 mM KPi (pH 7), [PeAAOx] = 0.75 µM, [Catalase] = 

720 U ml-1; organic phase: 0.5 ml of dodecane, [trans-2-hexenol] 0 = 500 mM. Reaction were performed at 20 °C 

mixing at 1000 rpm.  

 

Pleasingly, full conversion of the starting material into the desired product (49 g l
-1

 organic 

phase) was observed within 24 hours. The nominal catalytic performance of PeAAOx in the 
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biphasic system (TF of 14.3 s
-1

 within the first 5 hours) was significantly lower compared to 

the microfluidic system (TF of 38 s
-1

, Figure 2), which most likely is attributed to phase 

transfer limitations of the trans-2-hexenol and the oxygen [15]. Nevertheless, PeAAOx 

performed more than 650 000 catalytic turnovers corresponding to a catalyst loading of 

less than 0.0002 mol-% or almost 900 gram product per gram PeAAOx, respectively. The 

values for catalase are 0.00002 mol-% and 8166 gram product per gram enzyme, 

respectively. Another advantage of the 2LPS approach lies with the facile downstream 

processing as simple phase separation is sufficient to separate the dodecane-product 

mixture (in case of full conversion as shown in Figure 1) from the aqueous reaction buffer. 

Chromatographic and/or destillative separation of the solvent (dodecane, bp = 214 °C) 

from the product (trans-2-hexenal, bp = 145 °C) is straightforward. Encouraged by these 

results, we aimed at maximising the catalytic usage of the biocatalyst (maximising the 

turnover number). We decided to avoid any additional organic solvent and use trans-2-

hexenol itself as the organic phase (Figure 5A). In a first set of experiments, we realised 

that after approximately 48 hours the rate of the oxidation reaction decreased to some 

extent. Therefore, at intervals, fresh PeAAOx and catalase were added (in total 6 times 

throughout the entire experiment) to the aqueous layer summing up to 300 nM and 600 

nM of PeAAOx and catalase, respectively. This procedure allowed for at least 14 days of 

stable accumulation of more than 2.6 M of the desired product in the trans-2-hexen-1-ol 

layer. Overall, a superb turnover number of more than 2.2 Million was calculated for 

PeAAOx. Admittedly, 14 day of reaction time is not practical on the lab-scale or even 

industrial scale. The conversion of 31% of the starting material in case of the neat 

experiment (Figure 6A) is not satisfactory as it necessitates further chromatographic 

separation of the product from the starting material. Nevertheless, this experiment 

demonstrates the catalytic potential of PeAAOx for the synthesis of trans-2-hexenal and 

possibly further aldehyde products such as benzaldehydes [36]. According to the cost 

estimation by Tufvesson and Woodley [55] these turnover numbers correspond to a cost 

contribution of PeAAOx of less than 0.1 € mol
-1

 of product (Figure 6B, assuming large-scale 

fermentation of the enzyme).  
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Figure 6. A: Time course of a long-term oxidation experiment utilising the 2LPS approach. Conditions: aqueous 

phase: 2.5 ml of 50 mM KPi (pH 7), [PeAAOx] = 0.3 mM (final) and [catalase]= 0.6 mM (final) (added at intervals 

of 2 days), organic phase: 7.5 ml of [trans-2-hexenol] = 8.4 M (neat). Reaction were performed at 20 °C mixing at 

1000 rpm. B: Estimation of the cost contribution of PeAAOx to the final product. 

 

Conclusion 

Alcohol oxidase-catalysed oxidation of alcohols to aldehydes bears a significant 

potential for preparative biocatalysis. The reaction is independent from expensive and 

instable nicotinamide cofactors (and the corresponding co-substrates/co-products as well 

as possible regeneration enzymes) and produces only water as byproduct. However, to 

make these enzyme catalysed reactions truly interesting for industry, challenges in 

availability of both oxygen and substrate need to be overcome. Flow chemistry is a 

promising technique to provide the aqueous reaction mixture with O2 needed for the 

oxidation. It enables high O2 transfer rates while avoiding enzyme robustness issues 

frequently observed with ‘traditional’ aeration methods. The use of a two liquid phase 

system on the other hand will greatly improve the availability of the, only slightly water-

soluble, substrate. Since mass transfer rates between organic and aqueous phases are also 

promoted in micro flow reactors [23], a combination of these two approaches would even 

further improve the performance of the PeAAOx. This would also enable high O2 transfer 

rates while avoiding enzyme robustness issues frequently observed with ‘traditional’ 

aeration methods. In this case, longer tube reactors would be required, in turn resulting in 

higher pressures, as the reactor used in this research can only facilitate relatively short 

reaction times. Many other factors will play a role en route to economic feasibility of such 

a process but these numbers again underline the potential of this enzyme for preparative 

application. Overall, this contribution demonstrates that oxidase-catalysed alcohol 

oxidation reactions not only represent a selective approach for the production of 



Chapter 8 

200 
 

aldehydes under non-problematic reaction conditions but also represent an economic 

promising methodology. 

 

Material and methods 

General 

Turnover numbers (TN) and turnover frequencies (TF) reported in this manuscript 

were calculated based on Equation 1 and Equation 2. 

 

TN [−] =
c(product)

(c(𝑃𝑒AAOx)
  (1) 

TF [s−1] =
TN

reaction time
  (2) 

Chemicals 

2,2′-Azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) diammonium salt (ABTS), 

trans-2-hexenal, dodecane, isooctane, toluene, magnesium sulphate and ethyl acetate 

were purchased from Sigma Aldrich and were used without further purification. Trans-2-

hexenol was distilled before use. Columns or column material used during enzyme 

purification were purchased from GE healthcare. NMR spectra were recorded on a Varian 

400 (400 MHz) spectrometer, with CDCl3 as the solvent. Chemical shifts are given in ppm 

with respect to tetramethylsilane. Coupling constants are reported as J-values in Hz.  

 

Production of PeAAOx  

For the production, activation and purification of PeAAOx, a slightly modified 

literature protocol was used [36]. Pre-cultures of LB media containing 100 μg ml
−1

 of 

ampicillin were inoculated with E. coli W3110 containing pFLAG1-AAO and incubated 

overnight at 37 °C and 180 rpm. Overexpression was carried out in 5 l flasks with 1 l of TB 

medium supplemented with 100 μg ml
−1

 of ampicillin. The medium was inoculated with 

the pre-culture to an OD of 0.05 and grown at 37 °C and 180 rpm. At an OD600 of 0.8, 1 

mM isopropyl β-D-thiogalactopyranoside (IPTG) was added and the cultures were 

incubated for additional 4 h at 37 °C and 180 rpm. The bacterial pellets, obtained after 
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harvesting the cells, were re-suspended in a total volume of 40 ml 50 mM Tris/HCl buffer, 

pH 8.0, containing 10 mM EDTA and 5 mM dithiothreitol (DTT).  

 

Refolding  

The re-suspended cells were disrupted by incubation with 2 mg ml
−1

 lysozyme for 

1 h at 4 °C. Afterwards, 0.1 mg ml
−1

 DNase, 1 mM MgCl2 and 0.1 mM PMSF were added 

followed by sonication. The insoluble fraction was collected by centrifugation (30 min at 

15 000 rpm and 4 °C), re-suspended and washed three times with 20 ml 20 mM Tris/HCl 

buffer, pH 8.0, containing 10 mM EDTA and 5 mM DTT using a potter homogenizing 

device. The pellets obtained after centrifugation (15 min at 15 000 rpm and 4 °C) were 

solubilized in a total volume of 30 ml 20 mM Tris/HCl buffer, pH 8.0, containing 2 mM 

EDTA, 50 mM DTT and 8 M urea. After incubation on ice for 30 min, the solution was 

cleared by centrifugation (15 min at 15 000 rpm and 4 °C). The obtained supernatant was 

used as stock solution for the in vitro refolding. The PeAAOx was solubilized using 150 µg 

ml
−1

 protein in 20 mM Tris/HCl buffer, pH 9.0, containing 2.5 mM GSSG, 1 mM DTT, 0.02 

mM FAD, 34% glycerol and 0.6 M urea at 4 °C for 80 h. After the incubation for PeAAOx 

activation/ refolding, the refolding mixture was concentrated to 100 mL and the buffer 

exchanged against 10 mM sodium phosphate buffer, pH 5.5 by diafiltration (DV 20) and 

subsequently concentrated using an Amicon Ultra 15 ml centrifugal filter (MWCO 10 kDa). 

After centrifugation (overnight at 15,000 rpm and 4 °C), the soluble fraction was further 

purified using anionexchange chromatography.  

 

Purification  

The concentrated PeAAOx solution was purified using a 58 mL Q Sepharose 

column (GE Healthcare). PeAAOx was eluted with a linear NaCl gradient (0–0.6 M over 6 

CV) using 10 mM sodium phosphate buffer, pH 5.5. Fractions containing PeAAOx were 

pooled, concentrated and desalted using HiTrap desalting columns (GE Healthcare) and 10 

mM sodium phosphate buffer, pH 5.5. The PeAAOx concentration was calculated based on 

the absorbance using the molar extinction coefficient of ε463 11 050 M
−1

 cm
−1

.  
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Reaction optimisation 

The activity of PeAAOx was determined by UV–vis spectroscopy, using an Agilent 

Cary 60 UV–vis spectrophotometer, following the oxidation of ABTS (ε405 = 36 800 M
−1

 

cm
−1

 ) by horseradish peroxidase (HRP) at the expense of hydrogen peroxide. In general, 

0.044 µM PeAAOx was used to convert 3 mM of trans-2-hexenol. The hydrogen peroxide 

formed in this reaction was subsequently used to convert 2 mM of ABTS to ABTS·
+
 by an 

excess of POD (500 U ml
−1

).  

The activity of PeAAOx at different pH was measured via ABTS-assay in the presents of 5 U 

ml
-1

 horseradish peroxidase and 5 nM PeAAOx as described before following an incubation 

of 30 min at 20°C in the corresponding buffer. Citric acid buffer (50 mM, pH 4, 5 or 6), 

potassium phosphate buffer (50 mM, pH 6 or 7), Tris/HCl buffer (50 mM, pH 7 or 8) or 

CAPSO buffer (50 mM, pH 9 or 10) were tested. Additionally, product inhibition was 

investigated via the ABTS-assay as described before following an incubate of PeAAOx in 

the presence of different concentrations of trans-2-hexenal (0.5, 1, 5, 10, 50, 75 mM) for 

30 min at 20°C.  

To test the temperature dependence of the reaction, experiments were performed in 

phosphate buffer (50 mM, pH 7) at 10, 20, 30 or 40 °C using a thermoshaker device (1000 

rpm). Oxygen was supplied to the headspace of the reaction by an oxygen filled balloon. 

The reaction mixture (1 ml) contained 0.05 μM PeAAOx, 720 U ml
-1

 catalase and 50 mM 

trans-2-hexenol.  

 

Flow reactor experiments 

PFA microreactor coils (750 μm ID) with a volume of 3 and 6 mL were 

constructed. The reaction mixture was introduced via a syringe pump (Fusion 200, 

Chemyx), while the pure oxygen flow was controlled by a mass flow controller (ELFLOW, 

Bronkhorst), resulting in a segmented flow (figure 7). Residence times were taken as the 

time between the solution entering and exiting the coil and were varied by altering the 

flow, keeping the ratio of oxygen to liquid at three to one. Samples were collected on ice 

and, as soon as enough volume was collected, extracted with ethyl acetate and analysed 

by GC.  
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Figure 7: Pictures of the total reaction setup (left) and a close-up on the segmented flow.  

 

Biphasic reaction system 

All reactions were performed with phosphate buffer (50 mM, pH 7) at 20 °C using 

a thermoshaker device (1000 rpm). Oxygen was supplied to the headspace of the reaction 

by an oxygen filled balloon. The biphasic reaction systems (1 ml) were composed of an 

organic solvent layer and an aqueous layer in a 1:1 phase ratio. The organic layer solvent 

(dodecane, isooctane, ethyl acetate or toluene) was supplemented with 1 M trans-2-

hexenol. In addition, trans-2-hexenol was used as organic layer. The aqueous phase 

contained 0.2 μM PeAAOx and 720 U ml
-1

 catalase.  

 

Scale-up and long-term experiment in the biphasic reaction system  

In a scale-up experiment (10 ml), dodecane containing 500 mM trans-2-hexenol 

and potassium phosphate buffer (50 mM, pH 7.0) containing 0.75 μM PeAAOx and 720 U 

ml
-1

 catalase were used in a 1:1 phase ratio. Long-term experiments were performed in 

glass flasks under magnetic stirring 1 100 rpm). In a total volume of 10 ml, a phase ratio of 

1:4 using pure trans-2-hexenol as organic layer and phosphate buffer (50 mM, pH 7) 

containing 0.05 μM PeAAOx and 720 U ml
-1

 as aqueous layer was applied. Every two days, 

0.05 μM PeAAOx and 720 U ml
-1

 was added to the solution in the total amount of 0.30 μM 

of PeAAOx. 

 

GC analysis  

The collected reaction mixtures were extracted into an equal volume of ethyl 

acetate, dried with magnesium sulphate and analysed on a CP-wax 52 CB GC column (50 

m × 0.53 m × 2 µm) (GC method: 60 °C for 3 min; 30 °C min
-1

 to 105 °C; 105 °C for 7 min; 
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30 °C min
-1

 to 250 °C; 250 °C for 1 minute). 5 mM of dodecane was used as internal 

standard. 

 

Work-up semi-preparative scale flow set up 

qThe reaction mixture was directly collected in deuterated chloroform at the end of the 

flow reactor followed by recording the NMR spectrum in order to evaluate the conversion. 

The organic mixture was diluted and introduced into a separation funnel and washed with 

brine. The aqueous phase was washed once with DCM. The collected organic phase was 

dried over MgSO4, filtered and concentrated under reduced pressure. Purification of the 

isolated mixture was performed by flash chromatography on silica (pure DCM). The final 

product was obtained as colourless oil (200 mg). 

trans-Hex-2-enal  

 

 

TLC (DCM) Rf 0.9; 
1
H NMR (400 MHz, CDCl3) δ 9.44 (d, J = 7.7 Hz, 1H), 6.78 (dt, J = 15.6, 6.8 

Hz, 1H), 6.05 (ddq, J = 15.5, 7.8, 1.3 Hz, 1H), 2.33–2.18 (m, 2H), 1.48 (h, J = 7.4 Hz, 2H), 

0.90 (t, J = 7.4 Hz, 3H); 
13

C NMR (100 MHz, CDCl3) δ 194.3, 158.9, 133.3, 34.8, 21.3, 13.8. 
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Figure 8: 1HNMR of the isolated oxidized product.  
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Discussion 

As the recent Noble prize in chemistry shows [1], biocatalysis steadily increases 

its mark on how we perform chemical catalysis. The ability of enzymes to catalyse 

reactions with high selectivity, atom efficiency and under mild conditions makes them the 

perfect solution to our pressing issue of making our chemical industry “greener” [2]. 

Where we used to rely on cell extracts and, later, isolated proteins to perform these 

reactions, we now poses the computational tools to mine and engineer these catalysts for 

and increasing amount of examples [3]. Whether we have access to certain biocatalytic 

reactions thus becomes less of an issue. A challenge that remains is how to perform these 

reactions, especially if electron transfers are involved.  

In this thesis, we explored an array of different possibilities to apply oxidoreductases for 

catalysis. The main goal was to avoid the classical scheme of nicotinamide adenine 

dinucleotide cofactors (NAD(P)H) and the corresponding enzymatic regeneration systems. 

These innovative regeneration methods will possibly open up the way to application of 

these oxidoreductases at a large industrial scale. The methods presented can be divided 

into photochemical, biocatalytic and electrochemical regeneration systems, as shown in 

table 1.  

 

Table 1: Overview of the chapters in this thesis, organised by the method used.  

Photochemistry Biocatalysis Electrochemistry 

 
Chapter 3 
Chapter 4 
Chapter 7 

 

Chapter 5 
Chapter 8 

Chapter 6 

 

The first approach is that of photo-biocatalysis, the combined fields of photocatalysis and 

biocatalysis. As elaborated in chapter 2, the field of photo-biocatalysis is still in its infancy 

and far removed from application, but significant steps have been made in the past few 

years. To contribute to this field, a photo-regeneration system for reduced flavin adenine 

dinucleotide (FADH2) was designed in chapter 3 to drive the diffusible flavin dependent 

styrene monooxygenase (StyA). By direct photochemical regeneration of the reduced 

coenzyme we were able to eliminate the elaborate regeneration system normally needed 

for this class of enzymes [4, 5], thereby greatly simplifying its reaction scheme. The proof 

of concept for this highly simplified reaction scheme was developed and up to 3.10 mM of 
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a styrene oxide derivative was obtained. Though these product concentrations are much 

higher than shown in previous examples with halogenases [6] and Baeyer-Villiger 

monooxygenases [7, 8] in comparable systems (table 2), they are still two orders of 

magnitudes lower than in cases where StyA was used in whole cell systems [9, 10]. This 

system is therefore unlikely to become relevant for industrial applications [11].  

 

Table 2: Several examples of photo-regenerations of oxygen-dependent enzymes. The introduced heteroatom is 
shown in bold. In all cases, EDTA was used as the electron donor. The maximum achieved conversion and total 
turnover numbers for the biocatalyst are shown. PyrH: Tryptophan 5-halogenase. PAMO: Phenyl acetone 
monooxygenase: StyA: Styrene monooxygenase A.  

 

Enzyme Product 
Concentration 

[mM] 
TON Source 

PyrH 

 

 

0.29 8.3 [6] 

PAMO 

 

 

0.98 98 [8] 

StyA 

 

 

3.10 585 Chapter 3 

 

For the photo-regeneration of FADH2, two main limitations were identified, both 

stemming from the chemistry of flavins:  
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(1) The photo-instability of the FAD  

(2) The oxygen dilemma [12] 

 

The photodegradation of flavins by visible light is a phenomenon known for decades [13-

16]. Upon illumination, flavins degrade to a mixture of different lumiflavin derivatives 

which, though still photo-active, are not accepted by these monooxygenases. Possible 

solutions to the side-chain alteration of FAD would be to engineer a StyA able to accept 

these modified variants. Previous work has shown the feasibility of changing the chemistry 

of monooxygenases [17-19]. Alternatively, photo-bleaching could be minimized by 

keeping the flavin predominantly in the reduced state, as FADH2 is less prone to 

degradation (also shown in chapter 3). This could, for instance, be achieved by controlling 

the oxygen supply [20].  

The second challenge, as outlined in chapter 2, is the paradox of oxygen and is known to 

occur for most reductive oxygenase reactions [12, 21]; molecular oxygen is needed as a 

substrate in the reaction, but simultaneously is the main cause of electron loss in the 

system. As this paradox is paramount for oxygendependent oxidoreductase, concentrated 

our efforts on solving this challenge. We applied the following three tactics:  

 

(1) Block the oxygen dilemma 

(2) Exploit the oxygen dilemma 

(3) Turning around the oxygen dilemma 

 

Block the oxygen dilemma 

To block the oxygen dilemma, we intended to extend the work of the Reetz group 

using deazaflavins as the mediator [22]. This was elaborated in chapter 4. We found that 

deazaflavins could indeed function as catalytic photoactive mediators in anaerobic 

systems with ene-reductases and that the reduced species were indeed more stable 

against oxygen [23-28]. However, these analogues were not necessarily more resilient to 

oxygen-uncoupling upon illumination. This was attributed to the formation of radical 

species through disproportionation and subsequent reactions with oxygen, which results 

in the formation of hydrogen peroxide [28]. The deazaflavins are therefore not a viable 
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solution for the oxygen dilemma. A question that arises, is how the Reetz group was able 

to use this mediator for their CYP450 catalysed reactions. A theory could be the following:  

It should be noted that, next to the deazaflavin, a catalytic amount of NADP
+
 was added to 

their reactions, supposedly for stabilizing the enzyme structure. In the supporting 

information of the paper [22], the author states that the NADP
+
 was not reduced by the 

deazaflavin, which indeed only happens under anaerobic conditions [chapter 3]. However, 

under partially anaerobic conditions, possibly caused by the depletion of oxygen by the 

reaction with deazaflavin, some NADPH might have been formed, directly driving the 

CYP450 reaction. As regular flavins are not able to directly reduce NADPH, their negative 

controls did indeed give no conversion. 

Concluding, to block the oxygen dilemma, the pursuit for the ideal mediator is still 

ongoing. The mediator should be one that is photoexcitable and exclusively transfers 

hydrides, also upon excitation. One should wonder, though, if such a mediator even exists. 

In absence of light, deazaflavins are oxygen insensitive as their redox-chemistry is 

restricted to hydride transfers. However, this chemistry changes upon illumination, as the 

formation of radicals become possible. These traits are also observed for the related 

nicotinamide cofactors. This can be used to one’s advantage, for instance as done by the 

group of Hyster [29, 30]. In relation to solve the oxygen dilemma however, one should 

rather focus on other options. 

 

Exploit the oxygen dilemma 

The second approach to deal with the oxygen dilemma was to reverse the 

uncoupling of the electrons via hydrogen peroxide. In other words, we focussed enzymes 

that can accept H2O2 to form the active oxidizing species in the active site: peroxygenases 

[31-34].  

The use of H2O2 as a substrate is not straightforward, as addition of stoichiometric 

amounts of the peroxide to the solution can trigger several unwanted side-reactions like 

enzyme inactivation [31, 35]. To solve these challenges [36], we explored three different 

methodologies for the in situ generation of H2O2: a biocatalytic method in chapter 5, an 

electrochemical method in chapter 6 and a photochemical method using semiconductors 

in chapter 7. 
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Figure 2: Schematic overview of the three methods used for the in situ generation of H2O2. From left to right: the 

biocatalytic, the electrochemical and the photochemical method.  

 

The applicability of sulphite oxidase (SO) to produce H2O2 was investigated in chapter 5. 

SO uses a small electron donor (MW sulphite = 80 g mol
-1

) to generate the reductive 

equivalents for rAaeUPO catalysed reactions [37, 38]. As shown in table 3, the system still 

falls behind in turnover numbers and frequencies as compared to, for instance, FOx [39-

41]. This can be i.a. attributed to the varying pH profiles between SO and most 

peroxygenases. However, the use of the sulphite as a nucleophile in follow-up reactions 

did open up some interesting cascades [42]. In a similar fashion, future work could focus 

on oxidases able to oxidize other inorganic salts, like nitrite oxidoreductase. Finally, in 

contrast to FOx, SO is abundant in all kingdoms in life and a better performing variant 

should therefore be easily attainable.  

 

Table 3: Overview of several biocatalytic H2O2 generation methods reported in literature. TON: Total turnover 

number. GOx: Glucose oxidase. FDH: Formate dehydrogenase. YqjM: Ene-reductase for Bacillus subtilis. FOx: 

Formate oxidase. SO: Sulphite oxidase.  

Regeneration 
enzyme 

 

Co-substrate 
(MW [g mol

-1
]) 

 

Regeneration 
enzyme (TON) 

 

Peroxygenase 
(TON) 

 

Source 
 

 
GOx 

 
Glucose (180) 

 
1163 

 
43 100 

 
[31, 43-45] 

 
FDH / YqjM 

 
HCO2H (40) 

 
FDH: 39 000 
YqjM: 3 600 

 
390 000 

 
[46] 

 
FOx 

 
HCO2H (40) 

 
318 000 

 
31 800 

 
[47] 

 
SO 

 
SO3

2-
 (80) 

 
17 000 

 
34 000 

 
Chapter 5 
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Considering atom efficiency and sustainability, the ideal source of electrons would be the 

electrons themselves in the form of electricity [48-51]. Especially as electricity itself can be 

generated in environmentally benign manners. One major shortcoming in this scheme is 

the relative high overpotential needed to achieve significant O2 reduction rate at the 

cathode, which results in unnecessary power expenses. Inspired by a recent contribution 

by Cui’s group [52], we demonstrated that cathodes doped with oxidized carbon 

nanotubes are able to produce H2O2 at much lower overpotentials in chapter 6. Already in 

the proof of principle study, several hundreds of milligrams of product were obtained, 

thereby showing an opening to a practical application [53]. It should be noted that, 

instead of the rAaeUPO used in chapter 5 and chapter 7, a significantly more stable 

vanadium-containing chloroperoxidase (VCPO) was used in this study [54]. Nevertheless, 

as the conditions used for these experiments were not remarkably harsh, similar results 

can be expected when coupling this reaction to other peroxygenases. Though the 

electrochemical approach appears to be the best on paper, unique challenges can be 

foreseen when one attempts to scale up these reactions as the electrode surface will limit 

the reaction rates.  

Photochemical generation of H2O2 occurs via a photo-excitable compound able to take 

electrons from a sacrificial donor and to pass them on to oxygen [47, 55, 56]. Incidentally, 

this was the unwanted phenomenon in chapter 3 and chapter 4. For heterogeneous 

photo-catalysts, not many examples are reported besides titanium dioxide (TiO2) based 

systems, which is why we aimed at expanding this field [57-59]. In chapter 7, we found 

graphitic carbon nitride (g-C3N4) to be a very promising catalyst in a cascade with the 

unspecific peroxygenase from Agrocybe aegerita (rAaeUPO). Upon illumination with 

visible light, conversions in the same order of magnitude were obtained as compared to 

gold-doped titanium dioxide (Au-TiO2). An important advantage of the g-C3N4 over Au-TiO2 

is the absence of noble metals in this catalyst [60, 61]. A comparison of several 

photochemical H2O2 generation methods in combination with biocatalysts are shown in 

table 4.  
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Table 4: overview of literature on the photo-generation of H2O2 for biocatalytic purposes. FMN: Flavin 

mononucleotide. MB: Methylene blue. PS: Phenosaphranine. FDH: Formate dehydrogenase. Au-TiO2: Gold doped 

titanium dioxide. g-C3N4: graphitic carbon nitride. EDTA: Ethylenediaminetetraacetic acid. MES: 2-(N-

morpholino)ethanesulfonic acid. rAaeUPO: Unspecific peroxygenase from Agrocybe aegerita. AmVHPO: 

Vanadium-dependent haloperoxidase from Acaryochloris marina MBIC 11017. 

Photo- 
catalyst 

Electron 
donor 

Enzyme Max product 
concentration 

[mM] 
 

Enzyme 
TON 

Source 

 
Homogeneous 

 

 
FMN 

 

 
EDTA 

 
rAaeUPO 

 
7.2 

 
18 080 

 
[56] 

FMN / MB 
/ PS (+ 
FDH) 

 

Formate rAaeUPO 10 100 000 [47] 

FMN MES AmVHPO 6.9 4 300 [58] 
 
 

Heterogeneous 
 

 
Au-TiO2 

 

 
Formate 

 
rAaeUPO 

 
12.6 

 
84 000 

 
[59] 

Au-TiO2 

 
Water rAaeUPO 2.9 38 800 [57] 

Au-TiO2 

 
Water AmVHPO 5.5 3 400 [58] 

g-C3N4 Formate rAaeUPO 6.1 61 300 Chapter 7 

 

 

The process limiting this system appeared to be the stability of the biocatalyst, which we 

found to originate from the formation of radicals at the g-C3N4 surface. As shown before in 

chapter 3 and chapter 4, the challenge in combining photocatalysis and biocatalysis 

appeared to be the lack of chemoselectivity of the photocatalyst. In chapter 3 several 

uncoupling and degeneration reactions occurred at the FAD, in chapter 4 uncoupling and 

dimerization occurred for the mediator and with g-C3N4 in chapter 7, over-oxidation and 

enzyme oxidation were observed. Reaction separation was presented in chapter 7 as a 

solution to this challenge. By keeping the biocatalytic and photocatalytic reactions 
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physically separated, reactive oxygen species would be dismutated before they caused 

damage to the enzyme. We therefore believe that, next to reaction design, reactor design 

will play a vital role in the progression of photo-biocatalysis.  

For photo-biocatalytic reaction systems, one has the choice between two types of 

photocatalysts: either homogeneous mediators ([47], chapter 3) or heterogeneous 

semiconductors ([62], chapter 7). In general, homogeneous mediators can accept photons 

of longer wavelengths while still able to provide relatively high rates. On the downside, 

continuous photo-bleaching of the catalyst requires a constant replacement of these 

relatively complex compounds to the reaction. Contrarily, heterogeneous photocatalysts 

are generally cheap and easy to make and are easily separated from the reaction mixture. 

Moreover, semiconductor poisoning appears to occur at much lower rates than 

photodegradation is for mediators, though the reaction rates reported are also much 

lower (table 5). Also, high energy photons are needed to bridge the relatively high band 

gap of the semiconductors, which in turn are more likely to participate in side reactions. 

Finally, so far, the focus of heterogeneous catalysts has mainly been on generating H2O2, 

while photo-mediators have also been shown to reduce other coenzymes [63, 64]. 

Altogether, the photocatalyst of choice will depend on the product of interest. In general, 

the cost contribution of semiconductors will be lower and thus be more suitable for bulk 

products whereas mediators are more suitable for specialized products. 
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Table 5: Comparison of cost and performance of homogeneous and heterogeneous photocatalysts in biocatalytic 

processes. FAD: Flavin adenine dinucleotide. dRf: deazariboflavin. FMN: Flavin mononucleotide. g-C3N4: graphitic 

carbon nitride. TiO2: titanium dioxide. [a]: As found on Sigma Aldrich. [b]: Not commercially available. [c]: The 

light spectrum was only partially overlapping with the absorption spectrum, hence the low rate and long catalyst 

lifetime. [d]: Considering the synthesis methods in chapter 7. [e] from where absorption starts, depending on the 

morphology.  

Photo- 
Catalyst 

(product) 
 

Catalyst 
cost 

[€ g
-1

] 
 

Catalyst 
concentration 

[g L
-1

] 
 

λ max 
 

[nm] 
 

Reaction 
rate 

[mM min
-1

] 
 

Catalyst 
lifetime 

[h] 
 

Source 
 

 
Homogeneous 

 

       
FAD 

(FADH2) 
380 [a] 0.16 450 3.10 1.0 

Chapter 
3 

 
dRf 

(NADH) 
 

- [b] 0.026 400 0.62 [c] 10 [64] 

FMN 
(NAD

+
) 

2.50 [a] 0.001 450 8.0 3 [63] 

 
FMN 

(H2O2) 

 
2.50 [a] 

 
0.024 

 
450 

 
15.0 

 
30 

 
[65] 

 
 

Heterogeneous 
 

g-C3N4 

(H2O2) 
 

0.56 [d] 5.0 300 [e] 0.33 > 100 
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TiO2 

(H2O2) 
0.27 [a] 2.0 < 300 2.6 - [66] 

 

Turn around the oxygen dilemma 

The final method to deal with the oxygen dilemma was to turn around the oxygen 

dilemma. In other words, we focused on enzymes that actually use the elimination of H2O2 

from the C4a-peroxide flavin intermediate as their mechanisms: the oxidases [67, 68]. In 

this case H2O2 is actually a by-product of the reaction, which can be dismutated by 

catalase. From a mechanistic point of view, these enzymes are significantly more 

applicable than their dehydrogenase counterparts. In chapter 8, we showed the industrial 
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potential of such a system as we produced over a molar of an industrially relevant product 

using aryl alcohol oxidases (AAOx).  

In these reactions, not the enzyme but the reactor properties became the limiting factor 

of the reaction. This limitation shows itself in phase transfer limitations, which we 

managed to tackle via reactor design. The limitation of oxygen availability [69] was 

countered by performing the reaction in a segmented flow reactor. The availability of the 

substrate was improved by performing the reaction in a two liquid phase system. This 

way, we were able to increase the total turnover number of the enzyme to 2.2 million, 

paving the way for a role in larger segments than the fine chemical industry [53]. A 

combination of these two methods can be envisioned to even further improve the system. 

This would imply a three-phase system (gas – aqueous – organic) in a flow setup, as the 

Taylor flow should also maximize mixing between the aqueous and organic phase [70]. To 

further improve the relevance of oxidases for industry, new variants are needed to 

enlarge the substrate scope. Also, the enzyme production procedure needs to be 

simplified [71], since the refolding from inclusion bodies as done in chapter 8, will make 

the catalyst too expensive for application [53]. At the moment, both groups of Urlacher 

and Alcalde focus on the production of these catalysts in yeast, to circumvent the 

formation of inclusion bodies [71]. 

 

Conclusion 

As stated before, the different oxidoreductase regeneration techniques shown in 

this thesis can generally be divided in one of three categories: biocatalytic, 

electrochemical and photochemical. Of these three methods, the biocatalytic 

regeneration of the active site is the most abundantly applied technique, both in academia 

as in industry. The dominance of this method, as compared to the other two, can be 

explained in several ways. The first one is simply the preference of those working with 

enzymes as catalysts; scientists in the field of biocatalysis will look for biocatalytic 

solutions to their challenges. Furthermore, as most enzymes generally require similar 

mesotrophic reaction conditions, combining them in cascades will require less reaction 

and reactor engineering, reducing the gap to application. For these reasons, the highest 

amounts of product and enzyme turnovers are reported for these systems (table 3 vs. 

table 4). On the other hand, from a scientific point of view, this field is quite saturated. For 

both the regeneration of NADH as generation of H2O2, the “ideal” cosubstrate, formate, 

with the coproduct CO2 leaving the reaction, is made available by formate dehydrogenase 

(FDH) and formate oxidase (FOx) respectively. New contributions, as in chapter 5, can still 

be developed, but the basic principles will stay the same.  
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Electrochemistry for oxidoreductase regeneration can be considered as less established, 

though chapter 6 shows great promise for the combination of these fields, especially in 

combination with peroxygenases. In literature, the focus mainly lies on electrode and 

reactor design. Electrode design is needed to make the reaction more selective and to 

decrease required overpotentials. On the other hand, reactor design is of vital importance 

in electrochemistry, as the electrode surface area becomes decisive when scaling up [20, 

72]. To retain a relative high surface area is important to increase productivity and 

decrease hot-spot formation. Segmented flow reactors, as used in chapter 8, might be 

able to play an important role in this process, as it will tackle both challenges of electrode 

surface area and oxygen supply, if required [73]. If these challenges are met, 

electrochemistry will most probably turn out to be the most promising method in the 

work with oxidoreductases, mostly because no sacrificial electron donors are needed.  

As elaborated in chapter 2, photochemistry is still the least developed of the three 

methods. Consequently, some significant challenges emerge when designing these 

reactions, even on small scales. These challenges mainly originate from the lack of chemo-

selectivity of light as a reactant. Though ideally solely the photo-catalyst should be 

excited, photons can also interact with the substrate, product, biocatalyst and other 

mediators in the reactions, initiating side reactions. This effect becomes more prominent 

as photons of higher energy are required or if a substrate contains aromatic groups. 

Furthermore, even if the mediator is excited selectively, chemo-selectivity can remain 

poor as these catalyst can perform side reactions, both intra- (chapter 3) as extra- 

(chapter 7) molecular.  

In an attempt to scale up these reactions, challenges will emerge related to light 

penetration. With the increase of the reactor volume scaling up the photo reactor 

dimensions is required while increase in the reaction rate requires an increase in 

photocatalyst concentration [66]. Both challenges could be solved by increasing the 

reactor surface area. As with electrochemistry, flow reactors could play an important role 

in this process, even if heterogeneous catalysts are used [70, 74]. Furthermore, photo-

catalysts with better chemo-selectivity and increased photo-stability are needed. Though 

significant effort is made to design new catalysts, the collection of remaining issues will 

always make photo-biocatalysis lack behind the other alternatives.  

 

At the moment, biocatalysis in industry is dominated by hydrolases and isomerases. The 

growing possibilities to further optimize these catalysts via protein engineering will 

hopefully ensure that, in the near future, enzymes will play a major role in our chemical 

industry [3]. Redox reactions catalysed by oxidoreductases are still a source of untapped 
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potential for this purpose [11, 75]. One reason for the slow adaptation of this class of 

enzymes are the relatively complicated reaction sequences needed for electron transfer. 

However, this is also what makes this field so exciting from an academic point of view; 

there are no singular solutions to all these challenges. In this thesis, we have shown 

several approaches to simplify reaction schemes to make the existing systems more 

applicable. Furthermore, we have shown that we can still look out for new biocatalysts for 

new reactions, even if the enzymes themselves are already known for decades. Finally, we 

showed reaching turnover numbers in the millions is possible for biocatalysts if one steps 

away from the conventional aqueous batch reactions. All together, we hope to have 

offered several tools to smoothen the way of these very promising catalysts to an 

application for our chemical industry and thus our daily lives.  
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